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containing enzyme comes from the pathogen Magnaporthe oryzae and termed MoLOX. MoLOX 

is secreted at the onset of pathogenesis when the rice blast fungus infects a rice plant that accounts 

for the loss of 1/3 of the world’s rice crops. MoLOX has many different features when compared 

to the rest of the LOX family, including the presence of eight N-linked glycans at the surface of 

the enzyme, which is the focus of this Thesis. We used multiple methods to remove the glycans 

from the surface including treatment with PNGase F and Endo H as well as asparagine to glutamine 

site directed mutagenesis. Steady state kinetics was employed to determine the impact of glycan 

removal on first- and second-order kinetic parameters for protio substrates as well as using a 

deuterated substrate to help determine the impact on the kinetic isotope effects, useful probes in 

the case of LOX C-H activation. In addition, hydrogen-deuterium exchange mass spectrometry 

(HDX-MS) was used to determine the effect of glycan removal on regional protein flexibility. 

From these studies, we have identified regions of the protein that account for altered catalytic 

proficiency and substrate selectivity that depends upon the deglycosylation method deployed. 
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I. Introduction to Manganese Lipoxygenase 

 

Manganese Lipoxygenase: Emergence of an ‘unusual’ lipoxygenase 

Fungal lipoxygenases (LOXs) were first discovered in the late 1990’s/early 2000’s and are 

considered to be ‘unusual’ compared to the typical iron lipoxygenases for three reasons.  First, 

they generate products that are quite different than the ones from the mammalian and plant LOXs: 

a unique bis-allylic hydroperoxide (11-HPODE) opposed to the conjugated hydroperoxides (9,13-

HPODE) that are produced by the mammalian and plant LOXs (Figure 1.1).1 Second, the fungal 

LOXs also contain a different metal, manganese, as their reactive cofactor.2 Other than fungal 

enzymes, all lipoxygenases use iron as the catalytic cofactor. It has been shown that the substitution 

of a Fe center for Mn, in either animal or plant LOXs, renders the enzyme inactive.3 The physical 

basis would likely entail the unique positioning of second shell ligands to the metal center.4 Third, 

and the focus of this thesis is the presence of N-linked glycans that decorate the outside of the 

protein.2 

               

Figure 1.1: Reaction of MoLOX with linoleic acid (LA) proceeds through an initial and rate-

limiting C-H activation step 
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As a model enzyme, we chose the lipoxygenase produced by the rice blast fungus 

Magnaporthe oryzae (also known as Magnaporthe grisea). M. oryzae is currently considered the 

most destructive plant pathogen and is responsible for the loss of 10-30% of the world's total rice 

harvest.5 This has caused it to be considered one of the top ten most deadly and important fungal 

pathogens in molecular biology. Its lipoxygenase, which is termed MoLOX, is secreted from the 

fungus at the onset of pathogenesis. The latter was demonstrated by a research group at the 

Department of Pharmaceutical Biosciences at Uppsala University reporting that the mRNA 

expression levels of MoLOX are correlated with the formation of the appressorium, which is the 

infectious part of the fungus (Figure 1.2).2 Negligible mRNA levels of MoLOX were produced 

during the vegetative (non-infectious) stage (i.e. mycelium). From these results, MoLOX has been 

implicated in pathogenesis and considered a potential molecular target for inhibition of rice blast 

disease. However, the role of its unique bis-allylic products on plant pathogenesis and the rice 

plant is currently unknown and don’t appear to have a role in cell signaling like their LOX 

counterparts. 

                                                

Figure 1.2: Levels of transcripts of Mo-MnLOX and 10R-DOX-EAS (10R-dioxygenase-epoxy 

alcohol synthase) in mycelium (vegetative part of the fungus) and during formation of 

appressorium. (Reproduced from reference 2) 



3 

 

Structural Aspects of MoLOX 

The role of MoLOX in pathogenesis could be addressed through the development of 

MoLOX selective inhibitors. As an important first step towards MoLOX inhibitor design, the 

crystal structure of MoLOX has been solved to 2.0Å resolution.5 However, to promote 

crystallization the glycans were processed with the enzyme, endoglycosidase H (EndoH), which 

cleaves the native, complex glycan structures leaving a single N-acetylglucosamine (GlcNAc) 

remaining on the asparagine (Asn) – (Figure 1.3). Despite the wealth of information afforded by 

the crystal structure, it is not well understood how changing the glycan pattern may alter the global 

and/or active site structure. This information is anticipated to serve as a foundation for structure-

based guidance in the design and development of MoLOX specific inhibitors. 

             

Figure 1.3: X-ray model (2.0 Å; PDB: 5FNO) determined for endoglycosidase H treated MoLOX. 

The catalytic cofactor, Mn2+-OH2 (reduced state), are the colored purple and red spheres, 

respectively. Asn residues that are predicted to be glycosylated are shown as green spheres. There 

are two additional Asn residues (N18 and N28) predicted to be glycosylated, but their electron 

density was not resolved.  
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Metal Coordination Sphere and Adjustment of Redox Potential 

The catalytic metal of MoLOX is Mn2+ and has been shown to coordinate with His-294, 

His-289, His-469, Asn-473, Val-605, and a H2O molecule. This is similar to 8R-LOX but doesn’t 

superimpose as well as 8R-LOX, sLOX-1, and 15S-LOX. 

                                

Figure 1.4: The catalytic manganese (orange sphere) of Mn-MoLOX (purple) is coordinated in a 

distorted octahedron. The active site of 8R-LOX (PDB 4QWT, pink) is overlaid on top with a r.m.s 

deviation of 0.57Å. The largest difference between the two is seen in the Asn residues and the C-

terminal Val/Ile residues. In panel B three different FeLOX [8R-LOX (PDB 4QWT, red), sLOX-

1 (PDB 1YGE, green), and 15S-LOX of P.aeruginoas (PDB 4G32, yellow)] are overlaid around 

the iron catalytic center (grey sphere) with an r.m.s deviation between 0.23 and 

0.29Å.(Reproduced from reference 5) 

 

  Interest has been placed on the weak axial ligand Asn-473, which crystal structures have 

shown to be positioned on a short loop in MoLOX while the orthologous asparagine side chain is 

located in an a-helix in iron LOXs (Figure 1.4). The placement of this Asn on a loop instead of a 

helix may be due to the presence of Pro-447 which is conserved in all MoLOX but not present in 

iron LOXs. Since proline is a known helix breaker this could be the reason that Asn-473 on the 

loop is able to get near the catalytic metal. The flexibility that is provided by the short loop may 
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lead to a Jahn-Teller distortion of the octahedron coordination of Mn2+ during oxidation from Mn2+ 

to Mn3+.5 Strategic site-directed mutagenesis investigations are needed to validate this hypothesis.  

 

                    

Figure 1.5: (A) shows the electron density map of a loop in an a-helix near the active site. (B) 

shows a ribbon model of the same loop and how it sits between two parts of the same -helix. The 

helix is shown broken in Mn-MoLOX (purple) but complete in (grey). (Reproduced from reference 

5) 

 

The overall flexibility and movement of the coordination sphere as well as the hydrogen 

bond to the catalytic center is what likely accounts for the redox potential adjustment. Fe3+/Fe2+ 

has a standard reduction potential of ~0.75V while Mn3+/Mn2+ has a standard reduction potential 

of ~1.5V. Both catalytic centers are both expected to be 0.6-0.7V in the enzyme as they catalyze 

the same reaction.6 For iron LOXs this is just a minor adjustment, but it is an impressive ~1.0V 

difference for MoLOX which shows how crucial the flexibility and hydrogen bonding might need 

to be to harness the proper reduction potentials for catalysis.  
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Active Site and the Oxygenation Mechanism 

The crystal structure of MoLOX revealed a U-shaped substrate channel similar to that of 

8R-LOX and iron LOXs and has been shown to be solvent exposed with spacious ‘pockets’ that 

are close to the presumed position of the assumed pentadiene radical for hydrogen abstraction and 

oxygenation.5 It is not clear if the substrate binds and then oxygen or vice versa. The depth of the 

channel is most likely controlled by Phe-342 at the Sloane determinant, while Phe-332 and Phe-

526 may directly influence the stereospecific oxygenation of the substrate (Figure 1.6)                                             

                                           

Figure 1.6: Cartoon representation of the active site of Mn-MoLOX showing the surrounding 

residues and possible O2 insertion to the substrate. Phe-342 likely controls the depth of the 

substrate channel while F332/F526 may influence the stereospecificity of oxygenation. 

(Reproduced from reference 5) 
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Figure 1.7: A cartoon representation of the crystal structure of Mn-MoLOX (purple) and 8R-LOX 

(pink). (A) shows the entrance of the substrate channel at the surface of the enzyme showing that 

the channel is solvent exposed. (B) shows the active sites of the two enzymes overlain and shows 

the two arginine (Arg-182 and Arg-525) which may tether the substrate into the channel itself. 

(Reproduced from reference 5) 

 

Phe-332 may tether the substrate in the channel along with Arg-525, as well as shield the 

opposite side of the substrate from oxygenation. Arg-525 is suggested to help tether the substrate 

into the substrate channel and is similar to Arg-182 in 8R-LOX (Figure 1.7B) 

pH Dependence of MoLOX Reaction 

From previous kinetic analysis from our lab7, the kcat for MoLOX with natural substrate, 

linoleic acid (H-LA), was found to be 2.5±0.2 s-1, which is consistent with the previously reported 

value of 2.7±0.3 s-1.2 Additionally, it was shown that the kcat was constant over a pH value range 

of 7-9 which indicated that the reaction is pH independent. When compared to H-LA, the 

deuterated substrate (D-LA) was nearly 2 orders of magnitude smaller but was still able to maintain 

its pH independence (Figure 8A). The combination of these measurements allowed an overall first-

order kinetic isotope effect, Dkcat, of 60-80 to arise (Figure 1.8A). This value is twice of the 

reported value of 40 at pH 9 for the monodeuterated 11S-D-LA2 and much larger than the reported 
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value of 20 for the take all fungus G.graminis8,  though comparable to that of the model plant 

enzyme, SLO (Dkcat = 60-80). Extending the analysis to the second-order rate constant (kcat/KM) 

shows a modest effect on H-LA and a lack of pH dependence on D-LA (Figure 1.8B). At pH 7, 

the second-order kinetic isotope effect, Dkcat/KM, is approximately half of that at the pH range of 

8-9 and at elevated pH values the Dkcat/KM is seen to match or slightly exceed Dkcat. This data 

supported the idea that there was no pKa for a protein residue(s) that might affect substrate binding. 

This apparent lack of pH dependence for kcat, kcat/KM, and the large value for Dkcat/KM along with 

the reduced turnover number for MoLOX led to the conclusion that the initial (and irreversible) C-

H activation step is the dominant rate limiting step of catalysis and there is little contribution from 

the substrate on and off microscopic rates.  

                                             

Figure 1.8: Plot of the pH dependence of (A) kcat and (B) kcat/KM for native MoLOX. Data for H-

LA are shown as black circles, and the data for D-LA are shown as grey circles. The pH 8.5 

experiment was reproduced with both 0.1 M Tris-HCl and 0.1 M borate to demonstrate the lack 

of dependence on the nature of the buffer. (Reproduced from reference 7) 
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Temperature Dependence of MoLOX Kinetics 

 The temperature dependence of kcat was also found to be 9.7±0.5 kcal/mol over this 

temperature (10-30 °C) range. This value is similar to GgLOX at Ea ~ 10-11 kcal/mol9, but much 

higher than the reported value for SLO which is around 2 kcal/mol (Figure 1.9A, black trace). 

The kcat was shown to have considerable temperature dependence while the Dkcat is nearly 

temperature independent [ΔEa = Ea(D) -Ea(H) = -1.1±0.5 kcal/mol for MoLOX and ΔEa = 1.2 ±.2 

kcal/mol for SLO] (Figure 1.9B). Even though the ΔEa for the native MoLOX is slightly negative 

the results in Figure 9 strongly support a nonclassical, full tunneling mechanism for the reaction 

with LA.7 In addition to the large Dkcat, the effect on the second-order rate constant, Dkcat/KM, is 

large (≥ 30) and temperature independent which supported the conclusion that the rate of reaction 

for MoLOX with LA is completely dominated by the C-H cleavage step.  
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Figure 1.9: Plot of the temperature dependence of (A) kcat and (B) kinetic isotope effects (KIEs) 

for native MoLOX (black circles) and SLO (grey triangles). In panel B the temperature dependence 

of Dkcat (filled symbols) and Dkcat/KM (empty symbols) is presented. These rate constants were 

measured in 0.1 M borate (pH 9.0). (Reproduced from reference 7) 

 

Significance of a Temperature-Independent Dkcat/KM for MoLOX 

 There remains a limited structural basis for the substrate binding and acquisition for these 

manganese lipoxygenases from pathogenic fungi which restricts design strategies for structure-

based inhibitors. However, both GgLOX and MoLOX do share the lack of the C2-like N-terminal 

PLAT domain that it conserved in higher eukaryotes.10 The PLAT domains have been implicated 

in Ca2+-mediated membrane association and allosteric regulation of substrate acquisition.11,12 For 

example, oleic acid and oleyl sulfate have been shown to associate at the N-terminal PLAT domain 

and eliminate the partial rate-determining step of substrate binding at low temperatures observed 
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for plant and human lipoxygenases.13–15 Dkcat/KM serves as a kinetic reporter for effector regulation 

of catalysis, and Dkcat/KM values for SLO and human 15-LOX are significantly lower than Dkcat at 

temperatures lower than 20 °C, but with the addition of effector, the Dkcat/KM values increase to 

match the enormous value of Dkcat. Conversely, the temperature analysis for MoLOX kinetics 

shows that Dkcat/KM is nearly equivalent to Dkcat at all temperatures including 10 °C. These kinetic 

results along with the evolutionary absence of the PLAT domain, further implicated a role for the 

PLAT domain in effector (or substrate)-induced regulation of substrate binding in LOXs from 

higher eukaryotes. Importantly, these data support that MoLOX is not allosterically controlled. 

 

Effect of N-linked Glycosylation on Enzyme Kinetics 

 In our lab’s initial kinetic reporting of MoLOX, the enzyme was treated with a 

deglycosylating enzyme, PNGase F that cleaves the full glycan structure from the N-linked 

asparagine residue and converts it to aspartic acid. The resulting temperature dependence (for H-

LA) of this PNG-treated MoLOX [Ea(H) = 10 kcal/mol] is nearly identical to MoLOX. While the 

Ea for hydrogen transfer remained the same, there was a significant difference between the 

temperature dependence of the kinetic isotope effect, ΔEa, which supported the conclusion that 

there is an increase in Ea for deuterium transfer, Ea(D). The difference between native and PNG-

treated MoLOX ΔEa values [ΔΔEa = ΔEa(deglycosylated) –ΔEa(native)] is ~1.7±0.8 kcal/mol 

which supports a disproportionate increase to Ea(D) with respect to Ea(H) when treated with 

PNGase F (Figure 1.10). This result is significant because the magnitude of ΔEa for enzymatic C-

H activation has emerged as a valuable kinetic reporter on the degree of optimization in the 

tunneling ready state (TRS) and is a marker for the efficiency of enzyme catalyzed C-H activation. 

So, the data showed that there is evidence for an impaired positioning of the substrate in the active 
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site when MoLOX is treated with PNGaseF which leads to a decreased in effectiveness in the wave 

overlap in the TRS.  

                                            

Figure 1.10: Arrhenius plots for reactions of MoLOX with linoleic acid in 0.1 M borate (pH 9.0). 

The data are for (black) native MoLOX with H-LA, (grey) PNG1P-treated MoLOX with H-LA, 

(red) native MoLOX with D-LA, and (pink) PNG1P-treated MoLOX with D-LA. (Reproduced from 

reference 7) 

 

Impact of N-linked Glycosylations on C-H Activation 

 N-linked glycosylations have the potential to strongly influence the structure, stability, and 

folding of proteins.16 The innate nature of the rate limiting C-H activation step of MoLOX catalysis 

provides a unique opportunity to resolve the effects of protein modifications on the entire shape of 

the catalytic barrier.17,18 Having established that Dkcat is large and independent of both pH and 

temperature for native MoLOX, the surface glycans on the catalytic efficiency of C-H activation. 

Typically, EndoH is used to perform the deglycosylation but in this case PNGaseF was used. 

PNGaseF was expected to lead to a greater charge in water disordering at the surface. The first 

layers of the hydration shell at the protein surface are expected to play a significant role in 
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functionally relevant protein motions by so called “solvent slaving”.19 Surprisingly, the enthalpy 

barriers for hydrogen transfer from the H-LA substrate for the native and the deglycosylated 

samples were identical [ ~ 10 kcal/mol]. Typically, site-directed mutations at critical residues for 

C-H activation are often characterized by altered activation energies with increased ΔEa values. 

However, there is a functionally altering mutant of SLO, I553A, that exhibits an activation energy 

that is comparable to the wild-type enzyme.20  

Despite having similar Ea values, the I553A causes a significant impairment of substrate 

positioning in the ground state, as measured by electron-nuclear double resonance (ENDOR) 

spectroscopy.21 The impaired positioning is then propagated to the TRS as determined by an 

increased ΔEa.
20,22 One of the most important things to emerge from the kinetic study of PNG1P 

was the increase in enthalpic barrier for deuterium transfer Ea(D) which in turn shows an elevated 

ΔEa. From a non-adiabatic theoretical model for the rate expression of C-H activation17,20,22–27 a 

disproportionate increase in Ea(D) as related to Ea(H) are attributed to the impairment of the TRS, 

resulting in an increase in the distance between the donor and acceptor which leads to a decreased 

probability for hydrogenic wave function overlap. Since the wave function of deuterium is less 

diffuse, any type of elongation in the equilibrium donor-acceptor distance requires enhanced 

thermal sampling of the donor and acceptor to broaden the deuterium potential, leading to a 

recovery of the probability for wave function overlap. This increase in thermal motions leads to a 

larger Ea(D) in relation to Ea(H) which in turn leads to an increase in ΔEa. The link between 

manipulations at the surface (the closest Asn residue is ≥16Å away from the active site residues) 

and the buried active site is a result of the thermal motions that are expected to be the origins of 

the empirical Ea barrier for enzyme C-H activation reactions.18 
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 SDS-PAGE shows that the glycans add at least 60% to the theoretical mass of MoLOX to 

the surface of the protein. MnLOX from both native fungal sources and recombinant expressions 

P. pastoris2,28 exhibit heterogeneous gel migration patterns consistent with masses of 110-140 

kDa, even though their theoretical masses based on the primary sequence are in the range of 67-

75 kDa. So, the idea is favored that the increase in ΔEa from PNGaseF treated MoLOX comes 

from the loss of the surface glycans. 

 There are eight NxS/T motifs, seven are predicted sites for N-linked glycosylation, based 

on prediction software which searches for NxS/T primary sequence motif, where (x) can only be 

certain amino acid residues and has an impact on the actual formation of glycans at those 

postitions.7 Importantly, our group has shown that processing these glycans with a novel PNGaseF 

enzyme, PNG1P, causes an impact to the kinetic parameters that implicate a perturbation of the 

active site structure when glycans are removed.8 In general, PNGases transform the Asn→Asp 

(see Figure 1.11). Because our lab observed a change in kinetic parameters upon PNG1P 

treatment, the question emerges: are the kinetic parameters sensitive to removal of the glycans 

and/or change in charge distribution at the surface caused by N→Q? In addition to this question, 

our PNG1P treatment of MoLOX is different from that of the Endo H treatment used to determine 

the X-ray structure. The focus of this thesis is to fill in the gaps in knowledge and provide a 

structural fingerprint of the effects of altered glycosylation manipulation on the local and global 

protein structure. 
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Figure 1.11: Structure of MoLOX with the putative N-linked glycosylation sites shown as spheres 

(A). The potentials for the glycosylation sites are shown in parentheses. The catalytic cofactor, 

Mn2+-OH2, are represented as purple and red spheres, respectively. (B) Diagram illustrating the 

methods for N-linked glycan processing (blue arrows). The green sticks represent N-GlcNac 

residues and the full glycan structures have been removed for clarity. For ‘GLN’ MoLOX variant, 

all eight asparagine sidechains as predicted N-linked glycosylation sites were mutated to 

glutamine. 
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II. Biophysical Characterization of the Impact of N-linked Glycosylation on Protein 

Structure and Proficiency of Enzymatic C-H Activation: Case Study of MoLOX 

 

Introduction  

 The large size and native flexibility of proteins is typically recognized as being critical for 

the formation of the enzyme-substrate complex and creation of protein allostery. This suggests a 

connection between the protein motions and the bond making-bond cleavage step of catalysis.1 In 

the case of electron transfer reactions, the electron tunneling rate (Marcus) theory supports that the 

motions of heavy atoms play a critical role in facilitating wave function overlap for efficient 

transfer.2 Similarly, hydrogen tunneling that describes the hydrogen transfer from enzymatic C-H 

activation focuses mainly on the internuclear distances between donor and acceptor and the role 

of the heavy atom motions, either from the substrate itself or in the protein as a whole, to provide 

transient active site compaction.3,4 Lipoxygenases (LOXs) have emerged as a model system for 

enzymatic C-H activation that displays some of the largest primary deuterium kinetic isotope 

effects (KIE = k(H)/k(D); where H = protium and D = deuterium) around 100 at room temperature 

for both an enzymatic or solution C-H bond abstraction reaction.5,6 After LOXs were determined 

to be a ‘unique’ model system for C-H activation reactions there arose a number of other enzymes 

with extremely large KIEs as well as an unusual fungal LOX that uses Mn(III)-OH as the active 

site oxidant.7,8  

 The temperature dependence of the kinetic isotope effect, ΔEa (ΔEa = Ea(D) – Ea(H)), has 

emerged as the most general and useful probe among these enzyme catalyzed C-H reactions.9,10 

The Ea value can be used as a link between the surface of the protein and its efficiency. Ea 

values of 0 are indicative of finely tuned tunneling in highly evolved enzymes while values that 
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increase from this are related to an impairment and often accompany change in the active site size 

or shape by site-directed mutagenesis. 

 A unique lipoxygenase from the rice blast fungus Magnaporthe oryzae (MoLOX) has 

potentially emerged as a new model system for the relation between C-H activation and protein 

structure. It is considered a unique LOX for three main reasons: 1) it produces a unique bis-allylic 

hydroperoxide, 2) it has a manganese as its catalytic center instead of iron, and 3) it is decorated 

with multiple N-linked glycosylation on the protein surface. The bis-allylic product is unique and 

challenging to study due to the fact that there is no spectroscopic signature and must be tracked 

kinetically via consumption of the second substrate, molecular oxygen. The paramagnetic high 

spin (S=5/2) Mn2+ cofactor is useful in many biophysical techniques including electron 

paramagnetic resonance (EPR) and electron nuclear double resonance (ENDOR) spectroscopies. 

It is important to note that replacement of the Fe2+ center in the animal and plant LOXs with Mn2+ 

renders the enzyme inactive.11 The replacement of manganese for iron in fungal LOXs has not 

been reported. 

 N-linked glycosylation modifications play an important role throughout nature; these post-

translational modifications can influence the stability and solubility of a protein as well as serve 

as a cell signal mediator.12 They are also clinically relevant since they are associated with 

congenital disorders, rheumatoid arthritis, and diabetes.12,13 Specifically, MoLOX contains N-

linked glycans which are attached to an asparagine on the protein surface. The N-linked 

glycosylation that decorate the surface of the LOX have the potential to strongly influence the 

structure, stability, and folding of the protein itself, however, little is known about its role for 

MoLOX structure and function. 
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 In the literature, there is evidence of a link between changes at the protein surface, such as 

glycan removal or addition, and tuning of the active site itself.14,15 Because of these glycans impede 

crystallization procedures, X-ray tools are often not applicable to the native glycoproteins. To 

address this question, HDX-MS has been used in this Chapter to reveal a dynamical link between 

the site of glycosylation and the active site and we show a dependence on the method for 

processing the N-linked glycosylation on MoLOX. HDX-MS has previously been used to show a 

link between the desialylation of human erythropoietin (EPO) and the loosening of the overall 

structure.14 From the study, they found that the majority of the exchange is around the 2 N-

glycosylation and single O-glycosylation, with desialylation enhancing the dynamics in those 

regions.14 It has also been shown that with degalactosylation of IgG1, there are conformational 

changes and increased D2O uptake.15 The study showed conversely that when IgG1 is 

hypergalactosylated the protein protects an important set of residues within the protein as well as 

increasing protein rigidity which in turn increases receptor binding.15 These previous studies 

highlight the power of HDX-MS to study the protein structural impact of removing or altering the 

N-glycosylation sites. 

 In this chapter, the functional and structural impact of removing N-linked glycans from 

MoLOX will be explored using kinetic isotope effects and HDX-MS. A series of ‘deglycosylated’ 

MoLOX variants were prepared using Endo H, PNGase F, and asparagine to glutamine 

mutagenesis.   
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Methods 

Materials  

LA, γLA, αLA, and AA were purchased from Acros Organic, TCI (Palo Alto, CA), and 

Cayman Chemical Company (Ann Arbor, MI), respectively. Deuterium oxide (D2O, 99% D), 

NaOD (99% D), and DCl (99% D) were purchased from Cambridge Isotopes (Tewksbury, MA). 

Dideuterated linoleic acid (11,11-D2-LA) was synthesized previously.16 All yeast/bacterial cells, 

media, salts, and buffers were purchased from Fisher Scientific, Sigma-Aldrich, or VWR at the 

highest grade possible. 

 

MoLOX Expression and Purification 

WT MoLOX was expressed in and purified from P. pastoris X-33 cells as previously 

described.11,17 The ‘Gln’ mutant was generated from the mutagenesis of 8 asparagine residues 

forming predicted glycan sites (N18, N28, N48, N72, N150, N215, N501, and N535) to glutamine. 

This gene was generated by GenScript (Piscataway, NJ). Gln MoLOX purification required the 

use of a butyl sepharose column for the initial capture via hydrophobic interaction chromatography 

(HIC). The final purification for all variants was carried out using a HiPrep 26/60 Sephacryl S-200 

column on an AKTA FPLC system with 50 mM HEPES (pH 7.5), 150 mM NaCl, and 10% 

glycerol. The fractions that corresponded to the peak with lipoxygenase activity was concentrated 

to 100 μM, frozen in aliquots with N2(l), and stored at -80 °C. Mn content was determined using 

ICP-MS. 
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Enzyme Kinetics 

MoLOX enzyme kinetics were determined using a Hansatech oxygen (O2) electrode. LA, 

dideuterated LA (11,11-D2-LA), αLA, γLA, and AA concentrations were determined 

enzymatically. Kinetic parameters (kcat and kcat/KM) were extracted from nonlinear fits to the 

Michaelis-Menten equation. Kinetic assays for pH dependence were performed at 20 °C in 0.1 M 

Tris-HCl (pH 7) or 0.1 M borate (pH 9) with substrate concentrations from 2-100µM. For 

temperature-dependent studies, kinetic assays were performed at 10, 12.5, 15, 20, 25, 27.5, and 30 

°C and in 0.1 M borate (pH 9) with substrate concentrations ranging from 2 to 100 µM.  

 

EndoH Deglycosylation 

An endoglycosidase H (EndoH) from Streptomyces plicatus was optimized for recombinant 

expression in E. coli and subcloned in-line with his-tagged MBP construct (2CT-10 vector was a gift from 

Scott Gradia, Addgene plasmid #55209). Recombinant MBP-EndoH fusion was expressed in and purified 

from E. coli BL21 (DE3) cells. In brief, EndoH expression was induced by 1 mM IPTG once OD600 = 0.6. 

Upon induction, the cultures were dropped to 18 °C. Cells were lysed by sonication in lysis buffer (50 mM 

sodium phosphate, 100 mM NaCl, 8% glycerol, 2 mM MgSO4, pH 7.5, supplemented with lysozyme, 

DNAse I, and AEBSF). The protein was purified using NiNTA chromatography, dialyzed in 50 mM Tris, 

150 mM NaCl, pH 8 buffer and stored at -80°C until use.  

EndoH MoLOX was prepared by treating WT MoLOX with EndoH in a 20:1 (MoLOX:EndoH) 

mass ratio. The reaction was carried out at room temperature overnight in 50 mM sodium acetate, pH 5.5. 

The optimal reaction conditions were determined using SDS-PAGE. In our hands, the reaction did not 

require α-mannosidase for complete digestion. For large scale preparations, after the reaction, MoLOX was 
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separated from MBP-EndoH by passing the reaction over a NiNTA column equilibrated with 50 mM Tris 

(pH 8), 500 mM NaCl and 10 mM imidazole and then further purification using SEC FPLC.  

 

Circular Dichroism (CD) 

Structure will be assessed by CD using a Jasco model J-815 CD spectrometer at room 

temperature with bandwidths of 2 nm with a Starna cell (path length of 0.1 cm). Samples were 

recorded at 25°C in 25 mM potassium phosphate (pH 7). The concentrations (typically 3 μM) were 

adjusted so that the PMT high voltage (HT) remained ≤ 600V in the range of 190-260 nm. 

Measurements for stability were also carried out with wavelengths set to 222 nm and the 

temperature range of 25-90°C (2°C intervals) with a temperature ramp up rate of 0.6°C/min. 

 

Hydrogen-deuterium exchange- Mass spectrometry (HDX-MS) 

Peptide from the pepsin digested WT MoLOX were previously assigned using LC-

MS/MS.11 Using these peptides, HDX measurements were carried out through 10-fold dilution of 

MoLOX (WT, EndoH, Gln) in 10 mM HEPES (pD 7.5), 150 mM NaCl D2O buffer. Samples were 

incubated on a water bath at 20 °C. At a specified time, a sample was cold (-20 °C bath) and acid 

quenched (to pH 2.4) to minimize back-exchange. The samples were digested with immobilized 

pepsin for 2.5 minutes. Prior to digestion, guanidine HCl (pH 2.4) was added to a final 

concentration of 0.5 M. The pepsin was removed by filtration and the samples were flash frozen 

in liquid N2 and stored at -80°C until data collection. 

Deuterated, pepsin-digested samples of MoLOX from HDX experiments were analyzed 

using an Agilent 1200 LC (Santa Clara, CA) that was connected in-line with the LTQ Orbitrap XL 
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mass spectrometer (Thermo). Data acquisition was controlled using Xcalibur software (version 

2.0.7, Thermo). Mass spectral data acquired for HDX measurements were analyzed using the 

software, HDX WorkBench.18 The percent deuterium incorporation for each peptide has been 

normalized for 100% D2O and corrected for peptide-specific back-exchange, as previously 

described.19 

 

Results and Discussion 

Protein Expression and Purification 

 Wild-type (WT) MoLOX was expressed as previously described11 and purified via phenyl 

Sepharose column and size-exclusion FPLC. Typical yields of WT MoLOX were around 10-12 

mg/mL and these yields were then used to make the PNGase and EndoH variants of MoLOX. The 

Gln MoLOX variant showed slightly lower yields of around 5-6 mg/mL. SEC-FPLC and SDS-

PAGE were used to corroborate the change in mass with deglycosylation. The SDS-PAGE showed 

an altered migration consistent with a decrease in mass that approaches the theoretical mass of the 

protein (67 kDa) (Figure 2.1). FPLC traces were used to show the solution mass of the EndoH 

variant (~70 kDa) was comparable to the theoretical mass of the enzyme, supporting a monomeric 

form of the protein. Thus, removal of N-linked glycosylation by EndoH doesn’t lead to 

oligomerization. Secondary structure of the variants was confirmed to be intact and consistent with 

WT via CD traces (Figure 2.1).  CD was also used to determine the thermostability of WT MoLOX 

and its variants; this approach of altering the temperature of the CD provides the Tm of the enzyme. 

There was a noticeable difference in the Tm of the Gln variant with a Tm of 54.3 ± 0.3 °C compared 
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the wt with a Tm of 59.8±0.2 °C while PNGaseF and EndoH have a slight reduction in Tm, with 

a Tm of 57.8±0.3 °C and 55.5±0.3 °C, respectively (Table 2.1).  

     

 

Figure 2.1: FPLC traces, SDS-PAGE, and CD traces of native and deglycosylation MoLOX 

variants 

                Table 2.1: Thermostability of MoLOX variants 

MoLOX variant Tm (°C) 

Native (WT) 59.8 ± 0.2 

EndoH 55.5 ± 0.3 

PNGaseF 57.8 ± 0.3 

Gln 54.3 ± 0.3 

N72Q 62.2 ± 0.6 

N215Q 58.2 ± 0.3 
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Figure 2.2: Proteolytic stability; WT, EndoH, PNG, Gln; N72Q, N215Q 

 

Next, the proteolytic stability of the different MoLOX variants was tested with a trypsin 

digest experiment. Wild-type MoLOX showed degradation at a trypsin concentration of 50 g/mL 

and the EndoH and PNGase showed an increase in degradation at lower trypsin concentrations, 

notable at 10 ug/mL of trypsin (Figure 2.2). The most extreme case of degradation was with the 

Gln mutant which showed protein degradation almost at all concentrations of trypsin. The data 

support that the N-linked glycosylation provide proteolytic stability of the MoLOX enzyme. This 

may be biologically relevant as the MoLOX enzyme is excreted by the fungus into the rice plant 
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and proposed to initiate pathogenesis of the fungus; the glycans are therefore likely to protect 

MoLOX from being degraded by the rice proteases.   

These results are consistent with recent reports on the removal of N-linked glycosylation 

of the RNaseA enzyme.20 This could be the reason behind the lower expression of Gln MoLOX 

when compared to wt MoLOX. 

 

Catalytic Parameters 

  Previous work in the Offenbacher lab with the PNGaseF treated MoLOX showed an 

increase in kcat from 2.41 s-1 for wt to 3.0 s-1 for the treated MoLOX (Table 2.2). This represents a 

slight increase in the catalytic activity of the enzyme with treatment and paired with a decrease in 

kcat/KM (0.13 μM-1 s-1 from 0.17 μM-1 s-1 in wt). The Ea of the PNG treated mutant is similar to the 

wt variant but the change in ΔEa is large enough to raise the question if the substrate is sitting in 

the active site differently than wt but this requires more investigation to accurately determine.  

  EndoH treated MoLOX shows a similar kcat (2.38±0.15 s-1) with a lowered kcat/KM 

(0.12±0.02 μM-1 s-1) but interestingly shows a large increase in Ea from 9.6±0.5 kcal/mol to 

15.2±1.0 kcal/mol when compared to wt. This shows a large change in the active site environment 

which is causing this increase but interestingly the ΔEa is still similar to wt. 

  The Gln mutant shows a significant increase in kcat (2.97±0.2 s-1) which is similar to the 

PNG treated MoLOX as well as a large increase in kcat/KM (0.34±0.08 μM-1 s-1 from 0.17±0.03 

μM-1 s-1). There is also a slight increase in Ea but the ΔEa is similar to wt MoLOX.  
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Table 2.2: Kinetic parameters for MoLOX variants and their reactions with substrate LAa 

 kcat
a (s-1) kcat/KM 

(μM-1s-1) 

Ea(H) 

(kcal/mol) 

Dkcat
b ΔEa (kcal/mol) 

MoLOX 2.41±0.2 0.17±0.03 9.6±0.5 70±2 -1 ± 0.6 

PNGaseFc 3.0±0.1 0.13±0.02 9.7±0.6 73±3 0.6 ± 0.6 

EndoH 2.38±0.15 0.12±0.02 15.2±1.0 70±6 -0.9 ± 1.5 

Gln 2.97±0.2 0.34±0.08 12.1±0.7 57±5 -1.1 ± 0.8 
aConditions: 0.1 M borate, pH 9.0; temp = 20 °C. bDkcat = kcat(H)/kcat(D); temp = 20 °C. cKinetic 

parameters from ref 11 

 

Substrate Selectivity 

 Substrate selectivity of WT MoLOX and the various mutants was determined by measuring 

the first- (kcat) and second-order rate constants (kcat/KM) of different substrates and compared these 

values to linoleic acid (LA). Note that LA is the predominant unsaturated fatty acid in rice.21 The 

other substrates chosen were alpha and gamma linolenic acid (α- and γLA) as well as the non-

physiologically-relevant substrate, arachidonic acid (AA). When the MoLOX variants were 

examined for kcat all the MoLOX variants showed the same speed of reaction for all the substrates 

(Table 2.3 and Figure 2.3A). In all cases, the order of the rate of substrate oxidation was (from 

fastest to slowest): αLA > LA > AA > γLA. The rates of αLA and LA were the same as reported 

for the WT MoLOX previously.22 

 When determining kcat/KM, WT the PNGase and EndoH MoLOX variants showed an 

increase in substrate preference for αLA and AA (not available in plants) over the LA substrate 

(Table 2.3 and Figure 2.3B). Conversely the Gln mutant showed an increase towards LA for all 

substrates when compared to LA. Most of the variants (excluding PNGase) had a lower preference 

for γLA when compared to LA.  The difference in the Gln form compared to WT and other 

MoLOX variants accompanies the observed overall increase in kcat/KM for LA, supporting a link 
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between the presence of the surface N-linked glycans and the active site as determined by an 

increased catalytic proficiency for LA.  

 

Table 2.3: Substrate selectivity ratios of first- and second-order rate constants for MoLOX 

variants at 20 °C and pH 9. 

 kcat (s-1) kcat/KM (μM-1s-1) 

 αLA/AA γLA/LA AA/LA αLA/LA γLA/LA AA/LA 

WT 1.81±0.19 0.26±0.02 0.48±0.03 1.79±0.66 0.79±0.23 1.59±0.51 

EndoH 1.85±0.16 0.29±0.02 0.42±0.03 1.98±0.61 0.91±0.36 2.72±0.72 

Gln 1.69±0.14 0.22±0.01 0.42±0.03 0.61±0.18 0.38±0.12 0.72±0.24 

PNG 1.62±0.25 0.22±0.03 0.32±0.04 2.31±1.0 1.09±0.58 1.02±0.47 
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Figure 2.3: Substrate selectivity ratios for WT (black), EndoH (gray), Gln (blue), and PNGase 

(orange) MoLOX variants. Kinetics were collected non-competitively at 20°C in 0.1 M borate, pH 

9.0 buffer. See Table 2.3 for list of values. 

 

HDX-MS of wild-type MoLOX 

 To provide structural insight into the dynamical link between the site of N-linked glycans 

and the active site, hydrogen-deuterium exchange (HDX) experiments were performed. HDX 

allows us to look at protein flexibility in a regionally defined manner when coupled to proteolytic 

digestion by pepsin and analysis of regional deuterium uptake by mass spectrometry (MS). This 
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exchange is particularly informative when comparing the wild-type protein to different mutants 

with altered function to determine the impacts on protein structure and dynamics.  

 From the 274 total peptides assigned from tandem MS experiments of pepsin-digested WT 

MoLOX, we have identified 33 non-overlapping peptides that correspond to a coverage of 79%. 

Non-overlapping peptides were used for data reduction purposes. Note that the first 55 residues 

were not resolved in the coverage. The poor coverage in this region is likely due to the high 

glycosylation (N18, N28, and N48) content at the N-terminus that could prevent access for pepsin 

to process this area.  

 Figure 2.4 presents the HDX-MS behavior (in percent exchange) at 2 hours and 20 °C 

mapped onto the structural model of MoLOX determined from X-ray (PDB: 5FNO). Overall, the 

exchange pattern is expected based on the LOX fold (Figure 2.4) and is fairly consistent with the 

X-ray derived B-factors (Figure 2.4B). For example, there is a high amount of exchange at the 

helix 2 and for part of helix 11 – also referred to as the ‘arched helix’, which lines the entrance 

to the active site of the enzyme. Conversely, the core of the protein exhibited very low (<20 %) 

exchange.  

       

Figure 2.4: HDX-MS behavior of MoLOX at 20 °C and 2 h (A) compared to the X-ray derived B-

factors (B). The color corresponds to: blue (0-30% HDX), white (31-60% HDX), and red (>60% 

HDX). 

A B 
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 When comparing the HDX behavior of MoLOX to two other canonical LOXs, soybean 

(SLO) from plants23 and 15-LOX-2 from human, (unpublished results from Offenbacher Lab) 

overall, the exchange is comparable with only two notable exceptions (Figure 2.5 A-C). With 

SLO and 15-LOX-2 there is a greater extent of exchange at helix 2. In these enzymes, the helical 

structure is bent or broken at the N-terminal portion, but in MoLOX, the 2 helix nearly traverses 

the entire length of the catalytic domain. This exchange pattern is functionally significant because 

the α2 helix is considered to play an important role in regulating substrate binding and activity.8 

From our lab’s previous kinetic analysis of MoLOX, we have found that MoLOX substrate binding 

is not regulated by allostery which contrasts the SLO and human 15LOX2 isozymes. This lack of 

allosteric regulation was determined by the isotope effect on the second-order rate constant, 

Dkcat/KM, as a function of temperature and pH for the LA substrate. In the case of the well-

characterized SLO, at elevated (>25 °C) temperatures, the Dkcat/KM (ca. 40) approaches the large 

magnitude of the kinetic isotope effect on the first-order rate constant, Dkcat = 80. As the 

temperature is lowered to 5 °C, the value of the Dkcat/KM for the SLO reaction with LA drastically 

drops to ca. 7-10, so that Dkcat/KM << Dkcat. Under this case, substrate binding becomes (partially) 

rate-determining. However, addition of an allosteric effector to SLO under these conditions causes 

an elevation of the Dkcat/KM to equal Dkcat. Conversely, in the case of MoLOX, the Dkcat/KM value 

is nearly identical to the Dkcat from 10-30 °C and pH 7-9. These kinetic data support that the C-H 

bond cleavage step is fully rate determining for MoLOX. The combination of the well-structured 

helix for α2 and the reduced HDX-MS behavior of this helical peptide further supports the kinetic 

results and implicates that it will likely not play a role in substrate selectivity/acquisition. 

In addition to an altered HDX behavior for helix α2, compared to model plant and animal 

LOXs, MoLOX showed a higher exchange extent at helix 11 (Figure 2.5 B&C) that includes the 
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conserved leucine (L331 in MoLOX). Note that this increased exchange at helix 11 arises with 

decreased exchange to helix α2.  Based on this unique exchange behavior, we propose that helix-

11 likely plays an important role in controlling active site reactivity and potentially substrate 

selectivity.  

 

     

Figure 2.5: Map of HDX-MS for WT MoLOX collected at 20°C (A). The catalytic metal is 

represented as a yellow sphere and the Asn residues that form glycosidic bonds are shown as 

green spheres. The black arrow represents the putative substrate entrance portal. (B) and (C) 

show the comparative HDX-MS maps previously reported for the paradigmatic plant (SLO23) and 

animal (15LOX2(unpublished results from Offenbacher Lab)) lipoxygenases, respectively. The N-

terminal ‘PLAT’ (green shading) is a regulatory domain, not present in fungal LOXs. The alpha 

helix 11 (highlighted by box) in A-C are overlaid in the top right. The conserved leucine residue 

(L331, MoLOX; L546, SLO; L420, 15LOX2) is shown for reference. 
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HDX of MoLOX Variants 

 To provide a basis for the structural and dynamical impact of removing N-linked 

glycosylation on MoLOX, HDX-MS experiments were further performed on the EndoH, and Gln 

variants of MoLOX. HDX-MS data were analyzed for EndoH and Gln variants in a similar manner 

to WT MoLOX. Comparison of the 33 non-overlapping peptides identified six peptides that exhibit 

differences between WT and the Gln and/or EndoH variants of MoLOX were restricted to two 

regions and are presented in Figure 2.6. Among these differences included active site residues 329-

363 (helix 11), in which the Gln mutant showed an overall increase in percent exchange which 

corresponds to an increase in local protein flexibility. These peptides are flanked by two N-linked 

glycosylation sites, N72 and N215. In this region there are some instances of EndoH increasing 

the percent exchange but at helix 11 (329-337), EndoH treatment is linked to a decrease in 

exchange. This is an important set of residues since it coincides with helix 11 which controls the 

ability of the substrate to enter the active site.  A second region of protein was also impacted, 

including residues 114-134 (C-terminal end of α2 helix) and 253-267. The same trends are also 

shown in these regions with EndoH causing a reduced percentage of exchange and the Gln mutant 

causing a slightly increased percent of exchange. 
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Figure 2.6: HDX-MS traces, collected at 20°C, highlighting the differences between WT (black), 

EndoH (gray), Gln (blue) MoLOX. 

 

Single N-linked Glycan Knock-out MoLOX Variants 

With the results emerging from the HDX-MS analysis, it was predicted that the dramatic 

effects of deglycosylation on active site proficiency likely originated from the one select N-linked 

glycan sites adjacent to the active site, including N72 and N215. Residues 72 and 215 were each 

singly converted from Asn to Gln. These two protein variants were expressed and isolated from 

yeast cultures similar to WT MoLOX. These single knock-out mutants both have a Tm that is 

consistent with wt MoLOX, but have a proteolytic digest profile between EndoH and Gln variants 
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with degradation beginning slightly at 1 g/mL and complete degradation at 10 and 50 g/mL 

(Table 2.1 and Figure 2.2). Steady-state kinetic studies were performed (kcat and kcat/KM), and 

substrate selectivity was tested using the various substrates and compared to LA. As shown in 

Table 2.4, the N72Q single mutant showed a significant increase in the second-order rate constant 

for LA (0.34 ± 0.07 μM-1s-1) compared to WT (0.17 ± 0.03 μM-1s-1) and matches the level of the 

fully Gln variant (0.34 ± 0.08 μM-1s-1). The N215Q single mutation, conversely, showed only a 

slight increase in the second-order rate constant that is nearly within error to the WT protein. 

Steady-state analysis was extended to the panel of substrates to assess selectivity (Table 2.4). 

Overall, the comparative second-order rate constants of N72Q were seen to track the Gln mutant 

for αLA/LA and γLA/LA while the N215Q reactivity more closely resembled the WT MoLOX for 

αLA/LA. Both enzyme mutants exhibited AA/LA substrate selectivity ratios different than Gln or 

WT, suggesting that the molecular basis that controls substrate capture as a function of 

glycosylation state is complex and may not controlled by a single glycosylation site.                        

 

Table 2.4: Substrate selectivity ratios for WT and N→Q MoLOX variants at pH 9 and 20°C. 

 kcat
 LA 

(s-1) 

kcat/KM, LA 

(μM-1s-1) 

kcat/KM 

(μM-1s-1) 

 αLA/LA γLA/LA AA/LA 

WT 2.41±0.2 0.17±0.03 1.79±0.66 0.79±0.23 1.59±0.51 

Gln 2.97±0.2 0.34±0.08 0.61±0.18 0.38±0.12 0.72±0.24 

N72Q 2.64±0.1 0.34±0.07 0.87±0.29 0.22±0.07 0.48±0.13 

N215Q 2.52±0.1 0.24±0.06 1.55±0.52 0.46±0.14 0.52±0.16 
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Appendix A 

Reproduced with permission from ACS Books 

Book: “Bridging Structure and Function in Mechanistic Enzymology” 

Manuscript ID: bk-2020-0089k.R2 

Title: “Tunneling Through the Barriers: Resolving the Origins of the Activation of   C-H Bonds 

Catalyzed by Enzymes” 

Authors: Chris Whittington, John Latham, and Adam R. Offenbacher 

Enzymes have extraordinary catalytic power. This property has spawned decades of 

research to derive a full understanding into the origins of enzyme catalysis. Herein, the 

generalized mechanism of C-H activation (C-H bond cleavage), a prevalent enzyme 

reaction type that is often overlooked in biochemical textbooks, will be introduced. Years 

of experimental and computational evidence support that enzyme catalyzed C-H bond 

cleavage occurs through a non-classical (tunneling) mechanism. The ability of stable 

isotope labeling enables the examination of bond selective kinetic isotope effects, yielding 

a unique view into the entire shape of the kinetic barriers of catalysis. Results stemming 

from these enzymes, including the paradigm system, soybean lipoxygenase, have provided 

new insight into how enzymes ‘work’. These catalytic principles will be highlighted with 

particular emphasis on the interpretation of the temperature dependence of the reaction 

rates for enzymatic C-H activation 
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Introduction to Enzyme Catalysis  

 Enzymes are remarkable catalysts that carry out an immense and diverse repertoire of 

chemical transformations that are essential to sustain life. As with any catalyst, an enzyme is 

defined by its ability to reduce the energetic barrier of a chemical reaction and, in turn, to accelerate 

the reaction rate (kobs) compared to the noncatalyzed rate (knon). Just how impressive are enzyme 

rate enhancements? While many enzyme systems are associated with kobs values in the 100 to 104 

s-1 range (Table A.1), the equivalent uncatalyzed reactions (at room temperature) may require 

hours, days, decades, or longer.1  

  There are a few extreme cases of rate enhancements by natural enzymes.2  One example is 

the well-studied orotidine 5’-phosphate (OMP) decarboxylase which catalyzes the essential last 

step in the formation of pyrimidines in nucleic acid synthesis (Scheme A.1A).3 Wolfenden 

provided evidence in the 1990’s suggesting that the half-life for the nonenzymatic reaction (i.e. 

absence of enzyme) of forming pyrimidines is approximately 78 million (7.8 × 107) years at room 

temperature. As humans only have a lifespan of at most 100 years, assessment of the latter requires 

a bit of ingenuity to determine accurately and reasonably in a laboratory setting. To achieve the 

nonenzymatic reaction rate half-life, Wolfenden’s team employed the strategy of heating the 

reaction vessels to 100°C (and above in sealed quartz cells), as solution reactions accelerate with 

increasing temperature. In the case of the nonenzymatic OMP decarboxylation, the reaction using 

the model reactant, 1-methyloroctic acid, was monitored at various temperature up to 200°C with 

a half-life of 19 hours while the half-life at 140°C was approximately 3-orders of magnitude 

slower.2 The reported room temperature half-life of 78 million years was estimated from the 

Arrhenius relationship.  Compared to the first order rate constant for the enzymatic reaction, kcat, 
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of 39 s-1, the rate enhancement (kcat/knon) that OMP decarboxylase achieves is 1.4 × 1017 (Table 

A.1). 

 

                      

Scheme A.1. Reaction schemes for (A) OMP decarboxylase and (B) S-O cleaving sulfatase. 

 

 In 2012, an extreme case of enzymatic rate enhancement was reported for the S-O cleaving 

alkylsulfatases (Scheme A.1B). From this study, a kcat of ~7 s-1 was observed compared to an 

estimated first-order rate constant for the noncatalytic reaction of 2x10-26 s-1 (half-life of 1018 years) 

yielding the gold-standard for enzymatic rate enhancement of 2 x 1026-fold.4  

 

 

 

 

 

 

 

 



47 

 

                                   Table A.1. Rate enhancements of natural enzymes.2  

Enzyme kcat (s-1) kobs/knon 

S-O sulfatase 7 1026 

Phosphohydrolases 20-40 1021 

orotidine 5'-phosphate 

(OMP) decarboxylase 

39 1017 

Staphylococcal nuclease 95 1014 

Carboxypeptidase 578 1013 

Cytidine deaminase 299 1012 

Ketosteroid isomerase 66,000 1011 

Carbonic anhydrase 106 106 

 

 How are enzymes capable of achieving such tremendous catalytic prowess? In 1948, Linus 

Pauling published a paper in the journal, Nature, that provided a persuasive suggestion of how 

enzymes work:5  

“I think that enzymes are molecules that are complementary in structure to the activated 

complexes of the reactions that they catalyze, that is, to the molecular configuration that is 

intermediate between the reacting substances and products of reaction for the catalyzed 

processes. The attraction of the enzyme molecule for the activated complex would thus 

lead to a decrease in its energy and hence to a decrease in energy of activation of the 

reaction and to an increase in the rate of reaction” 

 

 The term ‘activated complex’ is now understood as the transition state.  The transition state 

is marked by the energy maximum along the reaction coordinate and is considered to resemble the 

reactive intermediate. Simply put, the ‘Pauling principle’ posits that enzyme rate acceleration is 

achieved by lowering the activation energy of the reaction through stabilization of the transition 

state. While it serves well as a definition of catalysis, it does not provide us with the physical 

origins for how enzymes greatly lower the energetic barrier(s) for catalysis. 

Scientists have attempted to develop strategies to replicate nature’s achievements, with the 

ultimate goal of designing an artificial catalyst (protein or otherwise) to carry out any desired 

reaction using ‘green’ conditions (room temperature, ambient pressure and non-toxic solutions). 

The strategies included the development of catalytic antibodies6,7 as well as de novo enzymes8 
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developed by ‘inside-out’ computational design.9,10 While select successful examples ensued, the 

catalytic power of these man-made catalysts have fallen short of natural enzymes with the upper 

limit rate enhancements of ≤ 109 (See references11–13, for select examples). 

 Since Pauling’s publication nearly seventy years ago, there have been numerous 

advancements in our understanding of how enzymes achieve enormous rate accelerations. A few 

of the emerging principles, some framed by Pauling’s model of transition state stabilization 

include, but not limited to, covalent catalysis14–16, electrostatic catalysis17,18, ground-state 

destabilization/desolvation effects19,20, and proximity/orientation catalysis as well as other entropy 

reducing mechanisms.21–23  Despite these advances, the Pauling principle is still commonly 

presented as the basis for enzyme catalysis in contemporary undergraduate biochemistry 

textbooks. 

 The above catalytic strategies focus greatly on the active site. However, enzymes are 

considerably large relative to their active sites and small molecule catalysts, with an average size 

of ca. 40 kDa (median human protein size is 375 amino acids with the average amino acid mass 

of 110 Da).24 This raises the question into whether there exists synergy between the protein matrix 

and the achievement of active site proficiency. While the dynamic view of proteins is prominent 

for the binding of substrates and the release of products,25,26 the discovery of quantum effects in 

enzyme catalyzed reactions, as seen for C-H bond cleavage (a.k.a. C-H activation), began to 

demonstrate the importance of protein motions during the chemical bond breaking/making steps 

of catalysis.27–29 The central focus of this Chapter will be to introduce the reader to enzymatic C-

H activation reactions in which extensive experimental and computational data provide compelling 

support for non-classical (i.e. quantum) behavior that in turn requires a break down of semi-
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classical models of transition state theory (TST)30,31 and emphasizes a role for conformational 

(thermal) motions that promotes transient active site precision. 

 

C-H Activation Reactions in Biology 

 C-H activation (or C-H functionalization) is one of the most pervasive and fundamental 

reactions in both industrial and biologically catalyzed reactions. The process entails the cleavage 

of a sp3-hybridized C-H bond (Figure A.1) and replacement with a C-X bond, where X is oxygen, 

nitrogen, or carbon. In organometallic chemistry, C-H activation is characterized as the cleavage 

of an unreactive C-H bond of alkanes, arenes, or alkyl chains using (rare, toxic and expensive) 

transition metal catalysts, forming a M-C bond, that can lead to its subsequent functionalization.32  

                                               

Figure A.1: Diagram of homolytic C-H/C-D activation, resulting in the formal transfer of a 

hydrogen atom (H•). The C-H/C-D bond can also be cleaved through heterolytic processes, 

resulting in proton (H+) and/or hydride (H-) transfer. 

 

Enzyme-catalyzed C-H activation, prevalent in biological chemical transformations, is 

often mediated by a redox-active metallocofactor, such as iron, an organic centered radical formed 

through the transient oxidation of natural amino acids (e.g. tyrosine or cysteine), or a 5’-

deoxyadenosyl radical derived from the homolytic cleavage of S-adenosyl methionine (SAM).33,34 

In contrast to the organic chemists’ definition of C-H activation, these enzymatic reactions have 
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no evidence for formation of a direct metal-carbon bond. Instead, enzymes abstract a hydrogen 

atom to form a bound, transient substrate-centered radical that goes onto react intermolecularly or 

intramolecularly with oxygen, nitrogen, sulfur, or carbon to form the desired chemical 

transformation (Figure A.2).  The diversity of enzymatic reactions that undergo radical C-H 

activation is considerable and include difficult reactions such as peroxidation,35 hydroxylation,36 

methylation,37 epimerization,38 decarboxylation,39 C-C bond formation,40,41 C-S bond 

formation,42,43 and other C-O bond formations44  to name a few. 

                         

Figure A.2: Generic reaction schemes showing the canonical iron catalyzed radical rebound 

reaction, the oxidation of tyrosine to form the tyrosyl radical, and the homolytic cleavage of S-

adenosylmethionine to form the 5’-deoxyadenosyl radical (•dAdo).  Biologically relevant 

examples that use the respective reactions are shown on the right.  They include the hydroxylation 

of sterol to cortisol, oxidation and cyclization of arachidonic acid, and the cyclization of the 

mycofactocin peptide MftA. 
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Kinetic Isotope Effects as Mechanistic Probes of C-H Activation 

 C-H activation can involve proton (H+), hydrogen atom (H•), or hydride (H-) transfer. 

These processes can be described using kinetic isotope effects (KIEs), which, in general, are the 

ratio of the rate constant for a light isotope (kL), such as protium, over the rate constant for a heavy 

isotope, (kH), such as deuterium: 

                   𝐾𝐼𝐸 =
𝑘𝐿

𝑘𝐻
                                       (1) 

KIE measurements are routinely used for the determination of rate determining steps and/or 

for the study of reaction mechanisms.45  The KIE measured for the transferred particle is referred 

to as a primary KIE and its magnitude is dominated by the differences in zero-point energies (ZPE) 

in the ground state (Figure A.3A). For C-H bond cleavage, the reaction coordinate involves 

conversion of a vibrational stretch in the ground state to a translation in the transition state and, 

therefore, neglects isotopic ZPEs in the transition state.  While isotopic substation of heavy atoms 

(e.g. 12C/13C) can give rise to measurable effects, the largest primary KIEs observed and predicted 

are for the exchange of protium (1H; 99.98 % abundance) for deuterium (2H) or tritium (3H). 

Secondary KIEs, measured with isotopically labeled atoms that are not involved in the bond that 

is being cleaved, can also be exploited for elucidating reaction mechanisms. The focus of this 

Chapter will be on the primary deuterium kinetic isotope effects on the first-order rate constant, 

Dkcat, collected under saturating substrate concentrations. For (partial) rate determining hydrogen 

transfer steps, observed primary hydrogen/deuterium KIEs are ‘normal’ (i.e. the rate for hydrogen 

transfer is greater than the rate for deuterium transfer) and have a large range of magnitudes as 

small as 1.5 to very elevated values (cf. Table A.2).46–48 For comparison, secondary kinetic isotope 

effects can be normal or inverse (i.e. rate of deuterium transfer is faster than protium) and are 

generally small, <1.5.49–51 In contrast to O-H or N-H bonds, the covalent nature of C-H bonds 
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permits the ability to stably exchange the naturally-occurring protium isotope for one of its heavier 

isotopes. 

From the classical TST models of catalysis, the observation of a primary KIE can be 

explained by the quantization of energy in the chemical bonds. For simplicity, let’s consider a 

chemical bond as two atoms attached by a spring. In this case, the particles experience a restoring 

force that is proportional to their displacement (x) by the force constant (F). Hooke's law, Eq (2), 

relates the frequency of motion (ν) to the reduced mass (μ) of the atoms undergoing oscillation, Eq 

(3), and the force constant characteristic of the bond. Force constants are the same for isotopic 

substitution and thus changes in vibrational frequency result from changes in μ: 

             𝜈 =
1

2
√

𝐹

𝜇
                                          (2) 

             𝜇 =  
𝑚1𝑚2

𝑚1+𝑚2
                                          (3) 

In the case of carbon-hydrogen bonds, the stretching frequencies are calculated to be ν =3000 cm-

1 (C–1H), ν = 2200 cm-1  (C–2H), and ν = 1800 cm-1 (C–3H). The energy of a bound particle (hν) is 

defined by the harmonic-oscillator approximation according to Eq (4), where h is Planck's constant 

(h = 6.626 × 10-34 J s) and vibrational energy levels are designated nvib. The zero-point energy (nvib 

= 0) is the lowest vibrational energy level of a harmonic oscillator. These ZPEs dominate the origin 

of KIEs within a semi-classical picture: 

           𝐸𝑣𝑖𝑏  =  (𝑛𝑣𝑖𝑏  +  1/2)ℎ𝑣,       𝑛𝑣𝑖𝑏  =  0, 1, 2, . ..      (4) 

It follows that reduced mass differences cause the zero-point energies to follow a trend, C–1H > 

C–2H > C–3H, as shown in Figure A.3A.  The differences in the zero-point levels of the reactant 

state give the upper limit to the primary KIE through Eq (5), where the subscripts L and H 
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designate the lighter and heavier isotope, respectively. In the case of hydrogen transfer from 

carbon, the stretching frequencies of C–H bonds lead to estimates of primary KIEs of 7 and 18 for 

k1
H/k2

H and k1
H/k3

H at 298 K, respectively: 

          
𝑘𝐿

𝑘𝐻
 =  𝑒𝑥𝑝[(ℎ𝑣𝐻  −  ℎ𝑣𝐿)/2𝑅𝑇]                      (5) 

                               

Figure A.3. Reaction progress diagrams (left) and Arrhenius plots (right) for the cleavage of C-

H/C-D bonds. Transition states are indicated by ‘‡’.  A. Representation of semi-classical origins 

of the KIE.  B. Representation of a full tunneling mechanism for hydrogen transfer through the 

barrier. 

 

Anomalous KIEs for Homolytic C-H Bond Cleavage 

Although the upper limit of the semi-classical TST model primary deuterium KIE is 7, 

there are several cases in the literature of C-H activation reactions catalyzed by native enzymes 

that report primary deuterium KIEs of up to100 (Table A.2). One such family of enzymes, 

lipoxygenases, has routinely shown large KIEs across several organisms with isotope effects of ≥ 
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40 for cleavage a singly labeled C-H bond. In a surprisingly extreme case, a mutant variant of the 

paradigmatic soybean lipoxygenase, L546A/L754A, exhibited an unprecedented KIE of ~660 at 

room temperature.48  

Table A.2: Examples of enzyme systems exhibiting primary deuterium KIEs, Dkcat, and their 

temperature dependence (ΔEa) values that deviate from semi-classical TST behavior 

Enzyme Dkcat ΔEa (kcal/mol) References 

Lipoxygenases (H•) 40-100 0-0.9 52–55 

L546A/L754A Soybean 

lipoxygenase (H•) 

~660 0.3 (0.7) 48 

Methane monooxygenase 

(H•) 

100 N.D. 47 

TauD monooxygenase (H•) 37 N.D. 56 

Fatty acid α-oxygenase 

(H•) 

30-120 1.1 (0.3) 57,58 

Methyl malonyl CoA 

mutase (H•) 

36 N.D. 59 

Cyclooxygenase-2 ~20-30 0.1 ± 0.7 60 

Galactose oxidase (H•) 16-32 N.D. 61 

Acyl CoA desaturase (H•) 23 ≤ 1 62 

Methylamine 

dehydrogenase (H•) 

13-17 ~0 63 

Peptidylglycine α-

amidating monooxygenase 

(H•) 

11 0.4 64 

Thermophilic alcohol 

dehydrogenase (H-) 

1.5 

(T>30ºC) 

2-7 

(T<30ºC) 

ΔEa ~ 0 (T>30ºC) 

ΔEa >> 0 

(T<30ºC) 

65 
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 Large Dkcat values, in excess of the limit from semi-classical TST, can implicate quantum 

(i.e. tunneling) effects associated with the transferred particle. However, not all C-H activation 

reactions catalyzed by enzymes are associated with ‘deviant’ KIEs. In the examples presented in 

Table A.2, anomalous Dkcat values arise from enzyme C-H activation reactions in which the C-H 

bond is cleaved via a homolytic mechanism (i.e. formal H• transfer; Figure A.1). In the cases of 

heterolytic C-H activation (H+ or H- transfer), observed KIEs are typically ‘normal’. 

 One of the most well studied examples is that of the thermophilic alcohol dehydrogenase 

from Bacillus stearothermophilus (ht-ADH) which catalyzes the hydride transfer reaction from 

short chain alcohols to an NAD+ cofactor.65 As typically seen in extremophiles, ht-ADH exhibits 

a break from the expected linear trend in kinetic behavior as a function of temperature. Originating 

from a thermophile, ht-ADH has been evolved to function optimally at higher temperatures. At 

temperatures elevated from the break at 30ºC, the KIE (1.5) is normal, while below this break 

point, the kinetic isotope effects approach the theoretical limit for semi-classical transition state 

catalysis (Table A.2).65 Based on the analysis of the KIEs alone, the ht-ADH reaction would not 

be expected to have a significant, if at all, quantum contribution. 

 While the magnitude of the KIE can be suggestive of quantum effects in enzyme catalysis, 

the temperature dependence of the kinetic isotope effect (ΔEa = Ea(D) – Ea(H)) has emerged as a 

vital kinetic parameter in revealing quantum tunneling effects in enzyme reactions.66 For 

enzymatic C-H activation reactions with measured ΔEa parameters (Table A.2), the values are 

equal to or nearly zero. This behavior contrasts ΔEa values from semi-classical TST in which the 

activation energy for deuterium transfer is larger than that for protium transfer (i.e. ΔEa > 0) due 

to differences in their zero-point energies (Figure A.3A). As will be explained in more detail in 

ensuing sections, full tunneling models, in which the transferred hydrogen and its isotopes behave 
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as waves, can adequately explain ΔEa values of (near) zero (cf. Figure A.3B).  In the case of ht-

ADH, the observation of ΔEa values of ~0 above the break point (30ºC) is similar to that seen for 

H• transfer reactions.65 It is now recognized that a wide range of KIEs, with values both larger and 

smaller than those predicted by Eq (5), are consistent with mechanisms of tunneling. 

 

Quantum Effects for the Transfer of Electrons and Heavy Atoms 

 Electrons behave as both particles and waves. This wave-particle dualism67 is so well 

known that it is often taught in high school physics classes. However, the transfer of atoms such 

as hydrogen with wavelike property is seldom (if at all) introduced and typically only described in 

the context of particle transfer. Atoms also have wavelengths, with this property dependent on the 

mass (m) and velocity (v) of the particle. Defining the unbound particle's kinetic energy as E = (1/2 

mv2) allows de Broglie wavelengths, λdB, to be calculated (Table A.3): 

         𝜆𝑑𝐵 = ℎ/(2𝑚𝐸)1/2                                 (6) 

When the electron is compared to hydrogen and to carbon, there is an extremely large variation in 

their quantum wavelengths, from 27 Å to 0.63 Å to 0.18 Å, respectively (Table A.3). The close 

correspondence between the computed de Broglie wavelengths for the electron and hydrogen to 

the distances traversed by these particles in chemical reactions is consistent with experimental 

findings that tunneling is operative within the functional temperature range of biological systems. 

This property also highlights that group transfer, such as that catalyzed by methyl transferases,68 

is not expected to be associated with a significant probability of a quantum contribution. 
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                        Table A.3. de Broglie wavelengths of the electron and heavy atoms 

Particle e- 1H 2H 3H 12C 

mass 

(amu) 

1/1750 1 2 3 12 

λdB (Å) 27 0.63 0.45 0.36 0.18 

 

Tunneling Model for PCET 

Following a series of theoretical efforts at the start of the 1950s, a new theory (Marcus-

Hush theory) for the nature of electron transfer reactions emerged.69 The resulting formalism 

rationalizes electron tunneling in the context of the Frank Condon principle: as the inner 

coordination shells of the donor and acceptor atom became more energetically similar, the electron 

transfer probability is enhanced. In other words, the transfer of electrons is dominated by their 

wavelike properties. The important implication is that there is no classical transition state and the 

kinetic barrier for such reactions is ascribed to the environmental reorganization energy, λre 

(Figure A.4). 

                                       

Figure A.4: Graphical representation of the Marcus reaction coordinate involving the heavy atom 

positions and defined by λre and the driving force, ΔGo. At the TRS (purple dot), the positioning of 

the hydrogenic wave function has become energetically degenerate across the donor and acceptor 

wells. 
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λre represents the energetic cost associated with the geometric (distance and orientation) 

and electrostatic optimization of the donor and acceptor to form degeneracy (along the quantum 

coordinate) of the wave functions at the so-called tunneling-ready state (TRS). This process 

involves both inner-sphere (i.e. cofactor and reactant) and outer-sphere (i.e. solvent) contributions. 

In the case of enzymes, the latter will also include the protein itself. It follows that if minor 

optimization of the local geometries is needed (small λre), the transfer rate will be faster. 

The emergence of extremely large primary kinetic isotope effects that are temperature 

independent supported the assignment of through the barrier (tunneling) mechanisms for 

biological C-H activation reactions. The current version of the vibronically non-adiabatic 

analytical expression for hydrogen transfer reflects the model developed to conceptualize electron 

transfer: protein or solvent fluctuations generate a reactive configuration along the classical, 

heavy‐atom coordinate, from which the hydrogen transfers via a quantum (wave function) 

coordinate (Figure A.4). The barrier of the heavy atom coordinate is dependent on λre and the 

reaction free energy ΔGo. The rate of hydrogen transfer will also depend on the electronic coupling 

and an isotopically dependent overlap between the reactant and product wave functions. 

Because the de Broglie wavelength of hydrogen is much smaller than the electron, quantum 

mechanical hydrogen transfer is extremely sensitive to minor changes in distance. To account for 

the latter, an additional coordinate to Marcus expression is introduced that accounts for thermal 

sampling of the donor and acceptor distance to promote the probability of hydrogen wave function 

overlap (Figure A.5). In natively evolved enzymes, both computational and experimental data 

support average donor acceptor distances (DADs) of 2.7 to 2.8 Å within a TRS in which the 

reactant and product hydrogenic wave functions have become degenerate (Figure A.4, purple 

box).29 In these cases, the contribution of this DAD sampling coordinate is minimal (Figure A.5, 
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bottom). A different behavior emerges in reactions where the enzyme has been perturbed, as 

occurs via site-directed mutagenesis.  In almost all such cases, there is an empirical increase in the 

kinetically resolved ΔEa (Figure A.5, top). This phenomenon can be understood as a mutation-

induced elongation of the DAD and increases the contribution of the DAD sampling.66 Because of 

a less diffuse wave function for deuterium (Table A.3), the contribution of distance sampling is 

increased relative to protium (Figure A.5). As will be shown for the case study of SLO, single site 

mutations have been linked to ΔEa as large as 5 kcal/mol, well in excess of the 1.2-2 kcal/mol limit 

by semi-classical TST. 

                                           

Figure A.5: Left. Potential energy surfaces for the hydrogen wave function DAD sampling 

coordinate, formed at the TRS (Figure A.4, purple box), that influences the efficiency of wave 

function overlap. The 1H (protium) and 2H (deuterium) wave functions are represented as dark 

and light purple, respectively. Right. Arrhenius plots, determined from enzyme kinetics, for the 

cleavage of C-H/C-D bonds, highlighting the difference in experimental patterns between native 

enzymes (ΔEa ~ 0) and impaired, mutant enzymes (ΔEa >> 0).  An increased ΔEa arises from a 

disproportionate increase in thermal sampling for 2H with respect to 1H because the 1H wave 

function overlap is attained upon mutation-induced elongation in DAD (top left), but the 2H wave 

function overlap is compromised due to its shorter de Broglie wavelength (Table A.3). For the 

mutation effects (top), note how the Arrhenius behavior can also differ from that predicted for 

reactions with semi-classical transition states (cf. Figure A.3A). 
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Important Implication towards Catalysis: Active Site Compaction and Protein Motions 

 The emerging view from studies of C-H activation by native enzymes is that the donor 

carbon and acceptor (typically oxygen) must come into close proximity (2.7-2.8 Å) for effective 

hydrogen wavefunction overlap, that is to say for efficient C-H bond cleavage.29 The importance 

of this distance can be conceptualized by a cartoon representation of the particles in a classical 

treatment (Figure A.6). As indicated above, in comparison to the electron, the de Broglie 

wavelength of hydrogen is short (0.6-0.7 Å). From the point of view of quantum tunneling 

dominated catalysis, in order for the wavefunction overlap to occur, the center-of-mass distance 

between the positioning of hydrogen on the donor (carbon) and the hydrogen on the acceptor 

(oxygen) will be ~0.7 Å. Taking into account the bond lengths for carbon-hydrogen (1.09 Å) and 

oxygen-hydrogen (0.96 Å), the center-of-mass distance between carbon and oxygen must approach 

2.7 Å (Figure A.6, bottom). It is clear from this distance that the van der Waals (vdW) surfaces 

of carbon and oxygen clash.  This view of the TRS – the state at which hydrogen wavefunction is 

degenerate across donor and acceptor wells – contrasts that of the ground state geometries of the 

immediately formed ES complex, in which their internuclear (center-of-mass) distances between 

donor and acceptor are frequently observed with vdW contacts of ~3.2 Å. 
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Figure A.6: Cartoon depiction of the ground state (top) and TRS (bottom) between the hydrogen 

donor, carbon, and acceptor, oxygen. For display purposes, the carbon-hydrogen bond (thick solid 

line) is shown in line with the acceptor. The hydrogen wave function probability on the donor is 

represented in 2-D by the blue curve. The corresponding positioning of the hydrogen atom (dashed 

circle), hydrogen-oxygen bond (dashed line), and wave function probability (dashed blue curve). 

The hydrogen-carbon bond length is 1.09 Å and the hydrogen-oxygen bond length is 0.96 Å. At 

the TRS, there is probability that the H atom is either on the carbon or oxygen atom. The atomic 

and vdW radii for carbon and oxygen are listed in the table. For simplicity purposes, attractive 

and repulsive forces are being ignored. 

 

 This model of catalysis therefore implicates that the donor and acceptor atoms must 

become ‘compacted’ (or ‘compressed’70) during the progression of the reaction coordinate to 

facilitate degenerate hydrogen wave function overlap across donor and acceptor wells. Because 

these reduced distances are not seen in the average ground state configuration of the ES complex, 

compaction must arise transiently from conformational sampling of the protein 
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Case study of C-H activation enzyme, soybean lipoxygenase 

Lipoxygenases catalyze the regio- and stereo-specific insertion of molecular oxygen into 

polyunsaturated fatty acids. The resulting hydroperoxides serve as cell signaling mediators for a 

diverse range of physiological roles.71 For instance, in humans, there are six isoforms of the 

enzymes that are involved in normal homeostasis and even in tumor suppression as well as linked 

to pro-inflammatory responses, such as stroke, diabetes, cancer, and heart disease.72 In plants, these 

enzymes are pivotal for seed germination, growth and development, as well as pathogenic 

defense.73 The roles of LOXs in fungi and prokaryotes are currently not known. While these 

enzymes are well represented across the kingdoms, the soybean lipoxygenase L-1 isoform (SLO) 

has served as the paradigm of the family in regards to developing the mechanistic understanding 

for enzymatic C-H activation reactions. The conserved mechanism for the oxidation of fatty acids 

by iron dependent lipoxygenases is shown in Figure A.7.74 In the case of SLO, the preferred fatty 

acid substrate, linoleic acid (LA), binds into a long and primarily hydrophobic channel that places 

the reactive carbon of substrate proximal to a mononuclear, non-heme ferric hydroxide cofactor. 

The ferric hydroxide cofactor is responsible for hydrogen atom (formal H•) abstraction from 

carbon-11 of LA, generating a delocalized substrate-based radical that is subsequently quenched 

rapidly by oxygen across a wide range of oxygen concentrations.75 From the large body of 

available experimental data,74,76 the C-H bond cleavage step of SLO is rate-limiting and 

irreversible. Under saturating substrate concentrations, this step is associated with a large primary 

KIE of 80 (Table A.4) that is weakly temperature dependent (i.e ΔEa = 0.9 kcal/mol), confirming 

a deep tunneling reaction mechanism (Figure A.3B). Further, the C-H bond cleavage step has been 

concluded to precede molecular oxygen insertion into the substrate radical via a channel that is 
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distinct from the substrate binding channel.77 The oxygen channel provides the regio-specific 

nature of the hydroperoxide product. 

             

Figure A.7: Reaction mechanism for the oxidation of LA by SLO. The first and rate-limiting step 

is C-H activation, in which the proton moves to the iron-bound hydroxide and the electron reduces 

Fe(III) to Fe(II). 

 

Important Implication towards Catalysis: Role of Hydrophobic Residues 

SLO has served as an important example of how altering the size of hydrophobic side 

chains surrounding the substrate pocket can impact catalysis through measurable changes in the 

ΔEa.
66,78,79 Three (nearly) invariant, aliphatic residues were identified from inspection of the high 

resolution (1.4 Å) X-ray crystal structure (Figure A.8). Two residues (L546 and L754) flank the 

position where the expected reactive carbon of substrate (carbon-11) resides and an addition 

residue (I553) that is distal from the cofactor site but is anticipated to contact the substrate. As 

shown in Table A.2, the simultaneous mutation of L546 and L754 to the volume-reducing alanine 

sidechain resulted in a 10,000-fold reduction in kcat and an enormous KIE (~660).48,80  

The I553X variants, where X = Ile, Val, Ala and Gly, however, exhibited modest changes 

in the values for kcat and Dkcat, compared to the native enzyme. The most significant kinetic 

parameter to emerge from this mutational study was an increase in the ΔEa from 0.9 kcal/mol in 

WT to 5.3 kcal/mol in I553G that mirrored the reduction in sidechain volume (Figure A.9). These 

data provide robust experimental support for the theoretical formalism that attributes increasing 
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ΔEa values to packing defects within the active site. The consequences of packing defects are 

elongated DADs and increased donor-acceptor distance sampling thermal sampling that leads to a 

greater distance distribution.  The latter the less diffuse 2H wave function to a greater extent than 

1H; from a kinetic perspective, this physical property translates to a disproportionate increase in 

Ea(D) in relation to Ea(H) – in other words, an increase in the ΔEa (Figure A.5). 

 

Table A.4: Kinetic parameters of wild-type (WT) vs. single site, second shell mutants of soybean 

lipoxygenase. 

SLO kcat (s-1) Ea 

(kcal/mol) 

Dkcat ΔEa 

(kcal/mol) 

WTa 297 (12) 2.1 (0.2) 81 (5) 0.9 (0.2) 

I553Lb 273 (10) 0.4 (0.7) 81 (3) 3.4 (0.6) 

I553Vb 91 (5) 2.4 (0.5) 77 (6) 2.6 (0.5) 

I553Aa 280 (10) 1.9 (0.2) 93 (4) 4.0 (0.3) 

I553Gb 58 (4) 0.03 (0.04) 178 (16) 5.3 (0.7) 

L546A/L754Ac 0.021 

(0.001) 

9.9 (0.2) ~660 0.3 (0.7) 

aFrom reference78  

bFrom reference79  

cFrom reference48  
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Figure A.8: Structure of SLO and its active site. The two domains are color coded: wheat, N-

terminal regulatory domain, and light blue, C-terminal catalytic domain. The reactive portion of 

the substrate linoleic acid, pale green, has been modeled into the high resolution X-ray structure 

of SLO (PDB: 3PZW) using experimentally-derived geometric constraints; the reactive carbon, 

C11, is colored black. Relevant aliphatic side chains are shown as pale-yellow sticks. The ferric 

hydroxide cofactor is displayed as orange and red spheres, respectively. Reproduced with 

permission from reference 29. Copyright 2017 JACS. 

 

 

 

 

                                             

 

       

 

Figure A.9: Kinetic-determined ΔEa versus the volume of I553X. Reproduced with permission 

from reference.81 Copyright 2020 Biochemistry. 
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Origins of the Catalytic Activation Energy 

 The temperature dependence of enzyme catalysis (i.e. activation energy, Ea) is often 

challenging to interpret. Factors such as protein conformational changes/thermal melting or 

changes in rate-limiting steps can complicate the analysis. The observation of curvature effects in 

the Arrhenius plots has been attributed to changes in the specific heat capacity of proteins. Due to 

the fact that enzyme reactivity is typically limited to a narrow temperature range, the assignment 

of curvature in an Arrhenius plot is not always compelling. 

 Assuming that careful controls are explored to address these issues, a select few 

interpretations have emerged in the literature that provide a rationale for the empirical temperature 

dependence in the linear range of enzyme rate constants. Perhaps the most important, though the 

least cited, interpretation was provided by Tolman in the 1920’s.  Tolman claimed that the 

activation energy is the result of the difference in the total energy of all reactive states (Ere) relative 

to the total energy of all available states (Ē): 

 

                                                  𝐸𝑎  =  𝐸𝑟𝑒 – 𝐸                                                (7) 

 

This conceptualizes the empirical activation energy as an equilibrium effect and is therefore related 

to collisional theory.82–84 How does this relate to enzyme reactions? The interpretation has been 

extended towards a conformational energy landscape.85,86 While in some ways the conformational 

landscape is analogous to the energy landscape associated with protein folding,87 the 

conformational landscape relevant to catalysis is linked to more subtle and stochastic fluctuations 

(i.e. randomized wiggling and jiggling). From this model, catalysis then results from the successful 
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achievement of a subset of uniquely competent conformations. In contrast to the ‘induced fit’ 

model, the catalytically-linked conformational sampling (landscape) is ‘slaved’ to the solvent.88  

 

Important Implications towards Catalysis: Protein Thermal Networks 

 If the solvent-protein interactions are responsible for the temperature dependence of 

catalysis, then how is thermal energy transferred from the surface to buried, solvent-excluded 

active sites? Given the deep tunneling behavior in enzyme catalyzed C-H activation, as established 

for the SLO reaction, a second critical property emerged concerning the physical origins of the 

empirical temperature dependencies governing catalysis. 

 From Marcus theory, the probability of wavefunction overlap (Figure 4, bottom) is 

inherently temperature independent. Further, the C-H bond cleavage step from SLO, that is well 

modeled to this modified theory, is rate-determining and irreversible. Thus, the observed activation 

energy, Ea, must originate from the reorganization of the enzyme-substrate complex. This property 

enables us to provide a clear picture into how heat is transferred to activate catalysis when the 

active site is ‘insulated’ from solvent.  In the case of SLO, the application of hydrogen-deuterium 

exchange (HDX) as a function of temperature provided the ability to spatially examine the 

thermodynamics of local protein fluctuations.89 HDX reports on the exchange of peptidyl amide 

N-H to N-D when the protein is incubated in deuterium oxide as a function of time and 

temperature. 

 From the comparative analysis of the regional activation energies of HDX, Ea(HDX), versus 

mutational impact on the activation energy from catalysis, Ea, a thermal conduit involving a 

nonconserved loop was identified (Figure A.10).89 This spatial resolution study was expanded to 

temporal analysis using temperature dependent fluorescent Stokes shifts and the site-selective 
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incorporation of a blue-shifted fluorophore at position 322 (at the tip of the thermal loop).90 A 

model for this behavior has been advanced in which collisions at the solvent:loop (including 

peptide 317–334) interface initiate thermal activation that is then transmitted toward the donor-

acceptor pair, located 15–34 Å from the surface loop. 

                    

Figure A.10: Diagram of the protein network in SLO that mediates thermal activation (left). This 

was determined from the impact of mutation on Ea(kcat) for the rate limiting hydrogen transfer step 

in comparison to Ea(HDX) derived from spatially resolved hydrogen deuterium exchange 

experiments (right). The peptide, 317-334, is colored orange on the SLO model. Reproduced with 

permission from reference 89. Copyright 2017 ACS Central Science. 

 

 Such proteins networks have also been implicated in the tetrameric C-H activation enzyme, 

alcohol dehydrogenase.91–93 These findings provide experimental evidence for thermally induced 

“protein quakes”90 as the origin of enthalpic barriers in C-H activation catalysis. 

 

Concluding remarks and path forward 

 The awesome catalytic power of natural enzymes coupled with the emergence of only a 

select few man-made ‘de novo enzymes’ to match the benchmarks of moderately proficient 

enzymes, underscores the fact that the classical view of enzyme catalysis (i.e. transition state 
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stabilization) is not the complete picture of how enzymes work. In this Chapter, several important 

implications for enzyme-catalyzed C-H activation reactions have been presented: 

 

1) Active site compaction 

2) Involvement of protein motions to promote wave function overlap 

3) Importance of hydrophobic residues to facilitate substrate positioning 

4) Discrete protein networks for thermal activation of catalysis 

 

 Considering that the few successful examples of de novo enzymes require several (8-16) 

rounds of directed evolution (i.e. randomized mutagenesis) and are often achieved through 

mutations at remote sites from the active site, elaboration of the above listed principles may 

ultimately allow us to expand the guidelines for the design of de novo catalysts towards C-H 

activation reactions that constitute a significant number of biologically and industrially relevant 

chemical transformations. The outlined guidelines above were developed through rigorous kinetic 

isotope effect studies coupled with biophysical tools including X-ray crystallography, hydrogen-

deuterium exchange (HDX), and time-resolved spectroscopic methods. Such mechanistic 

strategies are expected to provide important information into designed (or redesigned)94 enzyme 

reactions to identify the rate limiting steps of catalysis and to guide the incorporation of these 

additional catalytic features to help overcome the current barriers.95 
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