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ABSTRACT 

 Bacteria two-component flavin-dependent systems are upregulated for sulfur 

acquisition under sulfur limiting conditions. Two-component flavin-dependent systems are 

comprised of a reductase (SsuE/MsuE) that catalyzes the reduction of flavin, and the 

monooxygenase (SsuD/MsuD) catalyzes the desulfonation of organosulfur compounds 

for sulfur acquisition. The unique reactions catalyzed by these systems are enabled by a 

diverse range of structural features: π-helix, oligomeric changes, and protein-protein 

interactions. However, it is not clear how these structural features work synergistically to 

catalyze flavin reduction, transfer, and desulfonation. In this study, we take a holistic view 

of these structural features by investigating how they are coordinated for overall catalysis. 

SsuE and MsuE belong to the NADPH:FMN reductase family and they share 30% 

amino acid identity. Results from several studies revealed that SsuE exists in different 

oligomeric states depending on the technique utilized. However, the precise oligomeric 

state of the reductases and how it functions in flavin reduction and transfer have not been 

explored. The oligomeric state of SsuE and MsuE were determined in the presence and 

absence of substrates. SsuE exists as a tetramer but shifts to a tetramer-dimer 



equilibrium in the presence of NADPH or FMN. Interestingly, MsuE exists as a dimer in 

the apo form and with NADPH present. However, MsuE shifts from a dimer to a tetramer 

in the presence of flavin. These results reveal that the oligomeric state of SsuE and MsuE 

is altered in the presence of substrates. Transfer of reduced flavin from SsuE to SsuD 

was observed to occur through protein-protein interactions. Experiments were performed 

to determine if the oligomeric changes of SsuE are coordinated with the formation of 

protein-protein interactions with SsuD. In the presence of FMN, the proposed SsuE-SsuD 

complex was formed and the dimeric form of SsuE was the predominant form. The dimer 

interface of SsuE will expose protein interaction sites required for the efficient transfer of 

reduced flavin. The dimer-dimer interface of SsuE houses the π-helix which has been 

proposed to be responsible for flavin transfer. The π-helix is a distinct secondary structure 

which is characterized by an insertional residue into an α-helix that differentiates 

canonical flavoproteins from two-component FMN reductases. Results from previous 

studies revealed that the insertional residue is not solely responsible for the structural 

differences between these reductases. The insertional residue in SsuE is the Tyr128 and 

a Tyr126 was found in a similar position in a canonical flavoprotein, chromate reductase 

(ChrR). Clearly, additional structural adaptations may be responsible for the structural 

divergence between these reductases. Variants of ChrR (Q132P, Q127D, Q132P/127D 

ChrR) were generated from the conserved residues on the π-helical region of two-

component FMN reductases. There was no measurable oxidase activity nor desulfonation 

activity with SsuD for any of the ChrR variants. Interestingly, wild-type and Q132P ChrR 

were capable of transferring electrons to ferricyanide in ferricyanide assays. However, 

Q127D and Q132P/127D ChrR had no measurable ferricyanide activity. Further studies 



would need to be performed to evaluate the structural differences between these 

reductases. The unique π-helix of FMN reductases clearly bridges the functionality of the 

oligomeric changes of SsuE that are linked to protein-protein interactions critical for 

reduced flavin transfer.  
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CHAPTER ONE 

LITERATURE REVIEW 

1.1 Sulfur Metabolism in Bacteria 

1.1.1 Role and Availability of Sulfur 

Sulfur is the sixth most abundant element on the earth surpassed by oxygen, iron, 

magnesium, silicon and nickel.1 However, the biomass of sulfur by weight is less than 

1%. Sulfur is ubiquitous, and it exists in different forms such as sulfate minerals with 

gypsum (CaSO4), in crystal rocks, or as sulfide minerals in the earth’s mantle as pyrite 

(FeS2).2–4 Also, it is present as dimethyl sulfide in the ocean, and as a trace gas in the 

atmosphere.1 The main reserve of sulfur occurs in the form of inorganic sulfate in the 

ocean. The global sulfur cycle is formed from the steady exchange of sulfur atoms from 

volatile sulfur gases as sulfur dioxide and hydrogen sulfide which are released into the 

atmosphere.1 These gases are emitted from different sources including artificial human 

activities, volcanic eruptions, and biological tissue decomposition.3,5 

Next to calcium and phosphorus, sulfur is the most abundant element found in the 

body.6,7 The principal proteinogenic sulfur amino acids include methionine and cysteine 

and they are incorporated into proteins.8 The other primary amino acids are comprised of 

carbon, hydrogen, oxygen, and nitrogen atoms only.9 In mammals, methionine is an 

essential amino acid acquired by dietary intake while cysteine is nonessential and can be 

synthesized from methionine. Methionine from the diet can provide all the required sulfur 

for the body excluding vitamins, thiamin, and biotin. However, in microorganisms, 

cysteine and homocysteine are the precursors of methionine. Methionine and its 

derivative, N-formyl methionine initiates amino acid synthesis in eukaryotes and 
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prokaryotes, respectively. Most of these methionine residues are removed after initiation, 

which suggests that their role lies in the initiation of translation but not in protein 

structure.10 Methionine is one of the most hydrophobic amino acids often present in 

globular proteins and it is present in the protein hydrophobic interior. In membrane-

spanning proteins, methionine can interact with the phospholipid bilayer.9 Cysteine plays 

an important role in protein structure. Its unique ability to form inter and intrachain disulfide 

bonds with other cysteine atoms is pertinent for the stability of the protein backbone. 

Sulfur is an important constituent of tissue proteins and sulfur containing amino acids 

influence protein metabolism.11 Due to the redox properties of sulfur, it is a constituent of 

antioxidants such as glutathione which ensures that cellular integrity is not compromised 

by participating in the removal of radicals, toxic agents, and reactive oxygen species.12 

Cysteine and methionine are precursors for the synthesis of several non-proteinogenic 

amino acids (taurine), vitamins and cofactors (thiamine, Coenzyme A, Coenzyme M, S-

adenosylmethionine, biotin, lipoic acid), electron carriers (iron-sulfur (Fe-S) clusters), 

sulfate in adenosine-5’-phosphosulfate and phosphoadenosine-5’-phosphosulfate and 

other sulfur containing biomolecules.7,13–16  

Sulfur is present in different stable compounds where it can have either positive or 

negative oxidation states and these compounds are a part of the global sulfur cycle.3,17,18 

Sulfur isotope data from different Archean and preanthropogenic rock samples suggest 

that sulfur derived metabolism dates back several billion years.19–23 Natural and 

anthropogenic contributions of sulfate make up most of the sulfur available in the 

atmosphere. The assimilation of sulfur for the synthesis of sulfur containing biomolecules 

is made possible through the utilization of inorganic and organic sulfur sources in the 
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environment. Readily available forms of inorganic sulfur are predominantly sulfate and 

sulfide.3 Sulfide functions as a signaling molecule in mammals and as a defense 

mechanism against oxidative stress in bacteria.24–26 When sulfide levels are high, it is 

oxidized to sulfate and thiosulfate in heterotrophic bacteria as a means of 

detoxification.27–29 The different inorganic states of sulfur have been well investigated, 

however the organic forms of sulfur, its metabolism and mechanisms of regulation have 

not been fully explored.30 

1.1.2 Sulfur Assimilation in Bacteria 

Sulfur metabolism requires significant energy in the form of ATP. The first step in 

sulfur assimilation is the entrance of sulfate into the cell through a sulfate permease 

before subsequent activation and reduction steps that are energy consuming.31 The 

intracellular space where reduced sulfur resides has an electric potential that is highly 

negative (-70 mV). Also, due to the presence of oxygen in the intracellular space, cell 

compartmentalization is required for the maintenance of a low oxidation reduction 

potential.30 

Inorganic sulfate (SO4
2-) is transported into the cell and activated with ATP by an ATP 

sulfurylase (1) to generate adenosine phosphosulfate (APS) and pyrophosphate.32 APS 

is further transformed to 3’-phosphoadenosine phosphosulfate (PAPS) by 

phosphorylation at the 3’-OH position (2). This reaction is catalyzed by APS kinase which 

requires a second ATP molecule (Fig. 1.1).30 PAPS is reduced by PAPS reductase (3) to 

yield sulfite (SO3
2-) and adenosine 3’-5’ diphosphate (PAP) as a by-product.3,30 Lastly, 

sulfite ion is reduced by a NADPH-sulfite reductase (4) to sulfhydryl ion (bisulfide), HS-

.33,34 The biosynthesis of cysteine and other sulfur biomolecules is initiated from the 
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reaction of bisulfide, HS- with an organic substrate, O-acetylserine (5).35 The metabolism 

of sulfur in bacteria is generally similar with that of plants except for a few differences. 

Plants can use only inorganic sulfate for the acquisition of sulfur; however, many bacteria 

can utilize alternative sulfur sources including sulfonates (RSO3
-) and sulfate esters 

(ROSO3
-).36  

 

 
Figure 1.1: Sulfur assimilation pathway and biosynthesis of cysteine in bacteria. (Adapted 
from30,34,35). 
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Plants, bacteria, and algae can reduce APS directly to sulfite bypassing the PAPS 

step. This reduction is catalyzed by APS reductase (APR) (6); however, fungi and certain 

enteric bacteria such as Escherichia coli and Salmonella typhimurium utilize the second 

phosphorylation step catalyzed by PAPS reductase.37 These reductases catalyze the first 

committed step in the biosynthesis of cysteine and are present in several human 

pathogens. APR plays a crucial role in the regulation of sulfate assimilation and reduction 

in plants and its activity is directly linked to the survival of the persistent stage of infection 

of Mycobacterium tuberculosis.34,38–41 An increase in the concentration of APS serves as 

a positive effector for the upregulation of sulfur assimilation enzymes 42,43 Also, an excess 

of reduced sulfur inhibits the uptake and assimilation of sulfate and O-acetylserine or its 

isomer, N-acetylserine, serves as a positive regulator for the biosynthesis of sulfur.44,45 

1.1.3 Sulfur Trafficking and Incorporation into Biomolecules 

The chemistry of essential sulfur containing molecules such as cofactors, vitamins, 

and RNA thio-nucleosides has been well studied. However, the biosynthetic process by 

which sulfur is incorporated into these biomolecules has just begun to be fully explored. 

This is because persulfides were only recently discovered and they are unstable which 

makes them difficult to be investigated.46 Bisulfide, generated from the reduction of 

inorganic sulfate was the likely source of sulfur for the biosynthesis of cysteine at low 

micromolar concentrations.33 However, bisulfide is toxic, and recent reports show that 

cells can utilize persulfides as a safer medium for the delivery of sulfur.33 Persulfides can 

be formed in vivo by two mechanisms. The first mechanism occurs between bisulfide and 

cysteine disulfides (RSSR) or sulfenic acids (RSOH). The second mechanism requires 

the action of enzymes such as cysteine desulfurases and 3-mercaptopyruvate sulfur 
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transferases on nonactivated sulfur compounds.47 The sulfur atoms in persulfide have 

three dissimilar oxidation states which makes them capable of acting as both electrophiles 

and nucleophiles (Fig. 1.2).33 Due to its oxidation state, sulfane sulfur (S0) acts as an 

electrophile which is susceptible to attack by nucleophiles. Different reactions can be 

observed in the presence of nucleophiles including an attack on either of the inner 

(sulfenyl) (Fig. 1.2A) or outer (sulfhydryl) sulfur atoms (Fig. 1.2B), deprotonation of the 

alpha-carbon and deprotonation of the sulfhydryl group.48–50 Less nucleophilic reagents 

(hydroxide and sulfite) attack the inner sulfur atom while stronger nucleophiles (cyanide 

and thiolate) attack both sulfur atoms.33,46 The more reduced forms of persulfides, 

persulfide (S1-) or sulfide (HS-) are more nucleophilic when compared to thiols.50,51 

Increased nucleophilicity arises as a result of the alpha effect where the terminal sulfur of 

the persulfide group acts as a nucleophile leading to the formation of a disulfide bond (R-

S-S-R) (Fig. 1.2C).48,52 

 

Figure 1.2: Persulfides can act as both electrophiles and nucleophiles in sulfur trafficking. 
a) The inner sulfur or b) the outer sulfur can act as an electrophile and c) the terminal 
sulfur can function as a nucleophile. (Adapted from33). 
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Cysteine is essential for the synthesis of different biomolecules. Persulfides in 

proteins are formed by a family of enzymes called cysteine desulfurases. These enzymes 

utilize the cofactor pyridoxal 5’-phosphate to catalyze the conversion of L-cysteine to 

alanine and sulfane sulfur through the formation of an enzyme bound persulfide 

intermediate (Fig. 1.3).53–56 The persulfide formed is subsequently infused into the 

pathways responsible for the synthesis of sulfur containing biomolecules.  

 

 

The first cysteine desulfurase that was characterized was NifS from Azobacter 

vinlandii, which catalyzes the transfer of sulfur for the synthesis of iron-sulfur clusters in 

nitrogenase enzymes.57,58 However, E. coli has three cysteine desulfurases that are 

homologous to NifS: IscS, CsdA (also known as CSD), SufS (also known as CsdB) and 

many pathways rely on these enzymes for sulfur provision.59,60 IscS is involved in the 

biosynthesis of thiamin, thio-nucleosides, molybdopterin and iron-sulfur cluster assembly 

(Fig. 1.4). IscS also supplies sulfur for tRNA modification pathways.61 CsdA can function 

in either iron-sulfur cluster assembly or may traffic sulfur for the biosynthesis of 

molybdopterin. SufS presumably generates and repairs iron-sulfur cluster assembly when 

IscS-dependent systems are inactive due to oxidative stress or iron paucity.33,62 

Figure 1.3: Cysteine desulfurases catalyze the formation of persulfides from free 
cysteine.56 Copyright © 2014 Elsevier B. V. 
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Another enzyme system that plays a role as the acceptor of the terminal sulfur of the 

persulfide group is the Rhodanese homology domain proteins. The active site cysteine of 

rhodanese attacks the terminal sulfur of thiosulfates to form an enzyme persulfide and 

sulfite.63 The terminal sulfur on the enzyme persulfide is acted upon by a cyanide to 

generate thiocyanate and the active site cysteine is regenerated for another cycle of sulfur 

transfer. Many organisms such as archaea, bacteria and eukaryotes contain the 

rhodanese domain proteins, signifying their utility in sulfur transfer.63 Rhodanese also 

functions as a persulfide carrier in the biosynthesis of 4-thiouridine in tRNA and 

molybdopterin.33 

Sulfur containing biomolecules plays diverse functional roles in cells. Molybdopterin 

combined with the molybdate cofactor is essential in the overall catalysis of enzymes 

Figure 1.4: Biosynthesis of sulfur-containing cofactors involving the three sulfur 

acceptors (Thil, IscU, and TusA) in E. coli.
56

Copyright © 2014 Elsevier B.V. 
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such as sulfite oxidase, aldehyde oxidase and xanthine dehydrogenase.64 These 

enzymes catalyze the transfer of oxygen to or from a biological molecule.65 The sulfur 

atom of molybdopterin acts as a ligand to coordinate the binding of the molybdenum 

cofactor for catalysis to occur.66–68 Biotin is an essential cofactor crucial for the 

metabolism of amino acids, biosynthesis of fatty acids, and in replenishing intermediates 

of the TCA cycle. The final step catalyzed by biotin synthase in the synthesis of biotin is 

the incorporation of a sulfur atom into dethiobiotin to generate biotin.69 Biotin is present 

in different carboxylase enzymes where it aids in the transfer of carbon dioxide between 

metabolites. Several thio-modified transfer RNAs (tRNA) such as 4-thiouridine are crucial 

for accuracy during translation.70 Some tRNA modifications act as biochemical sensors 

for environmental stress.71 The functions of the thio-nucleosides may be dependent on 

where the modified group is located on the tRNA.56 Modifications present at the T-loop 

and D-loop of tRNA function in maintaining structural stability and serve as recognition 

centers for tRNA-modifying enzymes.57 

1.1.4 Organosulfur Sources utilized during Sulfur Starvation Conditions 

Bacteria utilize sulfur from diverse sources for their growth and survival. Sulfur can 

be assimilated from a broad range of sources such as inorganic sulfate, thiosulfate, sulfite 

and sulfide.72,73 The preferred sulfur source is cysteine and inorganic sulfate. In the 

laboratory, bacteria are grown in media that contains sulfate and amino acid sulfur 

obtained from cell hydrolysates or in an excess of inorganic sulfate.74 The percentage 

availability of inorganic sulfate in the environment is often low, so bacteria utilize 

organosulfonates as an alternative sulfur source for sulfur acquisition. Organosulfonates 

are naturally occurring compounds often found in large portions (˃95%)  in organic matter 
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in soil and marine sediments.75–77 Some examples of these compounds include sulfate 

esters, sulfonates, organosulfides, and sulfamates.36,72,78 Many of the organically bound 

sulfur compounds not only serve as sulfur sources for bacteria but also as sources for 

carbon and energy.74,79 

During sulfur limiting conditions, certain enzymes under the sulfate starvation 

response are expressed for the utilization of organosulfur compounds.80 These proteins 

are termed sulfate starvation-induced proteins (SSI) and when expressed they comprise 

proteins utilized for the acquisition of sulfur and proteins involved in organosulfonate 

uptake into the cells.78,81 SSI proteins were first identified in E. coli, where they were 

upregulated in the presence of sulfonate sulfur as the sulfur source in place of inorganic 

sulfate.82 SSI proteins expressed in E. coli include tauABCD and ssuEADCB genes (Fig. 

1.5).83 These proteins utilize linear aliphatic sulfonates and taurine as sulfur sources 

which are desulfonated when sulfate is limiting and are repressed in the presence of 

sulfate.84,85   

 
Figure 1.5: The tau and ssu operons induced during sulfur limiting conditions in E. coli 
(Adapted from85). 
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TauD of the tau operon represents an α-ketoglutarate (α-KG)-dependent 

dioxygenase that desulfonates the substrate, taurine (2-aminoethane sulfonate) to 2-

aminoacetaladheyde and sulfite.86 This reaction is dependent on the presence of 

molecular oxygen, iron (II), and α-ketoglutarate (Fig. 1.6).36,85 The entire reaction leads 

to the formation of sulfite and succinate showing that the desulfonation of taurine and 

decarboxylation of α-ketoglutarate are indeed coupled. The dioxygenase, TauD utilizes, 

albeit poorly, other substrates such as butanesulfonate, pentanesulfonate, and 3-(N-

morpholino) propanesulfonic acid) buffer (MOPS).87  

 

The ssu operon encodes genes that enable bacteria to utilize alkanesulfonates 

when sulfur is limiting. SsuE expressed from the ssu operon is a flavin reductase that 

catalyzes the reduction of flavin by NAD(P)H and transfers reduced flavin to the 

monooxygenase partner, SsuD. The flavin-dependent monooxygenase, SsuD relies on 

Figure 1.6: Desulfonation of taurine (2-aminoethanesulfonate) by TauD to sulfite and 

aminoacetaldehyde. (Adapted from36). 
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reduced flavin transferred from SsuE to catalyze the desulfonation of a range of 

substrates to the corresponding aldehyde and sulfite (Fig. 1.7).88 The substrate range 

includes linear aliphatic sulfonates (ethanesulfonate to tetradecanesulfonate), substituted 

ethane-sulfonic acids, and sulfonated buffers.83 However, SsuD does not catalyze the 

desulfonation of such substrates as methanesulfonate, sulfonates, taurine and cysteate. 

The monooxygenase, SsuD, is found in a broad range of bacteria species. Often, the 

reductase, SsuE is located on the same operon as an SsuD homologue.89 However, in 

Corynebacterium glutamicum, and Burkholderia cenocepacia the reductase is absent on 

an operon that encodes SsuD.90–92 In such cases, SsuD may utilize reduced flavin 

supplied by a non-specific reductase. This phenomenon has been observed in 

Nitrilotriacetate monooxygenase from Chelobacter heintzii, where its specific reductase, 

NmoB was replaced by a reductase from Photobacterium fischeri.85  

 

Figure 1.7: Desulfonation of alkanesulfonates by SsuE and SsuD of the alkanesulfonate 

two-component FMN-dependent system. (Adapted from88). 
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The tauABC and ssuABC genes code for ATP-binding cassette (ABC-type) 

transporters involved in the uptake of taurine and alkanesulfonates into the cell.87,93,94 

TauA and SsuA have been observed to act as periplasmic sulfonate binding proteins. 

TauB and SsuB as well as TauC and SsuC could function as ATP binding proteins and 

permease proteins, respectively (Fig. 1.8).76,85 The transportation of taurine into the cell 

is only mediated by the TauABC transporter proteins and longer-chain alkanesulfonates 

by the SsuABC system. It was observed that the TauABC and SsuABC transporter 

proteins are not exchangeable.85 In certain instances, some substrates such as 

butanesulfonate and 3-aminopropanesulfonate served as substrates for both systems 

and were translocated by either transporter proteins.83  

Figure 1.8: Uptake and desulfonation of alkanesulfonates and taurine in E. coli. 

Alkanesulfonates and taurine are transported into the cell via SsuABC and TauABC transport 

system. (Adapted from85). 
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Certain genes are upregulated under the sulfur starvation response which enables 

other organisms utilize additional organosulfur sources under sulfur limiting conditions. 

Pseudomonas putida utilizes arylsulonates, dimethyl sulfide (DMS), dimethyl sulfonate 

(DMSO2), and methanesulfonate as an alternative sulfur source and the ssuEADCBF 

gene was essential for the desulfonation of these substrates.74,78,80,95,96 Also, arylsulfatase 

activity was observed in Pseudomonas aeruginosa after growth with a diverse range of 

sulfate esters and with alternative sulfur sources such as taurine, cysteine sulfonate, 

cysteine sulfinate and cysteic acid.96,97 The ssu, tau, and msu operon are utilized by 

Pseudomonas sp. for sulfur acquisition from these organosulfonates.98  

The msu operon encodes the msuEDC gene product responsible for the 

desulfonation of methanesulfinate, a product of the oxidation of dimethylsulfide.99 The 

msuEDC operon encodes MsuE, the NADPH-dependent FMN reductase that supplies 

reduced flavin to two different monooxygenases, MsuD and MsuC.31,100 MsuC and MsuD 

are FMNH2-dependent monooxygenases that catalyze the oxidation of  methanesulfinate 

and methanesulfonate respectively. The product from the oxidation of MsuC, 

methanesulfonate is converted to sulfite by MsuD. 

1.1.5 Regulation of ssi Operons 

The assimilation of sulfur from organosulfur compounds when inorganic sulfate is 

limiting is under the influence of sulfur starvation proteins (SSI).81 The synthesis of these 

proteins is repressed in the presence of sulfate and cysteine but upregulated in the 

absence of sulfate or in the presence of organosulfonates. Regulation of the sulfur 



15 
 

starvation proteins, ssuEADCB and tauABCD in E. coli is performed by the CysB protein. 

The CysB protein is a transcriptional regulatory protein of the LysR family.72 CysB is a 

global regulator of sulfur assimilation for both inorganic and organic sulfur sources. It 

binds upstream of the -35 region of several promoters of cysteine biosynthesis.101–103 

CysB is in turn positively regulated by the binding of a coinducer, N-acetylserine or O-

acetylserine, however it is downregulated in the presence of antiinducers, thiosulfate or 

sulfide (Fig. 1.9).72,102,104 The cys regulon not only encodes the genes for the synthesis 

of cysteine but also the genes utilized for the uptake and desulfonation of 

organosulfonates.72 

 

Figure 1.9: Proposed model for the mechanism of sulfur assimilation by CysB and Cbl in 

E. coli. (Adapted from
85

). 
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The synthesis of the periplasmic proteins, SsuA and TauA is a costly process and 

has a second level of regulation involving a specific LysR regulator. Cbl is a “CysB-like” 

protein present in E. coli that regulates the synthesis of the tau and ssu operon. The 

expression of the cbl gene is regulated by CysB which is an extra level of regulation by 

the cell. Under sulfate starvation conditions, Cbl binds upstream of the -35 region of the 

ssu promoter and CysB and Cbl have been shown to both interact with the tau operon 

promoter region.72,105 However, when sulfate is in excess, an intermediate in the sulfate 

assimilation pathway, adenosine-5’-phosphosulfate (APS) serves as corepressor of 

Cbl.43,81 It also inhibits Cbl DNA binding leading to the absence of ssu and tau operon 

expression.78  

SSI protein expression in pseudomonads is different from E. coli. CysB has been 

shown to be vital for sulfur assimilation in Pseudomonas sp.; however, there is no 

equivalent cbl gene in P. aeruginosa and P. putida.106,107 Several specific regulators have 

been reported through extensive research performed on pseudomonads.108–110 However, 

it is still unknown how they regulate sulfur starvation conditions and control the expression 

of the genes required for sulfur assimilation from organosulfonates.106,107 

1.2 Flavin and Flavoproteins 

1.2.1 Flavin 

Many proteins utilize a flavin cofactor to catalyze diverse biological processes.111 

The compound, flavin (7,8-dimethylisoalloxazine) was first identified by Wynter Blyth as 

a yellow pigment that was isolated from cow’s milk, which he termed lactochrome (Fig. 

1.10).87,111 Subsequent research efforts by different groups isolated a yellow compound 

with bright green fluorescence which was later found to be a component of the vitamin B 
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complex. The structure of this compound was determined by Richard Kuhn and other 

prominent scientists to be riboflavin.112,113 The name derives from its constituents, the 

ribityl side chain and the yellow color stems from the conjugated ring system. Other 

structures which were later identified had slight modifications of the riboflavin parent 

compound.114 These structures include natural occurring flavins; flavin mononucleotide 

(FMN) and flavin adenine dinucleotide (FAD), which are the forms of riboflavin that enable 

different enzymes to carry out diverse functions.115 Flavin cofactors may be either 

covalently bound or act as co-substrates to a wide variety of enzymes where they play 

different roles in the catalytic process. 

 

 

 

Figure 1.10: The isoalloxazine ring of flavin. 
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Naturally occurring flavins such as lumiflavin, riboflavin, FMN and FAD contain the 

tricyclic isoalloxazine ring, which is the business-end of the flavin molecule; however, the 

difference in the structures lies in the R-groups (Fig. 1.11).116 Due to this adaptability, 

they are found as cofactors or substrates in different enzymes such as dehydrogenases, 

oxygenases, oxidases, oxidoreductases, and electron transfer proteins.117,118 Flavins 

have been implicated in a variety of processes, their versatility range from two-electron 

transfers in enzymes such as the dehydrogenases to participating in one-electron transfer 

processes with their different free radical states.111 Due to these unique properties, they 

are an important component of multi-redox enzymes such as nitric oxide synthase, 

cytochrome P450 systems, succinate dehydrogenase and xanthine oxidase.112 

 

 

Figure 1.11: Structures of naturally occurring flavin molecules. 
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1.2.2 Spectral Properties of Flavins 

Riboflavin is produced by all green plants and many microorganisms. It is a water-

soluble vitamin which is vital for the growth and survival of humans and animals.  

However, riboflavin cannot be synthesized by humans but can be acquired from different 

dietary sources, most notably vegetables and milk.119,120 Initial synthesis of riboflavin 

begins with the opening of the imidazole ring of guanosine triphosphate (GTP) and 

culminates in the formation of the isoalloxazine ring from another precursor, ribulose 5-

phosphate.121,122 Riboflavin is also the precursor of all biologically active flavins such as 

FMN and FAD. The conversion of riboflavin to FMN is catalyzed by flavokinase or 

riboflavin kinase and this reaction is an adenosine triphosphate (ATP)-dependent 

reaction.120,123,124 The biosynthesis of FAD from FMN is catalyzed by FAD synthetase 

which is also dependent on ATP. 

These coenzymes were proposed to participate in different redox processes 

through the transfer of one or two electrons.125 Flavin transfer reactions are made 

possible through the formation of three oxidation states: oxidized or quinone state, one-

electron reduced (semiquinone) and two-electron reduced (fully reduced) states (Fig. 

1.12).126,127 These three oxidation states have characteristic absorbance spectra and 

different ionic states that makes them distinguishable from each other. The different 

absorption spectra of flavin are due to the different redox forms and protonation levels. 

There are about nine forms in free solution, six of which are physiologically feasible due 

to their pKa values.115 These properties are dependent on the enzyme environment and 

provide useful information about the environment where the flavin is located.  
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Oxidized flavin is yellow in color because of the isoalloxazine chromophore, which 

is visible at approximately 450 nm. The absorption spectrum of oxidized flavin is impacted 

by the ionization states with pKa of approximately 0 and 10 and protonation at N1 and 

deprotonation N3-H respectively (Fig. 1.13).115,125 However, these pKa values are not 

attainable physiologically. Also, oxidized flavin is prone to nucleophilic attack, specifically 

at the C(4a) and N(5) position.126 At neutral pH, and when not bound to protein, 

semiquinone flavin is formed from an equimolar amount of oxidized flavin and reduced 

flavin.126 This reaction is in an equilibrium and shifts in favor of the semiquinone species 

when protein is bound.  

Figure 1.12: Distinct spectral properties of flavin that correspond to different oxidation 

states. Copyright © 2020 Elsevier Inc. All Rights Reserved. 
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Reduction of oxidized flavin by the addition of one electron produces the 

semiquinone or monoprotonated form.118 Flavin exists as an amphoteric molecule with 

three different redox states: neutral, anionic and cation species. The neutral semiquinone 

has a characteristic blue color and a broad absorbance at 600 nm, with a spectra 

maximum at 615 nm and another at 580 nm. The cationic and anionic semiquinone has 

a red color with pKa values of 2.3 and 8.3 respectively and their spectral properties are 

different.128 The cationic semiquinone is formed at extremely low pH values. The neutral 

and anionic flavosemiquinone are the more biologically active species that are found in 

flavoproteins. 

Flavin reduction generated by the addition of two electrons or two single-electrons 

to the semiquinone form yields hydroquinone or 1,5-dihydroflavin (fully reduced flavin). 

Figure 1.13: Flavin can exist in nine physiological redox and ionic states. (Adapted 

from115). 
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This reduced form is colorless in a dilute solution due to the absence of any prominent 

electronic transitions in the visible region. However, at high concentrations, the fully 

reduced flavin shows a deep reddish color due to a low absorption intensity around the 

500 nm region. Reduced flavin has one biologically relevant ionization state with a pKa of 

approximately 6.5 and the deprotonation occurring at the N(1)-H position.129 Several 

studies have revealed that reduced flavin is a flexible molecule with bending occurring 

along the N(5)-N(10) axis and its nucleophilicity and reactivity is dependent on the degree 

of bending.129 

Flavins also form charge-transfer complexes with various compounds which are 

observed in biochemical systems. Charge transfer complexes are electronic states that 

do not belong to any of the three redox states. In these molecular complexes, oxidized 

flavin acts as the acceptor while the reduced species is the donor.126 These complexes 

have distinguishable weak absorption spectra between 500 and 800 nm. The distinct 

redox, ionic, and electronic states add to the complexity of flavin and can be regulated in 

different enzymes providing rich insights into the interaction between the cofactor and the 

enzyme.128  

1.2.3 Flavoproteins 

Flavoproteins are proteins that utilize flavin as a cofactor or co-substrate for 

catalysis. Due to their versatility and the various reactions that they catalyze they have 

been implicated in many important physiological processes required for the sustenance 

of living organisms.119 Flavoproteins are grouped based on the number of electrons 

involved in the reaction, the substrates utilized for catalysis, their structural motif, and the 

physical and chemical properties of the enzymes.115 Classification of flavoproteins is 
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difficult because of the diversity in the types of reactions they catalyze and their different 

biological functions.130 However, it has been shown that enzymes that catalyze similar 

reactions may have common properties unique to that class. 

Flavoproteins participate in many essential reactions through one and two-electron 

transfers.111,116,131 Canonical flavoproteins catalyze these reactions with flavin tightly or 

covalently bound while flavin-free proteins require a continuous supply of flavin.116,132 

Flavoproteins are generally categorized as oxidases, dehydrogenases, reductases, and 

monooxygenases.133–135 These enzymes catalyze a broad range of biological processes 

including DNA repair, photochemistry, energy metabolism, protein folding, detoxification, 

chromatin remodeling etc.136 Flavin oxidases utilize molecular oxygen for substrate 

oxidation and produces hydrogen peroxide in two-half reactions. In the reductive-half 

reaction, the organic substrate is oxidized yielding fully reduced flavin. Oxidized flavin is 

regenerated by dioxygen in the oxidative half-reaction.111 Examples of flavin oxidases 

include glucose, D-amino acid and monoamine oxidases.137–139 Flavin dehydrogenases 

utilize organic coenzymes such as quinones or NAD+ or pyrroloquinoline quinone as 

electron acceptors but do not use dioxygen.140 Some examples of flavin dehydrogenases 

include acyl-CoA, alcohol, and succinate dehydrogenases. The next two sections will 

focus on the properties and function of flavin reductases and monooxygenases. 

1.2.3.1 Flavin Reductases 

Flavin reductases (FR) or NAD(P)H-flavin oxidoreductases refer to enzymes that 

catalyze the reduction of flavin mononucleotide (FMN) and/or flavin adenine dinucleotide 

(FAD) utilizing reducing equivalents from NAD(P)H to generate reduced flavin using this 

equation (Eq. 1): 
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F + NAD(P)H + H+  FH2 + NAD(P)+                                                             (Eq. 1) 

The reduced flavin (FH2) produced from this reaction is essential for different 

biological functions such as release of iron from ferrisiderophores, activation of 

ribonucleotide reductase and chorismate synthase, oxygen activation, bacteria 

bioluminescence, and reduction of methemoglobin.141–143 Many flavin reductases are 

bacterial enzymes, however some are from mammalian sources. These flavin reductases 

are usually small in size and belong to the flavodoxin-like superfamily. The flavin 

reductases which have been identified in the flavodoxin superfamily belong to four major 

groups according to the SCOP database: quinone reductases, flavodoxin-related 

proteins, WrbA-like proteins, and NAD(P)H:FMN reductases.89 In the NADPH:FMN 

reductase family, canonical flavoproteins have flavin bound and they catalyze the 

reduction of a variety of substrates such as quinones, azo dyes, cyanide, and chromate. 

Two-component reductases belong to the NADPH:FMN reductase enzyme family and 

these reductases are flavin-free proteins and function in providing reduced flavin as a 

substrate to monofunctional flavin-dependent monooxygenases. The monooxygenases 

only catalyze oxidation half-reactions and would require reduced flavin from an external 

source.144 

1.2.3.2 Flavin Monooxygenases 

Reduced flavoenzymes react with dioxygen. Typically, fully reduced flavin remains 

at the enzyme active site throughout the catalytic cycle preventing flavin from non-

enzymatic reactions with oxygen. However, uncontrolled oxygen reductions often leads 

to the generation of reactive oxygen species which are toxic and react nonspecifically 

with many cellular compounds.111,134,145 Non-enzymatic reactions of reduced flavin with 



25 
 

oxygen leads to wasteful consumption of energy from continuous utilization of 

physiological energy sources such as NADH or NADPH, which donate electrons for flavin 

reduction.146 Therefore, oxygen-utilizing enzymes need to be tightly controlled to prevent 

the formation of unwanted reactive oxygen species. 

  Flavin monooxygenases depend on flavin reductases for the reduction of oxidized 

flavin. Flavin monooxygenases utilize molecular oxygen (O2) to oxygenate an organic 

compound and the reaction relies on reduced flavin to donate electrons to O2 for activation 

(1) (Fig. 1.14). The initial reaction for flavin-dependent monooxygenases is the activation 

of dioxygen by reduced flavin to generate reactive intermediates peroxyflavin (Fl-OO-) or 

hydroperoxyflavin (Fl-OOH). First, a caged radical pair of neutral flavin radical and 

superoxide (II) is formed from the reduction of dioxygen by one-electron from reduced 

flavin (2).125 The caged radical pair thus formed has several routes. The radical pair is 

unstable and can collapse into a nucleophile, C4a peroxyflavin (4) and on protonation 

generate the electrophilic form, hydroperoxyflavin (5).111 The hydroperoxyflavin formed 

can eliminate hydrogen peroxide to generate oxidized flavin (6). Both intermediates can 

insert one oxygen atom into a substrate and the other oxygen atom in dioxygen is 

converted to water.111 The hydroperoxyflavin species are generally involved in 

hydroxylation reactions while the peroxyflavin form functions in the cleavage of the 

carbon-carbon or carbon-sulfur bonds next to the carbonyl group of the sulfonated 

substrate. Lastly, the radical pair can dissociate into its components, flavin radical and 

superoxide as side reactions (3). The superoxide generated can react with peroxide to 

produce hydroxyl radicals. 
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1.3 Two-Component Flavin-Dependent Systems 

1.3.1 General Overview of Two-Component Flavin-Dependent Systems 

Two-component flavin-dependent systems are comprised of a flavin reductase and 

monooxygenase. The reductase and monooxygenase genes of the two-component 

flavin-dependent systems are usually expressed together on the same operon. The flavin 

reductase catalyzes the reduction of flavin, while the monooxygenase catalyzes the 

cleavage of the oxygen-oxygen bond of dioxygen and inserts one oxygen atom into a 

substrate and reduces the other oxygen to water.147 The mechanism of catalysis of the 

monooxygenase proceeds through the activation of oxygen to form a C4a-(hydro) 

peroxyflavin intermediate which can act as a nucleophile or electrophile depending on the 

Figure 1.14: Activation of dioxygen by reduced flavin (Adapted from111). 
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nature of the reaction.147 The flavin reductase catalyzes the reductive half-reaction, while 

the partner monooxygenase catalyzes the oxidative half reaction. Most canonical 

flavoproteins catalyze both the reductive and oxidative half-reactions without needing a 

separate flavin reductase. 

Several two-component flavin-dependent systems have been characterized. All 

two-component systems have been identified in bacteria and they utilize flavin as a 

substrate. They are involved in bioluminescence, the biosynthesis of antibiotics, the 

oxidation of long-chain alkanes, the desulfonation of sulfonated compounds and the 

oxidation of environmental aromatic and polycyclic compounds for utilization as sources 

of carbon.147 The first two-component flavin-dependent system that was identified and 

investigated thoroughly was bacterial luciferase (Fig. 1.15).148,149 Bacterial luciferase 

utilizes reduced flavin, a long chain aliphatic aldehyde and dioxygen to generate 

carboxylic acid with the  emission of blue-green light.145,150 Bioluminescent proteins have 

been used to study various biological functions such as protein-protein interactions, 

identification of  transcription factors, investigation of the functional state of proteins in the 

cell and as bioreporters.151–153 

Some two-component flavin-dependent systems degrade chelating agents 

nitrilotriacetate (NTA) and ethylenediaminetetraacetic acid (EDTA) and the products are 

utilized as sources for energy.147 Nitrilotriacetate monooxygenase system (NTA-MO) 

catalyzes the oxidation of nitrilotriacetate to iminodiacetate and glyoxylate. NTA 

monooxygenase utilizes reduced flavin from its partner reductase, component B.154,155 

The EDTA monooxygenase EmoA degrades EDTA to ethylenediaminetriacetate (ED3A) 

and glyoxylate and further breaks down ED3A to ethylenediaminediacetate. This system 
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is also capable of degrading NTA and diethylenetriaminepentaacetate (DPTA). EmoB, 

the flavin reductase in the EDTA monooxygenase system supplies reduced flavin to 

EmoA monooxygenase.147,156,157 Other FMN-dependent systems are associated with the 

biosynthesis of antibiotics. The Actinorhodin VA monooxygenase system identified in 

Streptomyces coelicolor catalyzes the hydroxylation of kalafungin to form 

actinorhodin.158,159 The other system involved in the biosynthesis of the polyunsaturated 

cyclic peptolide, pristinamycin IIA is SnaA (PIIA synthase). This reaction involves an 

oxidation reaction and not the oxygenation reaction typically observed in 

monooxygenases.160,161 

Other two-component systems involved in the acquisition of sulfur have been 

investigated. Sulfur acquisition from dibenzothiophene (DBT) involves two separate FMN-

dependent monooxygenase systems. The first two steps are catalyzed by the DszC FMN-

dependent monooxygenase systems that convert DBT to DBT sulfone. A second FMN-

dependent monooxygenase, DszA converts DBT sulfone to 2-hydroxylphenyl-2-

sulfinite.162–164 This system was the first system identified to utilize a single flavin 

reductase to supply reduced flavin to two separate FMN-dependent monooxygenases, 

DszC and DszA.165,166 
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The alkanesulfonate monooxygenase system SsuE, an FMN reductase and the 

SsuD monooxygenase are utilized for the cleavage of the C-S bond of diverse 

alkanesulfonates to generate sulfite and aldehyde during sulfur limiting conditions. 

Several two-component FMN-dependent systems were identified in Pseudomonas sp. 

that are utilized for the acquisition of sulfur. P. aeruginosa and P. putida can utilize a 

broad range of sulfonated substrates. In addition to acquiring sulfur from 

alkanesulfonates, these organisms utilize dimethylsulfone (DMSO), an oxidation product 

Figure 1.15: Reactions catalyzed by different two-component flavin-dependent 

monooxygenase systems (Adapted from147). 
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of dimethylsufide (DMS) when sulfur is limiting in the environment (2) (Fig. 1.16).100 

Reduced flavin is supplied by SfnF in P. putida, a flavin reductase to the monooxygenase 

partner, SfnG for the conversion of dimethylsulfone to methanesulfite and formaldehyde 

(3). A comparable SfnF homolog has not been identified in P. aeruginosa. 

Methanesulfinate is converted to methanesulfonate (MSA) by the methanesulfinate 

monooxygenase system which comprises the flavin reductase, MsuE and its partner 

monooxygenase, MsuC (4).100 The desulfonation of methanesulfonate is catalyzed by 

MsuE, which transfers reduced flavin to the monooxygenase, MsuD to produce sulfite 

and aldehyde (5).  The methanesulfinate and methanesulfonate monooxygenase 

systems utilize separate FMNH2-dependent monooxygenases, MsuC and MsuD but a 

single FMN reductase, MsuE.31,167 

 

 

1.3.2 Kinetic Mechanisms utilized by Two-Component Monooxygenase Systems 

1.3.2.1 FMN Reductases of Alkanesulfonate Monooxygenase Systems 

Flavin reductases of two-component systems catalyze the reduction of flavin by 

utilizing electrons from pyridine nucleotides, NAD(P)H. Most of the reductase enzymes 

are smaller than their partner monooxygenase. The reductases typically show a 

preference for either NADPH or NADH, while some reductases utilize both similarly.144 

Figure 1.16: Desulfonation of dimethyl sulfide (DMS) in Pseudomonas sp. (Adapted 

from31,167). 
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They are also specific for either FMN and/or FAD, and this specificity extends to the 

monooxygenases (Fig. 1.17).94,147  

 

 

 

 

Different kinetic mechanisms have been observed for the binding and release of 

reduced flavin and the pyridine nucleotide. These mechanisms are dependent on whether 

the reductase contains flavin as a tightly bound cofactor or if it is utilized as a substrate. 

Flavin reductases with tightly bound flavin utilize a ping-pong mechanism for flavin 

reduction. For the ping-pong mechanism, the bound flavin is reduced by the pyridine 

nucleotide (Fig. 1.18A). This is accompanied by the release of the pyridine nucleotide, 

followed by the binding of a second flavin which is reduced by the bound flavin.147,168,169   

Figure 1.17: Structures of reduced pyridine nucleotides and the isoalloxazine ring of 
flavin a) Structure of pyridine nucleotides NADH or NADPH. The letter (X) represents the 
difference between the two molecules. b) Reduction of NAD(P)H to NAD(P)+ and FMN to 
FMNH2. 

A) B) 
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The kinetic mechanism for flavin binding and release for the flavin reductase, 

EmoB is a ping pong mechanism. The crystal structure of EmoB was solved with two 

FMN molecules stacked with similar conformations. The deeply inserted FMN molecule 

was the cofactor while the other FMN molecule located at the surface acts as the 

substrate which is reduced by NADH. Conversely, the reductases which utilize reduced 

flavin as a substrate follow an ordered sequential mechanism where either flavin or the 

pyridine nucleotide binds first, and a ternary complex is formed (Fig. 1.18B). The 

formation of the ternary complex is a prerequisite for the reduction of flavin in the ordered 

sequential mechanism. Following the reduction of flavin, either the oxidized NADP+ or 

reduced flavin is released first followed by the other product.158,169 

 

 

In the two-component alkanesulfonate monooxygenase system, the flavin 

reductase, SsuE was purified without flavin bound and oxidized flavin is utilized as a 

Figure 1.18: Flavin reductases utilize either ping-pong or ordered sequential mechanism 
for the binding and release of flavin and the pyridine nucleotide. a) Flavin reductases with 
flavin bound follow a ping-pong kinetic mechanism. b) Flavin reductases which utilize 
flavin as substrate follow an ordered sequential kinetic mechanism. FL represents the 
flavin substrate. (Adapted from147). 
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substrate. Although SsuE was able to reduce other substrates such as riboflavin and 

FAD, the enzyme had a higher affinity for FMN. Also, SsuE showed equal preference for 

NADH and NADPH for the supply of reducing equivalents.94,147 A higher binding affinity 

of about 1000-fold was observed with oxidized flavin as compared to the reduced form 

indicating that SsuE preferred oxidized flavin.170,171 The binding and release of oxidized 

flavin followed an ordered sequential mechanism, with NADPH binding first, followed by 

oxidized FMN to form the ternary complex. With the formation of the ternary complex, 

charge transfer intermediates are formed which generates reduced FMN, then the 

products dissociate sequentially with NADP+ release.170 

Single wavelength measurements at 450 and 550 nm identified three steps 

involved in flavin reduction following formation of the ternary complex.172 Flavin 

reductases that utilize flavin as a substrate generally form charge-transfer complexes in 

the reductive-half reactions.173,174 The initial step is a fast phase involving the formation 

of a charge-transfer complex between NADPH and FMN (CT-1) with a rate constant (k1) 

of 241 s-1. The next step is the hydride transfer step with the formation of the charge-

transfer complex between oxidized NADP+ and reduced flavin (CT-2) with a rate constant 

(k2) of 11 s-1 (Scheme 1.1). The last phase is the decay of the charge transfer complex 

to generate MC-2 with a rate constant (k3) of 19 s-1, or this may represent the release of 

products from CT-2. The rate limiting step for flavin reduction in SsuE was the hydride 

transfer step as evidenced from isotope studies.172 Hydride transfer was inhibited at 

increased flavin concentrations and flavin inhibition has been reported for other flavin 

reductases. Due to the tight binding of FMN to SsuE, the increased concentration of FMN 

might result in FMN occupying the active site of SsuE, occluding the binding of NADPH.172 
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The kinetic mechanism for the binding and release of flavin was observed to follow 

a sequential ordered mechanism. SsuE catalyzes the transfer of reduced flavin to SsuD 

for the desulfonation of alkanesulfonates to yield sulfite. The steady state kinetic 

parameters of SsuE showed no change in NADPH oxidase assays when SsuD was 

present. Interestingly, the kinetic parameters of SsuE changed in the presence of SsuD 

and the octanesulfonate substrate, following a rapid equilibrium-ordered kinetic 

mechanism. In the rapid equilibrium ordered kinetic mechanism, the NADPH substrate 

and the NADP+ product are in equilibrium with the free enzyme.170 This implies that the 

rate of the reaction is not dependent on the concentration of NADPH and the equilibrium 

favors the formation of the ternary complex. The dissociation constant (Kd) of SsuE was 

comparable to the Km of SsuE in single enzyme assays, which suggests that the Km 

represents the Kd value. In the presence of SsuD and octanesulfonate, the Km increased 

10-fold implying a decrease in FMN binding. The decrease in flavin binding in the 

presence of SsuD ensures that upon reduction of flavin, it is transferred from SsuE to 

SsuD. The observed change in the kinetic mechanism from a sequential ordered to rapid 

equilibrium ordered favors the formation of the ternary complex and facilitates reduced 

flavin transfer. This would lead to the desulfonation of the alkanesufonates and prevent 

oxidation of reduced flavin which would generate oxygen radicals.170 

 

Scheme 1.1 Formation of charge-transfer complex in FMN reduction by SsuE. (Adapted 

from172). 



35 
 

1.3.2.2 Structural Features utilized by FMN Reductases 

NADPH-FMN reductases are members of the flavodoxin-superfamily based on a 

flavodoxin fold. The flavodoxin fold is an α/β protein fold which consists of two α-helical 

layers that sandwiches five-stranded parallel β-sheets (Fig. 1.19). Flavin reductases have 

a characteristic conserved flavodoxin motif (T/S)XRXXSX(T/S) located in the loop for the 

binding of flavin.175,176 The conserved motif in EmoB is located on loop SPSRNSTT from 

residues 11 to 18 and the flavodoxin motif for SsuE is located on SPRFPSRS from 

residues 8 to 15.177 

 

 

The crystal structure of SsuE was determined in three different states: apo-SsuE, 

FMN-bound SsuE and FMNH2-bound SsuE. The three-dimensional structure was solved 

utilizing molecular replacement of the crystal structure of EmoB, which shares about 37% 

Figure 1.19: The flavodoxin fold of NADPH:FMN reductases of two-component flavin 

monooxygenase systems. 
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sequence identity with SsuE. In the three structures solved, four chains in the asymmetric 

unit form a tetramer with 222 symmetry. The four chains constitute chains A and B and 

chains C and D which are pairs that form two different types of half-tetramers (dimer of 

dimers) (Fig. 1.20).89 

 

 

 

The crystal structure of the FMN-bound form of SsuE shows one FMN molecule 

occupying the same site as other flavoprotein reductases and a second FMN molecule in 

chains A-C that is less ordered compared to the first FMN molecule. SsuE has the 

characteristic flavodoxin fold with five central β-strands arranged in a β2- β1- β3- β4- β5 

sandwiched by α-helices, with two helices (α2A and α2B) located between β1 and β2.  

Figure 1.20: SsuE tetramer showing the dimer of dimers. 

A 

C 

B 
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The phosphate group of the well-ordered FMN forms interactions with residues Ser 8, Ser 

13, Ser 15 and Arg 10 residues of SsuE (Fig. 1.21).89 

 

The three-dimensional structure of FMNH2-bound SsuE was achieved by treating 

FMN-soaked crystals with dithionite to generate the reduced form. In this structure, one 

flavin molecule was bound to chains A, C and B but no FMNH2 was bound to chain B. 

Also, the electron density of the crystal with FMNH2 was weaker implying that there was 

either low occupancy or less rigidity. The absence of FMNH2 in chain B was proposed to 

Figure 1.21: The three-dimensional structure of the active site of SsuE showing residues 

that position FMN. The amino acid residues Ser 8, 13, 15 and Arg 10 interacts with the 

phosphate group of FMN in the active site. PDB:4PTY. 
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be caused by the stabilization of the “out” conformation of Arg 10 which in the FMN-bound 

SsuE crystal structure shifts to the “in” conformation.89 Results from previous binding 

studies show that SsuE had a 1000-fold higher binding affinity for oxidized flavin 

compared to the reduced form (FMNH2). Less affinity for the reduced flavin exhibited by 

SsuE might imply that when oxidized flavin is reduced it is readily transferred to SsuD.  

From previous studies, SsuE was shown to exist as a dimer, however it existed as 

a tetramer in the three-dimensional structure.89,94 The three-dimensional structure of 

FMN-bound SsuE was generated by soaking SsuE crystals in a large excess of FMN.89 

Therefore, the oligomeric state of the SsuE/FMN complex stems from the crystal lattice 

of apo SsuE and does not represent its true oligomeric state upon FMN binding. Also, in 

the crystal structure of SsuE with flavin bound, there were two FMN molecules bound to 

some monomers.89 Previous studies established that SsuE binds to flavin in an equimolar 

fashion, one monomer of SsuE binds one molecule of FMN. This observation with the 

FMN-bound SsuE might be due to the excess of flavin utilized to obtain the crystal of 

FMN-bound SsuE. 

In addition to the flavodoxin fold that was observed in the three-dimensional 

structure of SsuE, a distinct π-helix is present in the conserved α4 helix found in canonical 

flavoproteins. The π-helix is characterized by an insertional amino acid, and in the amino 

acid sequence alignment with other flavin reductases, the insertional residue for SsuE is 

Tyr118.89 The π-helix is only found in FMN reductases under the same sub-branch as 

SsuE, and it is conserved among them. It is proposed that the π-helix differentiates the 

canonical flavoproteins from two-component flavin reductases. 
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1.3.2.3 FMNH2-Dependent Monooxygenases of Two-Component Monooxygenase 

Systems 

Two-component FMNH2-dependent monooxygenases catalyze the oxidation of a 

diverse range of substrates. In the alkanesulfonate monooxygenase system, SsuD 

catalyzes the oxygenolytic cleavage of the carbon-sulfur bond of alkanesulfonates to 

generate sulfite and the corresponding aldehyde when sulfur is limiting in the 

environment. The desulfonation reaction was proposed to proceed through the formation 

of a C4a-(hydro)peroxyflavin intermediate generated by the reaction of dioxygen and 

reduced flavin supplied by SsuE. However, there has been no spectra evidence for the 

C4a-peroxyflavin intermediate for the SsuD enzyme.  

For the longest time, flavoprotein monooxygenases were proposed to catalyze 

oxygenation reactions with a transient C4a-peroxyflavin intermediate. The proposed 

reaction intermediate could either be C4a-hydroperoxyflavin (Fl-OOH) or a C4a-

peroxyflavin (Fl-OO-) intermediate. These intermediates are utilized for aromatic 

hydroxylation or Baeyer-Villiger oxidation reactions. Recently, the oxygenation reaction 

has been proposed to occur through an unprecedented flavin oxygenating species 

proposed as the flavin N5-oxide intermediate (FlN5O) (Fig. 1.22). This intermediate has 

been overlooked in past years because of the limitation often encountered with protein 

crystallography where X-ray radiation causes artificial reduction of flavins and other redox 

groups. Also, dithiothreitol (DTT) which is often utilized for protein purification and storage 

reduces the N5-oxide making it undetectable in UV-vis spectroscopy. The formation of 

the flavin N5-oxide as an intermediate has been observed in EncM, which catalyzes the 

key step in the biosynthesis of the unusual polyketide antibiotic, enterocin.166,178 Also, the 
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flavin N5-oxide can be generated as the final product, and has been shown in different 

two component monooxygenase enzymes such as DszA and RutA.165,179,180 DszA is 

involved in dibenzothiophene sulfone oxidation to a sulfinic acid and RutA catalyzes the 

oxidative amide cleavage of uracil to 3-ureidoacrylic acid. A RutA like O2 reactivity motif 

critical for N5-oxygenation was found in a monooxygenase, YxeK. The monooxygenase, 

YxeK present in Bacillus subtilis catalyzes the oxidative cleavage of the C-S bond of N-

acetyl-S-(2-succino) cysteine to generate oxaloacetate and N-acetylserine. Yxek is a 

critical enzyme in a pathway that detoxifies and exploits S-(2-succino)-adducts for 

utilization as sulfur sources. S-(2-succino)-adducts are formed spontaneously from the 

reaction of cysteine and citric acid cycle intermediate fumarate. The proposed C-S bond 

cleavage catalyzed by Yxek may depend on flavin N5-peroxide (FlN5OO) rather than the 

flavin N5-oxide adduct (FlN5O).181 Based on what has been observed with similar two-

component monooxygenases like SsuD, we propose that the enzyme catalyzes the 

desulfonation of organosulfonates utilizing the flavin N5-oxide intermediate.182,183 

 

 

Figure 1.22: The flavin-N5-oxide intermediate. 
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1.3.2.4 Structural Features of FMNH2-Dependent Monooxygenases 

The monooxygenase, SsuD shares similar structural properties with other flavin-

dependent monooxygenases, LadA and bacterial luciferase. They all belong to the 

bacterial luciferase structural family. The monooxygenases in this family form a 

triosephosphate isomerase (TIM)-barrel fold which consists of eight alternating α-helices 

and β-strands arranged in sequence, with the parallel β-strands surrounded by an α-

helical shell (Fig. 1.23). Proteins with the TIM-barrel fold have their active sites located at 

the C-terminal end of the β-barrel.184–187 Although SsuD belongs to the bacterial luciferase 

family, there is some deviation from the classical TIM-barrel structure with the presence 

of several insertion regions. One insertion region prominent in SsuD contains a loop that 

was mostly unresolved in the three-dimensional structure implying conformational 

mobility in this region. This disordered loop is conserved in all SsuD homologs and is 

located close to the active site of SsuD.188,189 The disordered loop has been proposed to 

cover the active site following the binding of substrates and may be responsible for the 

conformational changes observed in kinetic studies.190,191  

Figure 1.23: The TIM-barrel fold in SsuD is comprised of eight alternating α-helices and 

β-strands arranged in sequence. The unresolved loop structure is highlighted in brown. 
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Loop closure over the active site protects substrates and intermediates from bulk 

solvent during catalysis. The flexible loops contribute to the architecture of the active site 

and aids substrate binding during catalysis in TIM-barrel proteins. The functional role of 

the flexible loops was investigated by studying the variants of conserved residues in the 

loop region. The Arg297 residue located on the insertion sequence near the disordered 

loop region is present in SsuD from different bacterial organisms. The role of this residue 

was investigated utilizing several approaches. The variants, R297A and R297C SsuD had 

no measurable activity in desulfonation assays; however, the activity of R297K SsuD 

showed an approximate 30-fold decrease in catalytic activity compared to wild-type 

SsuD.192  Also, partial deletion variants of the loop region were able to bind reduced flavin 

with comparable binding affinities as the wild-type enzyme. However, the reduced flavin 

environment in the active site of the deletion variants of the loop region was similar to the 

reduced flavin environment in the absence of SsuD. This indicates that the loop aids in 

maintaining the structural integrity of the enzyme active site.  

Conformational changes caused by the binding of substrates have been reported 

for wild-type SsuD from previous kinetic studies. These changes could be because 

closure of the loop may facilitate conformational changes exhibited by SsuD which is 

consistent with what is observed in other TIM-barrel proteins.190,191,193 The variants, 

R297K and R297A SsuD were investigated for their role in substrate binding and/or loop 

closure. These variants were more prone to tryptic digestion compared to wild-type SsuD 

in the presence of FMNH2 only or FMNH2 and octanesulfonate. This suggests that Arg297 

located on the mobile loop plays a key role in stabilizing the conformational change 

instigated by the binding of reduced flavin.192  
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The loop region was observed to be highly active and flexible in molecular 

simulation experiments when both octanesulfonate (OCS) and the C4a-peroxyflavin 

intermediate (FMNOOO-) were bound to SsuD.194 Additionally, three mobile loop 

conformations caused by substrate-induced conformational changes were observed by 

accelerated molecular dynamics (aMD) in SsuD. These distinct loop forms include: 

“open,” “closed” and “semi-closed” conformations. The open conformation was observed 

when SsuD was substrate-free while the closed conformation was the dominant form 

when SsuD was bound solely with reduced flavin (FMNH2). In the closed conformation, 

the mobile loop closes over the binding pocket of SsuD preventing unproductive oxidation 

of FMNH2 in the absence of OCS. The semi-closed conformation was observed with the 

addition of OCS to the active site of SsuD with FMNH2 already bound. This conformation 

may be important for the entrance of dioxygen into the binding pocket, or it better positions 

the substrates for oxygenolytic cleavage. A semi-closed or closed conformation was the 

tentative conformation observed with OCS and FMNOOO- bound. This observation 

implies that the putative oxygenating intermediate may be the N5-peroxyflavin 

intermediate which has been observed in several two-component monooxygenases that 

share similar structural features with SsuD.195 

Several conserved amino acid residues were located at the active site of SsuD, 

and similar residues were present in V. harveyi luciferase LuxAB, which shares about 

15% amino acid identity with SsuD.88,196 This implies that though these enzymes are 

structural homologs with low sequence identity, they may fold similarly and utilize similar 

residues that are vital for catalysis. Conserved active site amino acid residues utilized for 

flavin binding in LuxAB were similarly arranged in SsuD.186 Several conserved active site 
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residues were observed in SsuD (Cys54, His11, His333, Tyr331, His228 and Arg226) and 

variants of these residues were generated to investigate their importance in enzyme 

catalysis (Fig. 1.24). The Cys54 residue is the only cysteine in SsuD, and it is 

hypothesized to play a role in stabilizing the proposed C4a-(hydro)peroxyflavin   

 

intermediate.171,197 A conserved residue, His44 in bacterial luciferase was observed to 

function as a catalytic base in the bioluminescence reaction.147,198 A similar histidine 

residue, His228 was shown in SsuD and substitution to an alanine reduced the catalytic 

efficiency by half. However, the His11 and His333 SsuD variants showed comparable 

activity with wild-type SsuD. These results suggested that the histidine residue was not 

Y331 

H333 

R226 

H228 

F7 

R297 

C54 

Figure 1.24: The active site residues in the monooxygenase, SsuD. PDB:1M41. 
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responsible for the abstraction of a proton and another active site residue, Arg226, was 

proposed to perform this function. The variant R226A and R226K SsuD did not show any 

measurable activity. However, kinetic isotope effects show Arg226 playing a dual role in 

facilitating the activation of oxygen by stabilizing the C4a-(hydro)peroxyflavin 

intermediate and in the protonation of FMNO- intermediate which causes conformational 

changes that leads to product release.199  

1.3.2.5 Mechanism of Reduced Flavin Transfer in Two-Component Flavin- 

Dependent Systems 

The reduction and transfer of reduced flavin from the FMN reductase to the 

monooxygenase partner is a critical step for the desulfonation reaction to occur. Reduced 

flavin is labile and prone to oxidation when exposed to dioxygen causing the production 

of reaction oxygen species such as hydrogen peroxide and superoxide anion radicals. 

Investigations into the mechanism of the safe hand-off of reduced flavin in these systems 

are critical as it prevents non-enzymatic oxidation of reduced flavin.200 Several 

mechanisms of reduced flavin transfer have been observed including free diffusion, 

channeling, or both (Fig. 1.25).201 

In the free diffusion mechanism, reduced flavin diffuses through bulk solvent from 

the flavin reductase to the monooxygenase without forming protein-protein interactions. 

In E. coli, the transfer of FADH2 from NADP(H)-flavin oxidoreductase (HpaC) and 4-

hydroxylphenylacetate 3-monooxygenase (HpaB) was through free diffusion (Fig. 

1.25A).202 In size-exclusion chromatography, HpaC and HpaB eluted differently, if a 

complex was formed the proteins would have eluted earlier from the column compared to 

the individual proteins. Also, the apparent Km,FAD value of HpaC in coupled assays with 
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HpaB did not change in single reductase assays with HpaC alone.203 This implied that the 

mode of reduced flavin transfer was through diffusion and no protein-protein complexes 

were formed. In the actinorhodin monooxygenase system in Streptomyces coelicolor, 

reduced flavin transfer from the ActVB flavin reductase to the ActVA-ORF5 

monooxygenase occurred through diffusion as observed from affinity chromatography. 

Following diffusion from ActVB to ActVA, reduced flavin reacts with oxygen forming the 

reactive intermediate which hydroxylates the substrate and regenerates oxidized flavin.159 

Initial investigations into the method of flavin transfer in the EDTA two-component 

system proposed that reduced flavin diffuses from the flavin reductase, EmoB to the 

monooxygenase, EmoA.177 However, reports from recent studies have identified protein-

protein interactions as the medium for reduced flavin transfer following several 

investigations utilizing isothermal calorimetry, molecular docking, and kinetic assays (Fig. 

1.25B). From diffusion experiments, reduced flavin was transferred from EmoB to EmoA 

when separated by a membrane. However, the rate of glyoxylate production form EmoA 

was slow compared to when EmoB and EmoA were in physical contact.204 This suggests 

a channeling mechanism that utilizes specific protein-protein interaction sites and the 

proximity of both proteins.205 
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Free diffusion and channeling mechanisms have been reported as the medium for 

reduced flavin transfer in the styrene monooxygenase system in P. putida. Styrene 

monooxygenase is comprised of a reductase, SmoB and the styrene epoxidase, SmoA,  

responsible for FAD-dependent epoxidation of styrene to styrene epoxide.206 In the 

styrene monooxygenase system, flavin dynamics plays a crucial role in reduced flavin 

transfer. A transient flavin-transfer complex is formed whereby the AMP portion of FAD is 

attached to SmoA and the isoalloxazine ring is associated with SmoB. This transient 

complex enables the efficient transfer of flavin with the release of the isoalloxazine ring 

Figure 1.25: Different mechanisms of reduced flavin transfer in two-component 

monooxygenase systems. a) Transfer of reduced flavin by free diffusion. b) Direct 

transfer of reduced flavin by protein-protein interaction (channeling mechanism). 

A 

B 
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of FAD and transfer to the oxygenation site of SmoA, hence preventing unwanted 

interaction of reduced FAD with molecular oxygen in solution.207 

Due to the instability of reduced flavin and its intermediate, several two-component 

flavin-dependent systems utilize protein-protein interactions to protect reduced flavin from 

oxidation in bulk solvent.146 Hydrogen-deuterium exchange mass spectrometry was 

utilized to identify protein-protein interaction sites utilized for flavin transfer in the 

alkanesulfonate monooxygenase system (Fig. 1.26). Protein-protein interaction sites 

identified for SsuE were located on two distinct α-helical regions (78-89 and 119-125), 

which also contains the π-helix. Interaction regions on SsuD are conserved and were 

identified on an α-helix (251-261) and on an α-helix and a loop region (285-295).208 

 

Figure 1.26: Protein-protein interaction sites between SsuE and SsuD were identified 
through HDX-MS. (Adapted from208). Copyright © 2015 American Chemical Society. 
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 The protected sites on SsuD are present at the active site opening connected by 

the loop. This implies that the interaction sites of both SsuE and SsuD would bring the 

active sites into proximity of each other for the transfer of reduced flavin. Positive and 

negatively charged residues which may be involved in the formation of salt bridges were 

observed at SsuE and SsuD protein-protein interaction sites. Electrostatic residues in 

SsuE include Lys77, Lys86 and Lys121 and residues in SsuD involved in binding with 

SsuE include Asp251, Asp252, Glu253 and Lys257.208 Several variants of SsuD 

(DDE(251/252/253)AAA) and ∆D251-A261) were generated to investigate the functional 

role of these binding regions. The triple alanine variant showed a four-fold decrease in 

enzyme activity in desulfonation assays compared to wild-type SsuD, however the 

deletion variant, ∆D251-A261 SsuD showed no measurable activity. The variants had a 

similar binding affinity for reduced flavin as wild-type SsuD. However, the deletion variant 

was not able to bind SsuE implying that there was a disruption of the protein-protein 

interaction region of this variant.208 Two-component systems utilize several distinct 

structural features for the acquisition of sulfur, and they are efficiently coordinated for 

overall catalysis.  

1.4 Structural Features utilized by Two-Component Flavin-Dependent Systems 

1.4.1 Presence of π-Helices in Proteins 

There are different secondary structures required for protein stability and folding. 

The most common secondary structures found in proteins are the α-helices and β-sheets. 

They are both shaped by periodic hydrogen bonding between the backbone carbonyl 

oxygen and the amide hydrogen. Helical structures found in proteins are characterized 

by these hydrogen bonding patterns: α-helix (i→i + 4), 310-helix (i→i + 3), π-helix (i→i + 
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5) (Fig. 1.27 and Fig 1.28). The α-helices are the most abundant helices occurring in 

about 31% of total protein secondary structure while 310-helices makes up about 4%.209 

 

   

 

 

 

A) B) 

Figure 1.27: The top view of π-helix (left) and 310-helix (right). Copyright © 2016, Rights 

Managed by Nature Publishing Group. 

Figure 1.28: The hydrogen bonding patterns and top view of the a) α-helix and b) π-helix. 
Copyright © 2008, American Chemical Society. 
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1.4.2 Structural Properties of the π-Helix 

Formerly, π-helices were not identified in proteins, and they were later reported to 

be rarely found in protein structures. However, recent studies show that they are often 

present but misannotated as an α-helix.210,211 π-helices have now been identified in 

approximately 15% of known proteins and may arise from the insertion of a single amino 

acid into an existing α-helix. The hydrogen bonding pattern in the π-helix is five residues 

apart as compared to 3.6 residues for the α-helix. The π-helices are not found as 

extended forms in proteins but as short π-helical segments. The majority of natural 

occurring π-helices comprise 7 residue segments with 2-type-π-bonds.212 Recent studies 

have grouped the π-helices with other helical structures such as π-bulges, α-aneurisms, 

α-bulges and looping out, all of which exhibit similar features. The π-helices were 

observed to be present and conserved within members of protein superfamilies.213  

  The presumed rarity of the π-helices has been linked to its instability due to its 

structural properties: (1) the dihedral angles, ϕ (-76º) and ψ (-41º) of the π-helix are 

unfavorable. On the Ramachandran plot, they lie at the very edge of the favorable 

minimum energy region; (2) formation of the π-helix is entropically costly because five 

residues need to be aligned to allow the (i→i + 5) hydrogen bonding (Fig. 1.29).214,215 

Also, the diameter of the π-helix is wider than that of the α-helix by 1 Å; (3) main chain 

atoms can no longer form van der Waals contacts due to the larger radius, leading to the 

formation of a hole too small to be filled by a water molecule.214,216 However, results from 

previous studies have shown that π-helices are formed during protein evolution and other 

reports have revealed a transition from an α-helix to a π-helix in molecular simulations                      
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which suggests that the π-helices may not be as unstable as was originally thought.215,217–

219  

 

 

1.4.3 Preferences for Certain Amino Acids in π-Helices 

Secondary structures inherent in proteins have different amino acid preferences in 

certain positions that function in stabilizing protein structure. π-helices show a preference 

for aromatic and large aliphatic amino acids such as Trp, Tyr, Ile, Leu, Asn and His. 

However, it disfavors small amino acids such as Ala, Gly and Pro. The π-helices also 

have specific positions where these amino acids are located. Large amino acids such as 

Trp, Tyr, Ile, Phe, Met and Leu, would most likely be found at the beginning and the end 

of the helix.212 This preference for bulky and hydrophobic residues may be due to the 

stabilization afforded by van der Waals interactions between the side chains of these 

residues. Also, the middle position of π-helices was observed to prefer polar residues 

such as Thr, Ser, Glu and Asn residues, with Asn being the most preferred at this 

position.212  

Positions before and after the π-helix show no clear statistical preference for any 

specific residues except for the first position (+1) where Pro residues are preferred. 

Figure 1.29: Hydrogen bonding pattern in helical structures in proteins. (Adapted from220). 
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Previous reports have shown that the occurrence of the Pro residue leads to disruption 

of at least two adjacent hydrogen bonds due to its cyclic pyrrolidine side chain.220 With 

the π-helices, the Pro residue at the first position would form hydrogen bonds with a 

residue at the π3 position in a seven-residue π-helix.213,221 It has been hypothesized that 

the presence of the proline residue aids in the formation of a β turn.222 However, the 

proline residue has been frequently located where the π-helix converts back to an α-

helix.223 This may imply that the Pro residue at this position serves to terminate the π-

helix. 

 While the π-helix was considered to be rare and unstable, closer investigation into 

this unique secondary structure suggests otherwise. Several factors were observed to 

contribute to the stability of the π-helices depending on its specific conformation and 

amino acid content. Steric repulsion was previously shown to be a destabilizing factor 

due to the close distance of the side chains of the π-helix.224 However, results from recent 

studies report extensive interactions between side chains through van der Waals 

contacts, a small number of electrostatic interactions and aromatic ring stacking. This 

observation aligns with the preference for aromatic and bulky amino acids in the π-helix. 

Also, the alignment of helical residues in the π-helix causes the alignment of main chain 

components involved in hydrogen bonds, leading to shorter and stronger bonds 

compared to α- and 310-helices. Lastly, entropic effects contribute to the stability of 

proteins with π-helices occupying less volume and surface area compared to the α-

helix.212,225 This implies that solvent entropic effects are more favorable for the π-helix 

and may make up for the entropic cost required to align four residues for a single turn in 

the π-helix.212 
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1.4.4 Evolutionary Advantage of π-Helix in Proteins 

The π-helices have been associated with the evolutionary gain of function and new 

and improved roles in different proteins. π-helix structures are located at the enzyme 

active site and participate directly in catalysis. The π-helix in soybean lipoxygenase is 

highly dynamic and its flexibility plays a role in the recognition of the fatty acid substrate 

(Fig. 1.30).226 The π-helix forms a portion of the active site in fumarase C and allows a 

direct connection between the activator site and the active site through several hydrogen  

 

 

bonds.211 In most of these enzymes, the π-helix is conserved within the protein 

superfamily. In acetylcholine esterase, an enzyme that belongs to a subgroup of the α/β 

hydroxylase superfamily, a unique conversion from an α-helix to a π-helix causes a 

change in the shape of the active site. This change allows a new chain segment of the 

enzyme to supply the glutamate of the Glu-His-Ser catalytic triad. In mercuric ion 

reductase, an insertional residue responsible for the change from an α-helix to a π-helix, 

positions a key Tyr residue involved in metal binding into the mercury binding site.213 An 

α-helix to π-helix conversion in UDP-glucose dependent glycosyl transferases, positions 

Figure 1.30: The flexibility of the π-helix in Soybean lipoxygenase increases with 
substrate binding. Copyright © 2014 American Chemical Society. Further permission 
requests should be directed to ACS. 
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a Trp residue at the pyridoxal phosphate binding site.227 The switch from an α-helix to π-

helix correlates well with the transition from the dependence on UDP-glucose to pyridoxal 

phosphate in the phosphorylase branch of the enzyme superfamily.213,228 

Oftentimes, the π-helix may not be directly linked to the active site of the enzyme; 

however, it plays a role in structural versatility that promotes protein function. Formerly, it 

was reported that the active site π-helix of the hydroxylase component of soluble methane 

monooxygenase (MMOH), a member of the bacterial multicomponent monooxygenase 

(BMM), stretches out upon binding of a product analog, 6-bromohexan-1-ol.206,229 

Thorough inspection of the active site shows that there no stretches but with the binding 

of the product analog, one of two overlapping π-helices (πD) is shifted six residues 

towards the C-terminal direction in a peristaltic-like manner. The two overlapping π-

helices (πB and πD) then form one long π-helix. The peristaltic shifts of the π-helix cause 

an expansion of the buried active site of the enzyme in preparation for substrate binding. 

Such movements have been proposed to be utilized as a tenable activation mechanism 

for BMM by their regulatory subunits. Also, the shift in πD was observed to be 

synchronized to a shift in an adjacent π-helix (πE), common to all BMMs. This shift 

transfers the impact of the binding of the regulatory subunit to the active site, showing 

how a π-helix can indirectly influence catalysis. This peristaltic shift was observed in the 

active site π-helix of toluene-4-monooxygenase hydroxylase.230 

The π-helix in FMN reductases is located at the tetrameric interface of the protein. 

The FMN reductases belong to the NADPH:FMN dependent family based on the 

flavodoxin fold present in these enzymes. This family of enzymes have partner 

monooxygenases which require reduced flavin from the FMN reductases for catalysis. 
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Canonical flavoproteins that belong to the flavodoxin-like superfamily do not depend on 

a partner monooxygenase for catalysis and do not possess the π-helix. Other enzymes 

which are FMN reductases and possess the π-helix include EmoB from Mesorhizobium 

sp. BNC1, an uncharacterized oxidoreductase from Corynebacterium dipththeriae, MsuE 

from P. aeruginosa and SfnF from P. putida (Scheme 1.2).89,177,231  

 

 

 

The π-helix in SsuE is characterized by an insertion of Tyr into an α4-helix in the 

subgroup of the NADPH:FMN reductase family. The insertional residues in the π-helices 

of MsuE and SfnF are His126 and His128 respectively.89,231 The π-helix has been 

proposed to provide a gain of function and given its location at the tetrameric interface of 

FMN reductases, it may impart a unique functional role to these group of enzymes. 

Several variants of SsuE were generated to investigate the functional and 

structural role of the π-helix. The Tyr118A variant converted the flavin-free SsuE into a 

Scheme 1.2: The insertional Tyr residue in flavin reductases of two-component 
monooxygenase systems. Copyright (2014) American Chemical Society. 
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flavin-bound form.232 Flavin bound to Y118A SsuE was confirmed through mass 

spectrometric analysis, where the mass of FMN observed after extraction from Y118A 

SsuE was consistent with the molecular weight for FMN. Bound flavin in Y118A SsuE 

was reduced by NADPH in anaerobic titrations. The Y118A SsuE variant was unable to 

support NADPH oxidase activity but there was measurable activity in ferricyanide assays. 

This unusual observation was due to the slow reactivity of Y118A SsuE with oxygen in 

NADPH oxidase assays.232 In addition, there was no measurable production of sulfite in 

desulfonation reactions with SsuD because reduced flavin was not effectively transferred 

from Y118A to SsuD for desulfonation to occur. 

Critical hydrogen bonding interactions across the tetramer inface involving Tyr118 

of the π-helix and FMN may preserve crucial contacts responsible for reduced flavin 

transfer. Also, Tyr118 forms π-stacking interactions with Tyr118 residues of each 

monomer across the tetramer interface (Fig. 1.31). Other variants of Tyr118 were 

generated by taking into consideration the aromaticity afforded by tyrosine (Y118F SsuE) 

and the hydroxyl group of Tyr118 which participates in hydrogen bonding across the 

tetramer interface (Y118S SsuE).233 Additionally, a deletion variant, ∆Y118 SsuE was 

generated to remove the reported insertional residue that forms the π-helix. The Y118S 

variant was purified flavin-bound, like the Y118A SsuE variant but the Y118F and ∆Y118 

SsuE variants were purified flavin free. In NADPH-oxidase assays, there was no 

measurable oxidase activity for the Y118S and ∆Y118 SsuE variants; however, Y118F 

SsuE showed sustained NADPH oxidase activity.233 The binding affinity of the variants 

for FMN were comparable to that of wild-type SsuE. Interestingly, though ∆Y118 SsuE 

had no activity in NADPH-oxidase assays, when flavin was added, it was able to transfer 
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electrons to ferricyanide in ferricyanide assays. The Y118S and ∆Y118 SsuE variants 

could not support desulfonation activity which is consistent with what was observed in 

NADPH-oxidase assays.  

 

 

 

Crystal structures of Y118A without and with FMN and ∆Y118 were generated to 

determine the alterations to the structure of the variants.231 All the SsuE variants were 

crystallized as dimers. Interestingly, the substitution of Tyr118 to Ala converted the π-

helix to an α-helix. The ∆Y118 SsuE variant could not support the helical hydrogen 

bonding pattern for residues 115-119, which resulted in a random coil for these residues. 

Irregular helical turns in the wild-type SsuE create an alternating pattern of hydrophobic 

residues which pack with the opposite homodimer. In contrast, the Y118A SsuE structure 

showed helical turns with equal diameters that disrupts the hydrophobic packing pattern 

Figure 1.31: Interactions involving the insertional residue, Tyr118 in the π-helix across 
the tetramer interface of SsuE. Copyright © 2018, American Chemical Society. 
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and other residues take up new positions in the tetramer interface creating steric clashes 

that makes it impossible to form a stable tetramer.231 However, ∆Y118 SsuE is primarily 

a tetramer because the less rigid broken helix allows for arrangement to regenerate the 

tetramerization interface.231 

The SsuE and MsuE insertional residues are aromatic and may be key in the 

tetramerization interactions mediated by aromatic π-stacking. Further investigations were 

performed to evaluate the effect of the aromatic insertional residues to determine if 

interchanging these residues would generate chimeric proteins (Y118H SsuE and H126Y 

MsuE) which had unchanged kinetic activity.231 The H126Y MsuE variant showed similar 

kinetic parameters as wild-type MsuE in NADPH-oxidase assays which suggests that the 

substitution did not affect the ability of the enzyme to reduce FMN. However, the Y118H 

SsuE variant showed no measurable activity, which implies that reduced flavin was not 

released and reoxidized similar to the Y118A SsuE variants. In coupled assays, the 

H126Y MsuE/MsuD pair showed comparable activity to the wild-type MsuE/MsuD 

enzyme. However, the Y118H SsuE/SsuD showed no measurable desulfonation 

activity.231  The same experiments were performed with the opposite monooxygenase 

partners (H126Y MsuE/SsuD and Y118H SsuE/MsuD) to determine if the release of 

reduced flavin from the reductases, SsuE and MsuE could be triggered through 

interactions with their monooxygenase partner. The results obtained from desulfonation 

assay with H126Y MsuE were comparable regardless of what monooxygenase was 

included. However, Y118H SsuE variant was unable to support the transfer of reduced 

flavin to either monooxygenase (SsuD/MsuD) which shows that the tyrosine to histidine 

substitution did not possess similar functional properties for catalysis as H126Y MsuE.231 
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These findings show the critical role the π-helix plays in two-component FMN 

reductases which makes them different from canonical flavoproteins. The π-helix would 

not be selected if it did not confer a gain-of-function for the FMN reductases. Canonical 

flavoproteins do not require a partner monooxygenase for the reactions they catalyze, 

and they do not have the π-helix. A series of hydrogen bonding patterns between Tyr118 

of SsuE and the isoalloxazine ring of FMN may serve as a medium for communication 

between the oligomerization interface and FMN binding. The location of the π-helix at the 

tetramer interface may trigger the oligomeric changes required for flavin reduction and 

transfer to SsuD for the desulfonation of organosulfonates. 

1.5 Protein Oligomerization 

Protein oligomerization is a phenomenon whereby proteins form supramolecular 

structures that can self-associate to form oligomers ranging from monomers to higher-

order oligomers. Oligomers are composed of multiple subunits which may either form 

homooligomers that have identical subunits, or heterooligomers that are comprised of 

different subunits. Dimers and tetramers constitute the vast majority of oligomers with 

increased number of subunits and odd number oligomers are less prevalent. However, 

most proteins are homo-oligomers. The formation of oligomers is made possible by 

covalent interactions between subunits or by noncovalent interactions such as hydrogen 

bonds, hydrophobic, and electrostatic interactions.234 

Formerly, proteins were thought to exist primarily in only one stable oligomeric 

state hence the possibility that they perform their respective functions in this proposed 

state.235,236 However, recent studies have shown that about 30-50% of proteins self-

associate to form oligomers that  can exist in different oligomeric states and have different 
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functions that serve distinct purposes.236,237 Oligomerization impacts proteins with 

different structural and functional advantages such as improved stability, increased 

complexity, and new opportunities for regulation of enzyme activity.238,239   

1.5.1 Characteristics of Oligomeric Proteins 

Homooligomers can be organized in an isologous state which involves association 

of subunits between the same surface of two monomers related by two-fold symmetry. 

Additionally, oligomerization can occur in a heterologous manner using different 

interfaces.239–241 However, heterooligomers are organized only via heterologous 

associations because their assembly involves different subunits.240,242 Oligomeric 

complexes are further classified as obligate and non-obligate, permanent and transient, 

and strong and weak.243,244  Obligate complexes comprise proteins that are not stable 

when isolated and depend on cooperative folding between the subunits. However, non-

obligate complexes form proteins that can fold on their own, are independently stable, 

and take part in transient or permanent protein interactions.245 Transients interactions are 

further divided into strong or weak interactions.245 

The concentration and dissociation constant of the protein primarily determines its 

oligomeric state where one state dominates over the other.246 Interactions between the 

subunits of the proteins may vary in strength and lifetime and can be quantified by 

measuring the dissociation constant. Many proteins form stable oligomers that do not 

undergo oligomeric changes to perform their specific functions. These proteins have 

protein-protein dissociation constants in the nanomolar range. Other proteins with Kd 

values in the millimolar or micromolar range have a weak tendency to associate with 

changes in oligomerization often caused by certain environmental factors. Some proteins 
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are dynamic, undergoing readily reversible transient changes in the presence of 

substrates and/or other proteins.244,247   

1.5.2 Different Roles of Oligomerization in Protein Metabolism 

Oligomerization is a widespread phenomenon and there are advantages a protein 

obtains from its quaternary structure. Many oligomeric proteins do not carry out their 

activities in one oligomeric state, they undergo changes in their oligomeric states and the 

role of oligomerization in protein structure and function has only recently been explored 

(Fig. 1.32).236 Oligomerization favors the efficient use of genetic material by the synthesis 

of small subunits to form a large protein, rather than utilizing one large gene for protein 

synthesis.  

Oligomerization enhances the complexity of proteins which promotes diverse 

functions. Different oligomers of the same enzyme can have different functions by the 

introduction of a new active site between subunit interfaces.248 Estimates show that about 

one-sixth of oligomeric proteins have active sites present at intersubunit interfaces. Also, 

oligomerization is dependent on enzyme concentration, an increase above the threshold 

of an active oligomeric state may lead to activation. However, a decrease in concentration 

may lead to deactivation and dissociation. Post-translational modification or ligand 

binding can also influence oligomerization to either activate or deactivate enzyme activity. 

Large oligomers are more advantageous because of increased intramolecular 

interactions. The entropic cost of the rigid conformation of larger proteins is over-

compensated by the enthalpic contribution of several weak interactions.248 The formation 

of large oligomers from multiple identical monomers is an economical process and may 
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serve as a general means of enhancing stability against denaturation and degradation. 

Many weak interactions between inter-subunit interfaces affords less exposure to water, 

proteases, and denaturants, which promotes the stability of oligomeric enzymes.248 

Another advantage of oligomerization for enzymes occurs when subunits perform 

different roles that depend on one another.248 The enzyme, tryptophan synthase, is a 

heterotetramer comprised of two α and two β subunits. The product of the α subunit, 

indole, is siphoned off through a hydrophobic tunnel from the α to the β active site, hence 

protecting indole from diffusion. The cooperation between the two subunits enhances the 

catalytic efficiency in forming the final product, tryptophan.249–251 

 

 

 

Due to the location of new active sites at subunit interfaces, oligomeric proteins 

have developed different mechanisms for regulation of enzyme activity.249 The increase 

Figure 1.32: Different roles of oligomerization in enzyme activity. Oligomerization can a) 
increase enzyme activity and stability, b) trigger cooperativity and affect enzyme regulation 
through allostery, c) reveal or conceal new active sites at enzyme interfaces, d) create 
new binding sites which serves as a mechanism for enzyme regulation. Copyright © 2004 
Elsevier Ltd. 
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or decrease in enzyme concentration above a certain concentration can act as a 

mechanism for modulating enzyme activity. Also, the generation of new inter-subunit 

interfaces can produce non-substrate binding sites promoting allosteric regulation or 

substrate binding sites and alter the structure of other subunits leading to cooperativity. 

1.5.3 Mechanisms for Regulating Oligomerization of Proteins 

Oligomeric enzymes can be regulated through several mechanisms. Firstly, the 

binding of small molecules (inhibitors) to the protein interface can block 

oligomerization.252 These inhibitors do not stabilize a specific oligomeric state, for tumor 

necrosis factor (TNF-α), an inflammatory cytokine produced during inflammation binds 

the intact biologically active trimer resulting in rapid subunit dissociation rendering the 

enzyme inactive. Other examples include small molecule inhibitors that bind near the 

oligomeric interface and stabilize a particular conformer such as those that block 

dissociation or stabilize the association between subunits. The transthyretin (TTR) 

tetramer is stabilized from dissociation as this is a prerequisite for the formation of 

insoluble TTR fibrils which has been implicated in several human amyloid diseases. The 

stabilization of TTR tetramer serves as a medium to restrict TTR-associated amyloid fibril 

formation.253–255 Regulation of oligomerization also occurs by the simultaneous binding of 

a small-molecule inhibitor to each subunit present in an oligomeric protein.  

A well-studied mechanism of oligomeric protein regulation is the allosteric modulation 

of enzyme activity through the formation of morpheeins.252 Morpheeins are natural homo-

oligomeric proteins that can exist as a mixture of dynamic oligomeric assemblies that are 

physiologically and functionally different. Lower quaternary assemblies of these proteins 

exist in different conformations (morpheeins) that are in dynamic equilibrium with one 
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another (Fig. 1.33). Regulation occurs through a series of sequential events beginning 

with dissociation of the oligomer, change in conformation in the dissociated form and 

reassociation to a functionally and structurally different oligomeric form.256 The basic 

conformations of the lower oligomeric form of the protein dictate a defined ratio of the  

 

 

higher oligomer form after dissociation. The first enzyme used to study the mechanism of 

regulation of morpheeins was porphobilinogen synthase (PBGS), an essential enzyme 

required for the biosynthesis of all tetrapyrroles such as heme, chlorophyll, and vitamin 

B12. PBGS exists in three different oligomeric states: a high activity octamer, low activity 

hexamer, and two conformations of a dimer.257 The low activity hexamer dissociates into 

a dimer, a conformational change generates the alternate dimer, and the reassociation of 

Figure 1.33: Two-dimensional schematic of the morpheein model in an equilibrium of 
different morpheein forms. Copyright © 2008, International Union of Biochemistry and 
Molecular Biology. Inc. 
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the enzyme to the octamer. The different oligomeric assemblies of human PBGS have 

been observed in solution. The oligomeric equilibrium of PBGS can be changed by 

altering enzyme concentration, ligand concentration, pH or point mutations.257–260 The 

morpheeins were overlooked for many years because enzymes were thought to exist and 

function in one fixed quaternary form, however recent studies have demonstrated the 

utility of the morpheein model.  

1.5.4 Oligomerization exhibited by Two-Component Systems 

Oligomeric changes of FMN reductases of two-component systems have been 

observed and reported. A rapid monomer-dimer equilibrium was reported for FRP, an 

NADPH:FMN reductase from Vibrio harveyi associated with the bacterial luciferase 

system. This equilibrium was dependent on the concentration of the enzyme in both its 

native and apo form, with lower concentrations that was utilized for enzyme assays being 

predominantly in the monomeric form.261 The dimer forms of FerB, an NADPH:FMN 

reductase from Paracoccus dentitrificans has been shown to self-associate to a 

tetrameric form at higher protein concentrations indicating the enzyme is in a dimer-

tetramer equilibrium.262 Changes in oligomeric state during catalysis in LuxG, a flavin 

reductase from Photobacterium leiognathi (TH1) could be one of the factors responsible 

for its half-site reactivity.263 

SsuE was reported as a dimer from initial studies utilizing gel filtration 

chromatography.94 However, SsuE exists as a tetramer in the three-dimensional 

structure. These alternative results suggests that SsuE may exist in a dynamic tetramer-

dimer equilibrium.89 Oligomeric changes may play a role in the catalysis of two-

component systems by either regulating enzyme activity through substrate binding or 
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safe-keeping interaction sites required for the handoff of reduced flavin. Protected protein-

protein interaction sites in SsuE and SsuD were responsible for effective flavin transfer in 

the alkanesulfonate monooxygenase system. These sites were shown to be critical for 

the transfer of reduced flavin from the reductase to the monooxygenase through protein-

protein interactions to prevent autooxidation of reduced flavin.205,208   

1.6 Protein-Protein Interactions  

Proteins work with other proteins in the cell to perform diverse biological 

functions.264,265 These activities are often made possible through protein-protein 

interactions which are important in different physiological processes such as cell cycle 

control, signal transduction, DNA replication, transcription, translation, secretion, splicing 

etc.266–268 In the crowded environment of the cell, proteins can bind with other molecules, 

proteins interact with other proteins through specific intermolecular interactions between 

their distinct interfaces. These interactions are involved in virtually all biological functions 

but the principles governing how proteins interact are not fully understood.268 

Protein interaction networks have been pertinent to the development of drugs, as 

the mechanism of many metabolic disease are better targeted by harnessing information 

from protein homology and protein interaction partners.269,270 Experimental and 

computational methods have been utilized to study protein-protein interactions in cells 

and organisms because these interaction networks are important in drug discovery and 

development.269,271 The interfaces utilized by proteins for interaction are described as that 

portion of two or more polypeptide chains that are close and near-by isolated residues 

that are not covalently linked.272 Across subunit interfaces, two residues are said to be in 

contact if the distance between the Cα atoms of each polypeptide chain is under 6 Å.265,273 
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These residues are termed “near-by residues” and they are important for the clustering 

of interfaces.272  

Protein-proteins interactions can occur through either of two extreme mediums. 

The first medium of interaction between two proteins may occur where a small region of 

one protein fits into the cleft of the other or the two proteins can interact over a large 

surface area. It has been implied that total surface area buried upon interaction of two 

proteins is related to the free energy of association and that hydrophobic interactions are 

the major driving force for the stabilization of protein-protein associations.267,274 The 

minimum amount of surface area buried upon complexation of two proteins is about 600 

Å, which correlates with 30 kCal mol-1 of free energy from hydrophobic contributions.275–

278 This suggests from previous investigations that the free energy of association is not 

evenly distributed across the interface and certain critical residues contribute the bulk of 

the free binding energy. 

Protein-protein complexes could either be homocomplexes (homooligomers) or 

heterocomplexes which consists of heterooligomers or two different proteins that can 

exist independently but associate for catalysis. Though these complexes associate 

through protein-protein interactions, it is important to distinguish between them when 

exploring their interfaces.271 Protein-protein complexes are influenced by the geometric 

and physicochemical properties of the interfaces of protein subunits. Some of them 

include a change in accessible surface area (ASA), planarity as the parameter for shape 

and size, gap volume index to account for complementarity, preference of amino acid 

residues on the surface as a measure of hydrophobicity and polarity, types of secondary 

structure present at the interface, and the extent of conformational change of the 
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protein.279,280 Understanding how proteins interact is important in determining the 

relationship between protein-protein complex formation and their physiological 

relevance.281  

1.6.1  Interface Parameters Involved in Determining Protein-Protein Interactions. 

1.6.1.1 Hot Spots at Protein-Protein Interfaces 

Hot spots at protein interfaces were determined utilizing alanine scanning 

mutagenesis to probe the energetic contribution of individual amino-acid residues present 

at protein-protein interfaces.282 Specific key residues contribute most of the free binding 

energy at protein interfaces and these residues are spread unevenly across the 

interfaces.283 These residues are termed “hot spot residues” because the substitution to 

alanine resulted in a remarkable drop of binding energy (∆∆G ≥ 2 kcal).283,284 Also, it has 

been revealed that hot spots residues correlate well with structurally conserved residues. 

Specific residues at interfaces such as tryptophan and methionine, are often hot spot 

residues.273,285 

The burial of hot spot residues in a hydrophobic environment has been proposed 

to be the main stabilizing force for protein-protein interactions.273,286 An assembly of hot-

spot residues are present within tightly packed regions and are non-random at the 

interface. The clustering of hot spot residues contributes to the stability of the interface. 

Hot-spot residues are in contact with each other, making a network of interactions termed 

hot regions. Electrostatic interactions and hydrogen bonds have been shown to play an 

important role in hot regions.283,287 The hot-spot region is tightly packed forming a 

hydrophobic “O-ring” around the hot spots due to the occlusion of water upon binding, 



70 
 

thereby strengthening the stabilizing effect of charge-charge contributions.265 The 

formation of the O-ring is also dependent on the surrounding residues that appear to be 

energetically unimportant but shields hot spot residues from bulk solvent.273,283 Tyrosine, 

tryptophan, and arginine residues appear more frequently as hot spot residues and are 

found mostly as interface residues compared with the overall protein structure.273,288 

Other residues frequently located at these hot spot regions include methionine, threonine, 

valine, and leucine.273,288 

1.6.1.2 Residue Interface Propensity 

The distribution of certain amino acid residues at the interface of protein complexes 

gives information about their contribution to the hydrophobicity of the interface.280,288,289 

The hydrophobicity of the interface is measured by comparing the distribution of residues 

at protein interfaces with those located on the protein surface.240,290 Residue interface 

propensity for each amino acid at the interface is determined by comparing the fraction 

which each amino acid contributes to the accessible surface area with its contribution to 

both the interface and the exterior of the protein.272 Residue propensity ˃ 1 indicates that 

this residue appears frequently in the protein interface as compared to the protein 

surface.277 Results reveal that except for methionine, hydrophobic amino acid residues 

occur more often at homodimer interfaces than at heterocomplexes.240 The decrease in 

hydrophobic residues in heterocomplexes is balanced by an increase in polar residues. 

1.6.1.3 Accessible Surface Area (ASA) 

Accessible surface area is a general measure for interacting surfaces as it provides 

information about the loss of a solvent accessible area of one subunit upon complexation 
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with another.291 The accessible surface area is often determined either on the residue or 

atomic level. ASA for interface residues with side chains are measured by the decrease 

of > 1 Å2 upon complexation while at the atomic level the ASAs are defined as those that 

show a decrease of > 0.01 Å2.277,292 

The size and shape of interfaces can be measured from complexation of protein 

interfaces (∆ASA).293 ∆ASA serves as a measure of binding energy as there is a 

relationship between the hydrophobic free energy of transfer from a polar environment to 

a hydrophobic one and the solvent ASA.280 The shape of proteins gives important 

information about the unique roles they play in biological process and analyzing the shape 

of proteins interfaces is useful for designing molecular analogues.  

1.6.1.4 Secondary Structure Preferences 

Previous investigations to determine the different secondary structures present at 

the interfaces of a subset of oligomers revealed that helix-helix packing, β-sheet packing, 

loop interactions and extended β-sheet were observed at these interfaces.294–296 Another 

analysis with a wide variety of oligomers showed helices and sheets occurred less 

frequently while loops and turns occur more.240,297 Some interfaces were found to possess 

only one type of secondary structure  while others were mixed.298 For both obligate and 

non-obligate complexes, interactions between like-like structures such as helix-helix and 

sheet-sheet packing have been observed.299 It may be that the presence of like-like 

secondary structure interactions may provide tight packing compared to non-identical 

interfaces, hence enhancing complementarity.240,300 
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1.6.1.5 Surface Complementarity 

Surface complementarity is a measure of shape complementarity and electrostatic 

interactions between surfaces, and these have been investigated thoroughly by various 

groups.301,302 Complementarity of protein complexes is determined by the gap index 

which measures the volume of the gap present between monomers, thus defining the 

limit of the  boundary between them by the amount of maximum allowed space between 

the interfaces.293,302 Gap index is quantified by the following equation (Eq. 2): 

GAP index (Å) = gap volume between molecules (Å3) interface ASA (Å2) (per complex⁄ ) 

(Eq.2) 

Complementarity is often made possible through tight packing achieved by like-

like secondary structures contacts at the interface to create associations that are 

energetically and functionally favorable.303 

1.6.1.6 Conformational Change   

Conformational changes ranging from small changes in amino acid side chains to 

large chains in domains occur when proteins associate.304,305 Some proteins have 

different alternative conformations that enable them to bind different proteins.306,307 

Reasons for conformational changes upon association include orientation of specific 

residues to enhance function, prevention of steric clashes and facilitation of close packing 

by the formation of electrostatic interactions and hydrogen bonding.290,306 Oligomeric 

proteins with interfaces larger than 1,000 Å2 are likely to undergo large scale 

conformational changes as opposed to interfaces with less interface area.241,247 The 
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largest movements within the interface are not from residues that are functionally relevant 

such as those that are present in the active site but from surrounding residues.306 

1.6.1.7 Binding Affinity 

The extent of binding between two proteins is determined by its binding 

constant.305,308 The binding constant is defined as the strength of two proteins that bind 

reversibly and it can be expressed in several ways from the bimolecular reaction 

equations (Eq. 3-4): 

𝑃𝑓 +  𝐿𝑓 ⇆ 𝑃𝐿                                                                                                         (Eq. 3) 

Kd = 
[𝑃𝑓] [𝐿𝑓]

[𝑃𝐿]
                                                                                             (Eq. 4) 

From the equations, P represents the bound protein, the bound ligand is L, the protein-

ligand complex PL, [Pf] and [Lf] represent the concentration of free (unbound) 

concentrations of P and L, respectively. The interaction between a protein and ligand is 

primarily governed by the binding constant Kd. Interaction between protein and ligand can 

be expressed in two additional ways. Firstly, instead of the binding constant Kd, the affinity 

constant (Ka) can be used. Here Ka = 1/Kd. Lastly, it can be expressed as a ratio of two 

rate constants, Ka, and Kd. The rate of formation of PL is Ka [Pf] [Lf], where ka is the 

association rate constant and the rate of breakdown of PL is kd is the dissociation 

constant. The rate of formation of PL equals the rate of breakdown of PL at equilibrium 

and Kd = kd/ka.309,310 
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1.6.2 Role of Protein-Protein Interaction in Enzyme Metabolism 

Several studies have revealed that over 80% of proteins do not operate alone but 

in complexes.311 Proteins involved in the same pathways have been repeatedly observed 

to interact with one another.312–314 Protein-protein interactions have different properties 

which includes: modification of the kinetic properties of enzymes, construction of new 

binding sites for small effector molecules, inactivation and suppression of protein catalysis 

and as a general mechanism for substrate channeling.309 

Substrate channeling or tunneling is the process of transferring the intermediate 

produced by one enzyme to the next enzyme with the goal of circumventing bulk 

solvent.315 The advantages of substrate channeling over free diffusion include increasing 

catalysis by escaping unfavorable energetics of desolvating substrates, furnishing new 

medium of enzyme regulation by modulating enzyme associations and enhancing 

responsiveness to regulatory signals. Other advantages of substrate channeling include 

isolating intermediates from competing reactions, protecting labile intermediates, and 

bypassing unfavorable equilibria and kinetics due to competing metabolites in bulk 

solvent.316,317 Also, substrate channeling shortens the transit time for the transport of 

reaction products from one active site to another.318 

Investigating the mechanism of reduced flavin transfer in two-component flavin 

dependent systems is critical to understanding its role in cellular systems. Free reduced 

flavin is unstable under aerobic conditions and is prone to unproductive oxidation leading 

to the release of hydrogen peroxide.200,319 The hydrogen peroxide formed undergoes 

further oxidation to generate oxygen radicals that causes oxidative stress which damages 

cellular macromolecules.146 Therefore, a mechanism for reduced flavin transfer which 
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prevents the formation of reactive oxygen radicals and stabilizes reduced flavin is critical 

for catalysis. In most flavoproteins, the reductive and oxidative half reactions occur on the 

same proteins. However, in enzyme systems where two separate proteins catalyze the 

reductive and oxidative half-reactions, a mechanism for the transfer of reduced flavin that 

bypasses bulk solvent is required.205 The transfer of reduced flavin from the reductase, 

SsuE to the monooxygenase, SsuD in the alkanesulfonate monooxygenase system 

occurs through protein-protein interactions.205,208 Prior to the determination of these 

interaction sites several results pointed to the utilization of a substrate channeling 

mechanism for the safe transfer of reduced flavin in the two-component alkanesulfonate 

monooxygenase system. Specific interactions between SsuE and SsuD were determined 

by affinity chromatography and results from crosslinking experiments further supported 

the presence of protein interactions between SsuE and SsuD.205 The protein interaction 

sites identified in SsuD are conserved and variants of these sites resulted in the loss of 

activity which likely caused the disruption of protein-protein interaction sites. 

1.7 Summary 

Sulfur is an important element required by bacteria as a constituent of sulfur 

containing amino acids, cysteine, and methionine.9,10 These amino acids have been 

implicated as precursors for enzymes, cofactors and coenzymes which are vital for 

various physiological processes.67 Inorganic sulfate, the preferred sulfur source for 

bacteria is limiting in the environment.95 Aerobic bacteria have found a mechanism to 

acquire sulfur under low sulfate conditions from the desulfonation of alternative sulfur 

sources. Acquisition of sulfur from organosulfonates requires the upregulation of a set of 

proteins which are termed sulfate starvation-induced (SSI) proteins. SSI proteins 
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comprise the enzymes utilized for desulfonation, and proteins involved in the uptake of 

these organosulfonates into the cell.30,78 In E. coli, the enzymes required for the 

acquisition of sulfur are expressed from the tau and ssu operons.83,87 The tau operon 

encodes taurine dioxygenase which converts taurine (2-aminoethanesulfonate) to 

aminoacetaldehyde and sulfite.88,147 The ssu operon encodes the two-component 

alkanesulfonate monooxygenase system which catalyzes the generation of sulfite from 

various alkanesulfonates. Two-component alkanesulfonate monooxygenase systems are 

comprised of a flavin reductase that catalyzes the reduction and transfer of flavin to a 

monooxygenase.170,172,189 The monooxygenase utilizes reduced flavin to activate 

dioxygen for desulfonation of organosulfonates. The genes encoding the flavin reductase 

and monooxygenase are usually located on the same operon.202  

In the two-component flavin-dependent systems, flavin is a substrate and not a 

cofactor and the reason these systems require two enzymes to catalyze the desulfonation 

reaction is still being explored. In the alkanesulfonate monooxygenase system, flavin 

reduction and transfer is catalyzed by the reductase, SsuE and the oxygenolytic cleavage 

of alkanesulfonates is catalyzed by the monooxygenase, SsuD.88,147 These systems work 

synergistically to carry out the acquisition of sulfur which is made possible by the transfer 

of reduced flavin from SsuE to SsuD. Several structural features which facilitate the 

transfer of reduced flavin and desulfonation of organosulfonates have been identified in 

SsuE and SsuD.192,205,232   

SsuE belongs to the NADPH:FMN reductase family based on a flavodoxin fold. 

Other FMN reductases with a similar structural fold as SsuE include EmoA, MsuE and 

SfnF.89,231 These reductases possess a π-helix secondary structure, which has been 
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hypothesized to confer an evolutionary functional advantage on these reductases. The 

π-helix is characterized by the insertion of a single amino acid, Tyr118 into a α4-helix in 

SsuE.89 The π-helix is located at the tetrameric interface of SsuE where it forms π-

stacking interactions. Different oligomeric states have been observed for SsuE utilizing 

different biophysical techniques.89,94 Oligomeric changes have been reported to play 

different biological and regulatory roles in several enzymes. Some important functions 

include the creation of new active sites at protein interfaces and regulation of enzyme 

activity by modulating enzyme concentration or binding of substrates.236,252,320 A network 

of hydrogen bonding contacts between the insertional residue of the π-helix, Tyr118 and 

the isoalloxazine ring of FMN has been observed across the tetrameric interface of 

SsuE.233 This implies that there may be communication between the tetrameric interface 

of SsuE, where the π-helix is situated and flavin binding.231  

The desulfonation reaction catalyzed by SsuD in the presence of dioxygen occurs 

through a C4a-(hydro)peroxyflavin intermediate which eventually inserts an oxygen atom 

into an organic substrate, regenerating oxidized flavin, the corresponding aldehyde and 

water.88 For the desulfonation reaction to occur, SsuD requires reduced flavin from its 

partner reductase, SsuE. Reduced flavin transfer from SsuE to SsuD has been proposed 

to occur through protein-protein interactions. Protein-protein interactions are important for 

the alkanesulfonate monooxygenase system because reduced flavin is highly labile in 

aerobic conditions and breaks down to form reactive oxygen species. Protein-protein 

interactions would bring SsuE in proximity to SsuD for efficient transfer of reduced 

flavin.208 
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  Two-component FMN-dependent systems utilize distinct structural features for 

sulfur acquisition from organosulfonates. SsuE and MsuE share about 30% amino acid 

identity and belong to the NADPH:FMN reductase family of enzymes. Previous studies 

revealed that SsuE exists as either a tetramer or dimer depending on the technique used 

for investigation.89,94 Oligomeric changes have been reported for several FMN reductases 

but the role of oligomerization in regulating enzyme function has not been fully explored 

for the reductases, SsuE and MsuE.167,231 The first study was performed to determine the 

oligomeric state of SsuE and MsuE and what factors influence their oligomeric changes. 

Understanding the role of oligomeric changes of FMN reductases is pivotal for 

deciphering the evolutionary advantage conferred by the π-helix in these enzymes.231–233 

Next, we investigated the role the oligomeric changes of SsuE play in protein-protein 

interactions with SsuD.  Protein-protein interaction sites were determined from previous 

studies to be the mechanism for the transfer of reduced flavin in the alkanesulfonate 

monooxygenase system (SsuE/SsuD).205,208 The interaction sites of SsuE were located 

at the tetrameric interface involving the π-helix and that for SsuD were close to its active 

site. SsuE exists in different oligomeric states in the presence of substrates, but it is not 

known how the presence of SsuD affects its oligomeric state. This study was performed 

to monitor the formation of the proposed SsuE-SsuD complex and how oligomeric 

changes of SsuE is affected with SsuD present. Lastly, we investigated structural 

adaptations that distinguish FMN reductases from canonical flavoproteins. Results from 

previous studies investigating the role of the π-helix in two-component flavin reductases 

reveal that the insertional residue cannot be responsible for the disparity in catalysis 

between canonical flavoproteins and two-component flavin reductases.231 Variants of a 
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canonical flavoprotein, Chromate reductase (ChrR) which had a Tyr residue at a similar 

position in SsuE were generated from conserved residues in the π-helix of two-

component flavin reductases. Chromate reductase catalyzes the reduction of hexavalent 

chromium to trivalent chromium without a monooxygenase partner like SsuE.321,322 The 

aim of this study is to convert ChrR to an enzyme that can catalyze the transfer of reduced 

flavin to a monooxygenase partner. The overall goal of this project is to decipher how the 

alkanesulfonate monooxygenase system utilizes several distinct structural features for 

the desulfonation of organosulfonates. Two-component flavin dependent systems are 

found in a broad range of bacteria which includes pathogenic bacteria that are responsible 

for several infections that are harmful to infected patients. These systems are unique to 

bacteria and understanding how these structural features are coordinated for the 

acquisition of sulfur could lead to the development of drugs that target these fe



CHAPTER TWO 

2 Substrate-Induced Oligomeric Changes of Two-Component FMN Reductases 

Involved in Sulfur Metabolism 

2.1 Introduction 

Sulfur plays a key role as a component of metabolites needed for the survival of 

organisms. For bacteria, inorganic sulfate is often limiting in the environment and 

alternate organosulfur compounds are utilized for sulfur assimilation.96,323 Some 

organosulfur sources that bacteria use under sulfur limiting conditions include 

alkanesulfonates, aryl sulfonates, aromatic sulfonates, and sulfate esters.324 The 

alkanesulfonate monooxygenase system which is ubiquitous in bacteria comprises a 

NADPH-dependent FMN reductase (SsuE), FMNH2-dependent alkanesulfonate 

monooxygenase (SsuD), and alkanesulfonate transport proteins.86,110,325 In addition to the 

alkanesulfonate monooxygenase enzymes, some organisms express the 

methanesulfinate monooxygenase operon that encodes a flavin-dependent reductase 

(MsuE) and two structurally distinct monooxygenases (MsuC/MsuD) that together convert 

methanesulfinate to formaldehyde and sulfite in consecutive reactions.99,100,326 In both 

systems, flavin reduction by the FMN reductase and reduced flavin transfer to the 

monooxygenase must be coordinated between the enzymes for the desulfonation 

reaction to be successful (Scheme 2.1). 
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The two-component flavin reductases involved in sulfur acquisition belong to the 

NADPH-dependent FMN reductase family. Members of the family have a flavodoxin fold 

and consist of both canonical flavin reductases with a tightly bound flavin and FMN-

dependent reductases with a monooxygenase partner that utilize flavin as a substrate. A 

distinct structural difference between these two groups within the family is the presence 

of a -helix located at the tetramer interface of the FMN-dependent reductases. The -

helix is often contained within a conserved alpha helix and has i+5 intrastrand hydrogen 

bonding resulting in a wide turn and increased flexibility. The altered structure provides a 

gain of function for enzymes outside of the structural and catalytic properties of the 

enzyme family. Given the functional difference between the two groups within the 

NADPH-dependent FMN reductase family, the -helix has been proposed to play a role 

in providing a mechanism for flavin release and subsequent transfer to the 

monooxygenase enzymes. In fact, conversion of the -helix to the -helix observed in 

canonical flavin reductases resulted in the inability of SsuE to transfer flavin. The -helix 
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Scheme 2.1: Reactions catalyzed by the alkanesulfonate monooxygenase enzymes. 
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for both SsuE and MsuE is located at the tetramer interface and is stabilized by 

intersubunit hydrogen bonding. Although SsuE has been shown to exist as a tetramer, 

altered oligomeric states have been observed depending on the protocol and/or 

conditions employed to evaluate the structure.325,327 However, it has not been established 

if these different oligomeric states are relevant to catalysis. 

Reduced flavin is prone to autooxidation in the presence of oxygen, so a transfer 

mechanism which prevents the production of reactive oxygen species is favored. In 

several two-component flavin dependent systems, reduced flavin transfer involves 

protein-protein interactions between the FMN reductase and monooxygenase.204,205,328–

331 Flavin transfer in the alkanesulfonate monooxygenase system is dependent on 

protein-protein interactions and these interaction sites are located at the dimer/dimer 

interface of the SsuE FMN reductase that includes the -helix.205,330 A switch in oligomeric 

states promoted by the -helix would expose the protein-protein interaction sites, and 

may serve as a regulation mechanism for enzyme activity and/or flavin transfer. The FMN 

reductases (SsuE and MsuE) in the alkanesulfonate monooxygenase systems have a 

similar flavodoxin fold and share about 30% amino acid identity.327 Therefore, these 

enzymes may utilize a similar mechanism for flavin reduction and transfer. The three-

dimensional structure asymmetric unit of apo MsuE (PDB: 4C76) is shown as a dimer, 

but the interacting subunits are not in a comparable orientation as other enzymes within 

this family. Therefore, the correct oligomeric state and orientation of apo MsuE remains 

questionable.  

 The mechanisms that trigger oligomeric changes in SsuE have not been clearly 

defined.327 In addition, there have been no studies to evaluate the oligomeric states of 
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MsuE common to the methanesulfinate/methanesulfonate system. Because MsuE 

provides reduced flavin to two different monooxygenase enzymes, oligomeric changes 

could regulate reduced flavin transfer to each monooxygenase. The studies described 

herein were carried out to firmly establish the oligomeric state of SsuE and MsuE with 

and without substrates (FMN, NADPH), and identify if these enzymes share similar 

oligomeric alterations. This detailed evaluation of oligomeric states is critical to 

understand if structural changes regulate the catalytic properties of the alkanesulfonate 

monooxygenase system. The results reported provide the first detailed insights into the 

mechanisms that facilitate oligomeric changes of the FMN reductases (SsuE/MsuE) in 

the alkanesulfonate monooxygenase systems.   

2.2 Experimental Procedures 

2.2.1 Materials 

All reagents were purchased from Sigma-Aldrich, Biorad, or Fischer. The ssuE and 

msuE genes were cloned separately into RNA polymerase-dependent vector pET21a 

(Novagen) and expressed in E. coli BL21 (DE3) as previously described. The 

concentrations of SsuE and MsuE in solution at different concentrations were calculated 

with the molar extinction coefficient of each protein (20.3 mM-1 cm-1 and 7.4 mM-1 cm-1). 

2.2.2 Non-Denaturing Polyacrylamide Gel Electrophoresis 

Native-PAGE experiments were carried out with SsuE and MsuE in the presence and 

absence of flavin to perform an initial evaluation of oligomeric states of each enzyme. The 

gel was composed of a 5% stacking gel, 12% resolving gel without SDS, and Tris-glycine 

running buffer. Aliquots of the reductases, SsuE and MsuE (20 µM) were separated in 

the apo form and with substrates. When substrates were included, flavin (100 µM) or 
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NADPH (500 µM) was added to 20 µM SsuE or MsuE and the samples were mixed with 

native sample buffer to a total volume of 15 µL. The gels were run at a constant voltage 

of 120 V for 8 hours at 4 ˚C. Protein bands were visualized using Coomassie brilliant blue 

staining and the molecular weight of protein samples were compared to the stokes radius 

of native gel protein standards. The native gels were imaged under ultraviolet light using 

a ChemiDocTM MP imaging system. 

2.2.3 Spectrofluorimetric Titrations  

All fluorescence spectroscopy measurements were recorded at room temperature 

using a Shimadzu spectrofluorophotometer RF-6000 (Japan) in a 10 mm quartz cuvette 

with excitation slit width set at 3 nm and emission slit width set at 5 nm. Aliquots (1 µL) of 

FMN (0.04 - 0.4 μM) or FAD (6 - 120 µM) was titrated into a 1 mL solution of SsuE (0.4 

μM) in 25 mM potassium phosphate buffer (pH 7.5), 100 mM NaCl. Fluorescent intensity 

was measured with an emission wavelength of 342 nm and an excitation wavelength of 

280 nm. Because of the absence of Trp residues in MsuE, the binding affinity of MsuE for 

FMN was determined by monitoring the decrease in the relative fluorescence intensity of 

FMN due to flavin quenching on binding to MsuE. MsuE (0.2 - 4 µM, 1 µL aliquots) was 

titrated into a 1 mL solution of 0.1 µM FMN or 10 µM FAD in 25 mM phosphate (pH 7.5), 

100 mM NaCl. Emission wavelengths at 525 nm were monitored using an excitation 

wavelength of 450 nm. 

The binding affinity of NADPH to SsuE and MsuE was also investigated through 

spectrofluorimetric titrations. SsuE (0.4 µM) in 1 mL 25 mM phosphate (pH 7.5), 100 mM 

NaCl was titrated with NADPH or NADH (10 - 200 µM) for a total of 20 additions. The 

excitation wavelength was set at 340 nm and the emission wavelength was monitored at 
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450 nm. The binding of NADPH to MsuE was measured by monitoring the increase in 

fluorescence intensity upon addition of NADPH or NADH (10 - 200 µM, 1 µL aliquots) to 

MsuE (1 µM) with the excitation wavelength set at 340 nm and emission wavelength 450 

nm. All experiments were carried out in triplicates and the fluorescence spectra were 

measured after a 2 min incubation to reach equilibrium after each addition of titrant. The 

[ES] bound was calculated as previously described and plotted against the free substrate 

or enzyme concentration.170 All plots were fitted with the quadratic equation to obtain the 

dissociation constant (Kd). 

2.2.4 Thermal Melt Circular Dichroism Spectroscopy 

CD spectroscopy measurements as a function of both temperature and wavelength 

was utilized to monitor the thermal stability of SsuE and MsuE using a Chirascan V-100 

(Applied Photophysics UK). The temperature was increased at a step interval of 2 ºC 

using a peltier-controlled temperature cell holder (Quantum North-West). The thermal 

melting was measured at a heating rate of 2 ºC/min. SsuE and MsuE at a concentration 

of 5 µM in 10 mM potassium phosphate (pH 7.5), respectively, were placed in sealed 

quartz cuvette of 0.5 mm pathlength and a temperature probe immersed in the cuvette. 

The change in absorbance was scanned over a wavelength range of 185-300 nm and a 

temperature range of 20-94 ºC. The thermal stability of each protein was also evaluated 

in the presence of FMN (enzyme (5 µM): FMN (50 µM) and NADPH (enzyme (2 µM): 

substrate (100 µM)) for each reductase. All experiments were carried out in triplicate. 

The CD thermal melting profiles were analyzed using global thermodynamic analysis. 

A plot of absorbance against wavelength gives an unfolding curve for each temperature. 
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Each melting curve is fitted with a sigmoidal function which is derived from the Gibbs-

Helmholtz equation: 

CD(T) =  
(𝑚𝐹𝑇 +  𝑏𝐹) − (𝑚𝑈𝑇 +  𝑏𝑈)

1 +  𝑒∆𝐻𝑣𝐻 𝑅⁄  (1
𝑇𝑚

⁄ − 1
𝑇⁄ )

 +  𝑚𝑈𝑇 +  𝑏𝑈 

This equation comprises both local and global fitting variables. The thermodynamic 

parameters, melting temperature Tm and van’t Hoff’s enthalpy ∆HvH, are global variables 

which are consistent for each wavelength. The local fitting parameters, bF and bU 

describe CD signals corresponding to the completely folded and unfolded conformation 

of the protein at a certain wavelength. The mF and mU variables stand for baseline at pre 

and post transition regions when baseline correction (single-baseline or double-baseline 

correction) is required. In the equation, T describes the absolute temperature and R is the 

gas constant (8.314 J/mol/K). 

2.2.5 Sedimentation Velocity Analytical Ultracentrifugation  

Sedimentation velocity experiments were performed at 20 ºC using an Optima XL-

A analytical ultracentrifuge (AUC) (Beckman Coulter, Fullerton, CA) equipped with an 

absorbance detection system and a four-hole AN-60 Ti rotor. The rotor was pre-chilled 

and equilibrated for an hour prior to the start of the run. All experiments were carried out 

at a radial step size of 0.003 cm, in continuous mode and no delay between each scan. 

 Prior to centrifugation, SsuE and MsuE were buffer exchanged into 25 mM 

phosphate buffer (pH 7.5), 100 mM NaCl using an Amicon Ultra - 4 centrifugal filter with 

a molecular weight cutoff of 10 kDa from Millipore (Burlington, MA). The AUC experiments 

were carried out at different rotor speeds based on the mass of the reductases and 
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substrate. SsuE (12 µM) and MsuE (20 µM) were utilized for the initial determination of 

the sedimentation coefficients in the absence and presence of flavin. Standard epon-

double sector centerpieces of 12 mm were loaded with sample in the sample cell and 25 

mM phosphate buffer (pH 7.5), 100 mM NaCl in the reference cell. For experiments 

performed in the presence of flavin, flavin concentration at five times the concentration of 

the reductases (SsuE and MsuE) was added to 1 mL of the enzymes. The samples were 

washed three times by 25 mM potassium phosphate (pH 7.5), 100 mM NaCl to a total 

volume of 4.0 mL. Unbound flavin was removed from the samples by centrifugation at 

5,000 rpm for 10 min, utilizing the centrifugal filter so that the free flavin would not 

contribute to the 280 nm absorbance. The concentrations of SsuE (12 µM) and MsuE (20 

µM) were determined with flavin spectra at 450 nm absorbance (12.2 mM-1cm-1). Radial 

absorbance scans at 280 nm were collected continuously at 37,000 and 40,000 rpm for 

SsuE and SsuE/FMN and 40,000 and 37,000 rpm for MsuE and MsuE/FMN, respectively.  

 Data derived from the scans were evaluated using continuous sedimentation 

distribution model c(s) with the SEDFIT program using the numerical Lamm equation. 

Sednterp was used to calculate the fitting parameters for SEDFIT.332 The partial specific 

volume of 0.7440 cm3/g for SsuE and 0.7552 cm3/g for MsuE was calculated based on 

their amino acid composition at 20 ˚C. A buffer density of 1.00574 g/mL and viscosity of 

1.0183 cp was calculated based on the buffer composition of 25 mM phosphate using the 

same program.    

2.2.6 Differential H/D-X Experiments   

H/D-X MS experiments. Local amide H/D exchange experiments were carried out 

using a fully automated system (PAL, LEAP Technologies, Carrboro, NC). Prior to 
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differential H/D-exchange analysis, SsuE and MsuE apoenzymes were buffer exchanged 

(25 mM phosphate buffer, pH 7.5, 0.1 M NaCl) using an Amicon Ultra-4 centrifugal filter 

(10 kDa MWCO, Millipore). H/D-exchange reactions for SsuE and MsuE (20 µM) 

apoenzymes were initiated by mixing with a 20-fold (v/v) excess of D2O-containing 

exchange buffer (57 µL, Phosphate buffer, 25 mM, pD 7.5, 0.1 M NaCl). After incubation 

for 10 sec, 60 sec, 300 sec, 600 sec, 900 sec, or 1800 sec at 20 °C for SsuE or 10 sec, 

60 sec, 300 sec, 600 sec and 900 sec for MsuE, unwanted back exchange was minimized 

with the addition of 1 equivalent (v/v, 60 µL) of cold quench solution (200 mM phosphate 

buffer, pH 2.5, 0 °C). For unlabeled reactions (e.g., “0 sec exchange”), apoenzymes were 

mixed with a 20-fold excess of H2O-containing buffer (phosphate buffer, 25 mM, pH 7.5, 

100 mM NaCl) and quenched as above.  

Differential H/D-exchange for substrate bound proteins were measured using 

freshly buffer-exchanged SsuE and MsuE (20 μM). Proteins were incubated on ice with 

a 5-fold molar excess of either FMN (100 μM) or NADPH (100 M) for ~20 min prior to 

analysis. Exchange reactions were monitored at 0 sec, 10 sec, 60 sec, 300 sec, 600 sec, 

900 sec, or 1800 sec for SsuE and 0 sec, 10 sec, 60 sec, 300 sec, 600 sec, 900 sec for 

MsuE at 20 °C, quenched with quench solution, and digested as above. After quenching, 

samples (100 µL) were immediately loaded onto an Enzymate BEH Pepsin Column (2.1 

x 30 mm, 5 μm). Digestion temperature was maintained at 12 °C, a flow rate of 250 

µL/min, and a pressure of ~8000 psi for 4 min. Peptides (10-15 pmol) were subjected to 

LC/MS-MS analysis immediately following digestion. To help prevent sample carry-over, 

the inline pepsin column was washed (1.5 M GuHCl, 4% acetonitrile, 0.8% formic acid, 
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pH 2.5) after each digestion and clean blank injections (0.1% formic acid) were run after 

every protein injection. H/D exchange reactions were performed in duplicate.  

LC/MS-MS. LC-MS/MS analysis was performed using a Synapt XS ion-mobility 

assisted mass spectrometer in positive mode (Waters, Manchester, UK) coupled to a 

nano-Acquity UPLC/H/D-X manager system (Waters, Manchester, UK). Post-pepsin 

digested products were directly loaded onto an Acquity UPLC BEH C18 Vanguard 

trapping column (1 x 5 mm, 250 µL/min) and desalted for 4 min. Peptides were separated 

on a Acquity UPLC BEH C18 1.7 µm analytical column (1 x 50 mm) using an effective 8-

min linear gradient starting at 5% acetonitrile, 0.1% formic acid and increasing over 7 min 

to 60% acetonitrile, 0.1% formic acid with a flow rate of 150 µL/min. All chromatographic 

steps, including trapping and elution, were performed at 2 °C. Ion-mobility assisted DIA 

HDMSE data were collected with an ESI capillary voltage of 32 V and the quadrupole 

used in rf-mode; only ions with m/z >300 was transmitted. For ion-mobility, the T-wave 

was operated with a wave height of 40 V and wave velocity ramp from 500-800 m/s; 

collision energy in the trap was continuously alternated between low energy (4 V) and 

high energy (20-35 V) throughout the run. For all measurements, ToF were acquired in 

resolution mode with a scan time of 0.4 s. Data were lock-mass corrected post-acquisition 

using the 1+ charge state of LeuEnk [MH+ 556.2771], which was infused at a 

concentration of 200 pg/µL at 90° to the analytical sprayer at 10 µL/min throughout the 

acquisition.  

Peptide identification and data processing.  Data were processed using 

ProteinLynx Global Server (PLGS v 3.03). Data were centroided, de-isotoped, and charge 

state reduced prior to fragment ion and parent protein assignments based on retention 
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time alignments. Peak picking thresholds were optimized using PLGS Threshold 

Inspector: 25 counts and 100 counts were used for all high and low energies. Peak lists 

were searched against databases containing either the E. coli SsuE (Uniprot P80644) or 

P. aeruginosa MsuE (Uniprot ID O31038) and porcine pepsin (Uniprot P00791). Protein 

identification criteria were set as the detection of at least 3 fragments per protein, 3 

fragments per peptide, and 1 peptide per protein. Methionine oxidation was set as a 

variable modification for all searches. The protein level false discovery rate was set to 

4%. PLGS search results and deuterium exchange spectra were imported into DynamX 

(v 3.0), and peptides were filtered based on the following criteria: 3 fragments per peptide, 

2 fragments must be adjacent, have a minimum of 0.1-0.2 products per amino acid 

residue, and be present in all of the LC/MS-MS injections. Deuterium exchange 

measurements were analyzed with default settings and data were manually inspected, 

validated, and curated. In keeping with newly recommended reporting standards for H/DX 

MS experiments, peptide coverage maps, uptake plots (Appendix Figs. 3-8) and H/D-

exchange summary data appendices are provided. For all data sets, differences in 

fractional deuterium uptake over time or between conditions were mapped onto SsuE and 

an alphafold model of MsuE dimer and tetramer using scripts generated in DynamX and 

PyMOL.333 

 

2.3  Results 

2.3.1 Substrate Affinity and Stability 

The binding affinity of the alkane FMN reductase enzymes were evaluated to compare 

the substrate specificity between SsuE and MsuE. Intrinsic Trp fluorescence was utilized 

to monitor flavin binding to SsuE. Given the lack of Trp residues in MsuE, titrations were 



91 
 

performed monitoring the decrease in flavin fluorescence. SsuE showed a clear flavin 

preference with an ~40-fold lower Kd value for FMN than FAD (Fig. 2.1A and B, Table 

2.1, Appendix Fig. 1A and B), but the enzyme showed a similar affinity for NADPH and 

NADH. NADPH often shows an increase in fluorescence when binding to an enzyme 

active site.  

 The fluorescence decrease can occur due to unbound NADPH in solution at increased 

pyridine nucleotide concentrations.334  MsuE had a distinct specificity for FMN and 

NADPH in coupled assays with the MsuD monooxygenase partner, but the specificity of 

MsuE for each substrate in the absence of MsuD had not been determined.231  MsuE 

showed a similar affinity for FMN/FAD and NADH/NADPH indicating there was no 

Figure 2.1: Fluorescent titrations of SsuE and MsuE with FMN and NADPH. A) Titration 

of SsuE (0.04 µM) with FMN (0.04-0.4; ex, 280 nm; em, 342 nm). B) Titration of SsuE 

(0.04 µM) with NADPH (10-200 µM; ex, 340 nm; em, 450 nm). C) Titration of FMN (0.1 

µM) with MsuE (0.2 - 4.0 µM; ex, 450 nm; em, 525 nm). D) Titration of MsuE (1 µM) 

with NADPH (10-200 µM; ex, 340 nm; em, 450 nm). All titration experiments were 

performed in triplicate and fit to a quadratic equation for single site binding. 
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apparent preference for a specific substrate under equilibrium conditions (Fig. 2.1C and 

D, Table 2.1, Appendix Fig. 1C and D).  

  

2.3.2 Oligomeric State of SsuE and MsuE 

Alternative oligomeric forms for SsuE have been reported based on the experimental 

procedure used for analysis. We had previously observed an apparent oligomeric shift 

from a tetramer to a dimer for SsuE when FMN was included in the sample, but 

comparable studies have not been performed with NADPH.325,327 In addition, there have 

been no studies to evaluate the oligomeric state of MsuE in the apo form and with the 

addition of substrates. Molecular weight species of SsuE and MsuE were evaluated by 

native-PAGE in the apo form and with the addition of substrates. Apo SsuE ran as a 

higher molecular weight band compared to the SsuE/FMN complex (Fig. 2.2A). This shift 

in molecular weight for the SsuE/FMN complex could correlate with an alternative 

conformer. A similar gel shift was not observed with SsuE and NADPH (Fig. 2.2B). Both 

the apo MsuE and MsuE/FMN complex separated at a similar molecular weight, 

suggesting the MsuE/FMN complex did not cause an alteration in the molecular weight 

as was observed for SsuE (Fig. 2.2A). Similar to SsuE, MsuE with the NADPH substrate 

did not show a band shift for the separated enzyme (Fig. 2.2B).  

Table 2.1. Substrate binding affinity of SsuE and MsuE. 

 KFMN 
(µM) 

KFAD 
(µM) 

KNADPH 
(µM) 

KNADH 
(µM) 

SsuE 0.26 ± 0.03 10.6 ± 0.4 55 ± 5 32 ± 5 

MsuE 1.4 ± 0.1 0.83 ± 0.2 69 ± 5 37 ± 4 
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 The band shift observed for SsuE on Native-PAGE suggested a structural change 

may have occurred with the addition of FMN. However, a detailed analysis of which 

factors trigger these changes in solution had not been performed. Analytical 

ultracentrifugation (AUC) was performed to identify the oligomeric state(s) of apo SsuE 

and MsuE in solution. SsuE in the absence of substrate gave a sedimentation value of 

s20,w of 4.55 ± 0.10 S which corresponded to a molecular mass of 81.5  4.6 kDa (Fig. 

2.3A, Table 2.2). With a monomeric molecular mass of 21.3 kD for SsuE, the protein 

existed predominately as a tetramer in the apo form. Given the structural similarity 

between SsuE and MsuE we expected that MsuE would also exist as a tetramer, but AUC 

analyses of MsuE gave an s20,w value of  4.14 ± 0.13 S corresponding to a molecular 

weight of 42.4 ± 1.2 kDa consistent with a dimer (MsuE monomeric molecular weight, 

~20.0 kDa) (Fig. 2.3B, Table 2.2). Interestingly, for the SsuE/FMN sample there were 

two species observed (s20, w; 4.51 ± 0.04 S and 3.31 ± 0.13 S) corresponding to a 

tetramer (78.3 ± 1.3 kDa) and dimer (49.3 ± 3.3 kDa) (Fig. 2.3A, Table 2.2). Therefore, 

the addition of FMN to SsuE shifted the quaternary structure of the enzyme from a 

tetramer to a tetramer/dimer equilibrium. Although the dimer was not identified from a fit 

Figure 2.2: Nondenaturing polyacrylamide gel of SsuE and MsuE. A) Separation of apo 

SsuE or MsuE and the SsuE or MsuE/ FMN complex. B) Separation of apo SsuE or 

MsuE with NADPH included in the sample. The proteins were separated on 12% native 

PAGE. 
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of the sedimentation profiles of apo SsuE, there was some tailing on the right side of the 

sedimentation distribution plot indicating there may be a small amount of dimer in the 

absence of substrates. The addition of FMN to SsuE changed the equilibrium leading to 

an increase in the dimeric species. Contrary to the findings for SsuE/FMN, the addition of 

FMN to MsuE resulted in a single higher molecular weight species (80.7 ± 0.9 kDa) that 

corresponded to a tetramer (Fig. 2.3B, Table 2.2). Changes to the oligomeric state of  

 

SsuE and MsuE were also evaluated with the addition of NADPH. While the dimer was 

less pronounced, a similar tetramer to dimer equilibrium shift was also observed with the 

SsuE/NADPH complex (Fig. 2.3C, Table 2.2). However, MsuE with NADPH was 

B

D

A

C

SsuE

SsuE/
FMN

SsuE

SsuE/
NADPH

MsuE

MsuE/
FMN

MsuE

MsuE/
NADPH

Figure 2.3: Sedimentation distribution plots of SsuE and MsuE. A) SsuE/FMN B) 

SsuE/NADPH C) MsuE/FMN D) MsuE/NADPH. AUC experiments were performed with 

SsuE (12 µM) and MsuE (20 µM). FMN and NADPH was added at five-fold over the 

enzyme concentration for both SsuE and MsuE. The reactions were performed in 

triplicate, but only one fit from each analysis is shown for clarity. 
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predominantly in the dimeric form and did not shift to a tetramer like the MsuE/FMN 

complex (Fig. 2.3B and D, Table 2.2). 

 

2.3.3 Thermal Stability of SsuE and MsuE 

 AUC studies demonstrated alterations in the oligomeric state of SsuE and MsuE under 

specific conditions for each enzyme. Therefore, the binding of substrates and subsequent 

oligomeric changes may alter the stability of the proteins. The thermal melting 

temperatures of SsuE and MsuE were evaluated to determine if substrate binding 

affected the structural stability of the enzymes. The Tm value of apo SsuE was 47.5 ± 0.2 

˚C using a temperature range from 20-90 ˚C (Fig. 2.4A, Table 2.3). Although apo MsuE 

existed as a dimer, the enzyme had a similar melting temperature in the absence of 

substrates as SsuE (Fig. 2.4B, Table 2.3). Interestingly, the Tm value increased for both 

SsuE and MsuE when FMN was included (Fig. 2.4C and D, Table 2.3). For SsuE, the 

Table 2.2. Results from AUC analysis of SsuE and MsuE. 

 
SsuE 
(kDa) 

SsuE 
+FMN 
(kDa) 

SsuE 
+NADPH 

(kDa) 

s20,w (S) 4.55 ± 0.10 4.51 ± 0.04  3.31 ± 0.13 4.70 ± 0.05 3.15 ± 0.15 

molecular weight 
(kDa) 

81.5 ± 4.6 78.3 ± 1.3  49.3 ± 3.3 79.3 ± 2.4 43.8 ± 4.1 

 
MsuE 
(kDa) 

MsuE 
+FMN 
(kDa) 

MsuE 
+NADPH 

(kDa) 

s20,w (S) 4.14 ± 0.13 4.60 ± 0.02 3.96 ± 0.03 

molecular weight 
(kDa) 

42.4 ± 0.3 80.7 ± 0.9 48.5 ± 0.4 
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change from a tetramer to a tetramer/dimer equilibrium with the addition of FMN led to a 

sharp increase in the melting temperature (75.2 ± 0.1˚C) compared to apo SsuE (Fig. 

2.4C and D, Table 2.3). However, a similar increase in melting temperature was not 

observed with NADPH (Appendix Fig. 2A). The oligomeric change of MsuE from a dimer 

to a tetramer in the presence of FMN also resulted in an increase in the melting 

temperature (60.8 ± 0.2˚C) that was not observed with NADPH. (Appendix Fig. 2B). The 

change in melting temperature with the addition of FMN suggested the conformational 

alteration in the oligomeric state of each enzyme increased enzyme stability. It was 

curious that even though SsuE and MsuE have different oligomeric states in the presence 

of FMN, they showed similar increases in the melting temperature and increased stability. 

For SsuE/FMN, the circular dichroism (CD) spectra for the enzyme complex at 90 ˚C 

showed a difference in absorbance between 220-240 nm that was not observed in SsuE 

only. The apo SsuE enzyme still showed some secondary structural features indicative 

of a random coil compared to the SsuE/FMN complex which showed no secondary 

structural features.  
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2.3.4 H/D-Exchange Mass Spectrometry 

 H/D-exchange (H/D-X) mass spectrometry (MS) experiments were performed to 

further probe the solution dynamics of the SsuE and MsuE dimer-tetramer equilibrium in 

Table 2.3. Thermal stability of SsuE and MsuE. 

 
Tm 

 

 
(ºC) 

+FMN 
(ºC) 

+NADPH 
(ºC) 

SsuE 47.5 ± 0.2 75.2 ± 0.1 46 ± 1 

MsuE 48.5 ± 0.2 60.8 ± 0.2 46 ± 1 

Figure 2.4: Thermal denaturation CD of SsuE and MsuE. A) SsuE B) MsuE C) 

SsuE/FMN D) MsuE/FMN. SsuE and MsuE (5 µM) were scanned over a wavelength 

range of 185-300 nm and a temperature range of 20-94 ºC. FMN was added in a 1:10 

ratio (enzyme: substrate) when included. Each thermal denaturation experiment was 

performed in triplicate. 
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the absence or presence of FMN and NADPH. H/D-X measures the propensity of main-

chain amide protons to exchange with the bulk solvent. Protons that are solvent 

inaccessible or contained within a strong hydrogen-bonding network will not undergo 

exchange as readily as those that are exposed to solvent and not extensively involved in 

hydrogen bonding interactions.335 Because amide protons in dimer and tetramer 

interfaces are often protected in H/D-X studies, these experiments afford us the means 

to compare the ligand-stabilized, higher-order structural rearrangement mechanisms of 

SsuE and MsuE.336,337  

 SsuE and MsuE are both highly amenable to interrogation by H/D-X MS. For example, 

100% coverage was obtained for SsuE (average peptide lengths of ~13 residues, 

redundancy of ~3.5-4) in the absence or presence of FMN or NADPH (Appendix Fig. 

A3). Due to the instability of SsuE, exchange reactions were only monitored for 30 min; 

however, this was ample time to examine the impact of FMN and NADPH on the dimer-

tetramer equilibrium. Upon initial inspection, differential H/D-X between SsuE/FMN and 

apo SsuE indicated FMN reduces deuterium uptake, even at a 10 sec exposure time (Fig. 

2.5A). Longer exposure times showed greater differences between SsuE/FMN and apo 

SsuE (Fig. 2.5B and C), which was especially apparent at the dimer-tetramer interface 

(Fig. 2.5D). Considering apo SsuE apoenzyme is proposed to exist as a tetramer and the 

SsuE/FMN complex establishes a dimer-tetramer equilibrium, we expected to see more 

uptake in the presence of FMN compared to the apoenzyme as the residues contained 

within the dimer-tetramer interface should be more exposed. Inspection of the isotopic 

distributions in the mass spectra revealed bimodal distribution patterns for the apoenzyme 

and SsuE/FMN (Fig. 2.5E and Appendix Table A1). Bimodal distribution patterns are 
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commonly observed when there is a significant heterogeneity in the higher order 

structures.338,339 The SsuE/FMN complex, adopts two different higher ordered structures 

in the sample, one that protects against deuterium uptake more than the other. The 

bimodal distributions observed for apo SsuE and SsuE/FMN are most likely due to the 

presence of dimers (fast-exchanging) and tetramer (slow-exchanging).  

 The bimodal exchange patterns were largely observed in regions of SsuE near the 

dimer/tetramer interface and around the -helix (residues 22-48, 71-84, and 90-138; 

Appendix Table A1). There was little variation in the overall amount of deuterium 

exchanged over time in the uptake plots of apo SsuE (Appendix Fig. A4). The observed 

bimodal distributions were likely due to the rapid exchange (<10 sec) of solvent for the 

dimer population at the tetramer interface. In contrast, isotopic distributions of SsuE in the 

presence of FMN showed both binomial and bimodal exchange patterns at early 

timepoints, with the tetramer being the predominate species. Longer exposure times 

consistently showed the appearance of the fast-exchanging dimer, with nearly equal 

distribution between the dimer and tetramer. While similar bimodal patterns of exchange 

were observed in the presence of NADPH, the distributions of dimer and tetramer species 

where consistent with those observed for the apoenzyme, giving rise to nearly identical 

uptake plots (Appendix Fig. A5). 
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Figure 2.5: Differential H/D-X analysis of SsuE and SsuE/FMN. Differences in relative 

fractional uptake after (A) 10 sec, (B) 5 min and (C) 30 min D2O exposure for SsuE/FMN 

and SsuE mapped onto the SsuE tetramer. Protein regions showing decreased deuterium 

in the presence of FMN are shown in blue, regions with no difference in exchange are 

shown in white, and regions where FMN increases deuterium uptake compared to the 

apoenzyme are shown in brown. D) Differential H/D-X mapped onto the SsuE dimer for 

30 min D2O exposure. Colors as defined in A-C. To highlight the dimer-tetramer interface, 

(B) is rotated 180° counterclockwise relative to (A). E) Representative deuterium uptake 

plots and peptide spectra showing bimodal distributions of the isotopic envelope indicating 

a mixed population of dimer (fast exchanging, higher m/z) and tetramer (slower 

exchanging, lower m/z) species. Exchange patterns for all peptides identified are 

summarized in Appendix Table A1 and all deuterium uptake plots for SsuE/FMN and 

SsuE/NADPH are provided in Appendix Fig. A4 and A5.  
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 Like SsuE, MsuE is equally amenable to interrogation by H/D-X. Peptide coverage 

was obtained for nearly the entire protein (98.6-99%) with high redundancy (Appendix 

Fig. A6). Unlike SsuE, the MsuE apoenzyme and MsuE/FMN complex displayed binomial 

isotopic distributions in the mass spectra, suggesting a more homogenous mixture of 

higher order structures. Differential H/D-X analysis of MsuE/FMN compared to MsuE 

showed a marked decrease in deuterium uptake in the presence of FMN (Fig. 2.6A) which 

was most apparent at the dimer-tetramer interface (Fig. 2.6B) and in regions proposed 

to stabilize the interface (Fig. 2.6C). As seen in the uptake plots (Appendix Fig. A7), the 

decreased deuterium uptake in the presence of FMN was largely due to changes in 

solvent exposure, or overall deuterium uptake, rather than changes in protein motions of 

dynamics. Collectively, these data suggest FMN stabilizes MsuE in a single, tetrameric 

species. In striking contrast, MsuE/NADPH shows no significant difference in deuterium 

uptake compared to the exchange observed for the apoenzyme. Deuterium uptake plots 

(Appendix Fig. A8) for all peptides analyzed are nearly identical in both exchange rates 

and relative deuterium incorporation indicating NADPH has little impact on the dimer-

tetramer equilibrium of MsuE. 
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Figure 2.6: Differential H/D-X analysis of MsuE and MsuE/FMN. Differences in relative 
fractional uptake after 15 min D2O exposure for MsuE/FMN and MsuE mapped onto the MsuE 
tetramer (A) and dimer (B). Protein regions showing decreased deuterium in the presence of 
FMN are shown in green, regions with no difference in exchange are shown in white, and 
regions where FMN increases deuterium uptake compared to the apoenzyme are shown in 
brown. To highlight the dimer-tetramer interface, (B) is rotated 180° counterclockwise relative 
to (A). C) Deuterium uptake plots for the dimer-tetramer interface, including the π-helix. Protein 
residues captured in these select uptake plots are highlighted on the MsuE/FMN dimer 
structure (pale green). Deuterium uptake plots for MsuE/FMN and MsuE/NADPH are provided 
in Appendix Fig. A7 and A8.  
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2.4  Discussion  

 Oligomeric changes in proteins play diverse roles in enzyme function. Protein 

oligomers have evolved because of their advantages over their monomers. These 

advantages include the possibility of allosteric control, higher local concentration of active 

sites, larger binding surfaces, new active sites at subunit interfaces, and economic ways 

to produce large protein interaction networks and molecular machines.236,237,340 

Oligomeric changes have been identified for specific FMN-dependent reductases 

associated with two-component monooxygenase systems.261,327,329,341 Factors that 

initiate these observed oligomeric changes include interaction with the monooxygenase, 

fluctuations in cellular concentrations of the enzyme, and substrate binding. The SsuE 

and MsuE FMN-reductases are part of two-component enzyme systems involved in sulfur 

acquisition. While SsuE has a single monooxygenase partner, MsuE must be able to 

transfer flavin to two structurally and functionally different monooxygenase 

enzymes.31,100,326 SsuE and MsuE are classified in the group of NADPH:FMN reductases 

that are part of the flavodoxin-like superfamily based on their structural similarities.327 

Members of this group include NADPH:FMN reductases with a tightly bound FMN 

prosthetic group and those enzymes that use FMN as a substrate such as SsuE and 

MsuE. The principal structural difference between the two groups of enzymes is the 

presence of a -helix generated by the insertion of an amino acid in a conserved -

helix.231,232,327,342  The presence of a -helix secondary structure usually leads to a gain 

of function.211–213,229  For SsuE, the insertional residue is a Tyr residue, while MsuE has 

a His insertional residue. Substitution of the Tyr -helix insertional residue shifted the 

tetramer of SsuE to a dimer in the three-dimensional structure, and FMN was tightly 
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bound to the variant.231 The -helix is located at the tetramer interface of SsuE and has 

been proposed to initiate flavin transfer.232,342  

 The FMN reductases and monooxygenases from two-component systems have a 

preference for a specific redox form of the flavin. The FMN reductases typically show a 

higher affinity for oxidized flavin, and their partner monooxygenases prefers reduced 

flavin.189,343 This specificity ensures that the reduced flavin is transferred to the 

monooxygenase enzyme. Detailed substrate binding analyses of SsuE and MsuE was 

performed in order to identify the preferred substrate for each enzyme to use in further 

studies to evaluate oligomeric state changes in the presence of each substrate. SsuE 

showed a preference for FMN but was able to use either NADH or NADPH for flavin 

reduction. The MsuE enzyme showed a similar affinity for FMN/FAD and for each pyridine 

nucleotide. Although MsuE showed no clear preference for a specific pyridine nucleotide 

in binding studies, FMN and NADPH are the preferred substrates in coupled assays with 

the monooxygenase enzyme MsuD. It is unclear why NADPH is preferred in coupled 

assays over NADH. The mechanism of flavin reduction by SsuE was previously shown to 

utilize a sequential mechanism for binding with the pyridine nucleotide binding first 

followed by the flavin to form a ternary complex.170 Following flavin reduction, the reduced 

flavin is transferred to the monooxygenase and the pyridine nucleotide is released. The 

preference for NADPH in coupled assays with MsuE/MsuD could be related to the release 

of the oxidized pyridine product to promote continued flavin reduction by MsuE if a similar 

binding model as SsuE is used. Moreover, MsuD must be altering the preference of MsuE 

for NADPH as the specificity is only observed in coupled assays. 
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 The established substrate preference was used to determine if oligomeric changes 

were initiated by specific substrate binding. SsuE was previously shown to exist as a 

dimer or tetramer depending on the protocol used to investigate the oligomeric state.325,327 

Given the structural and functional similarity of MsuE and SsuE with the comparable -

helix providing a gain of function, we anticipated that similar oligomeric changes would 

be observed between the two enzymes. SsuE existed in different multimeric states in the 

presence of FMN and NADPH compared to the apo enzyme. With the addition of FMN or 

NADPH, SsuE shifted from a tetramer to a tetramer/dimer equilibrium. The rapid shift 

between tetramer and dimer species would lead to the exposed regions of the dimer 

exchanging over longer exposure times in H/D-X studies, even though the tetramer was 

the predominant species in solution. This would give inflated deuterium uptake 

measurements for the apoenzyme at longer (>5 min) time points. In contrast, FMN slows 

the rapid equilibrium between the dimer and tetramer, which is evident from the slow 

appearance of the dimer in the mass spectra. The shift from the tetramer to a dimer 

occurred along the dimer/dimer interface of SsuE. An oligomeric shift at the dimer/dimer 

interface would disrupt the hydrogen bonding interactions between the insertional tyrosine 

residue of the -helices and the amide of the peptide backbone across the dimer interface. 

The presence of -helices in proteins often leads to increased flexibility due to the altered 

intrastrand hydrogen bonding. For soybean lipoxygenase, the -helix becomes mobile on 

a nanosecond timescale with the binding of lipid.226 The substrate binding sites of SsuE 

are located near the -helices and the binding of flavin may lead to an initial increase in 

mobility resulting in the disruption of  hydrogen bonding interactions across the 

dimer/dimer interface. Although SsuE with flavin bound exists as a tetramer in the three-
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dimensional structure, preformed crystals of SsuE were soaked with FMN so the tetramer 

observed may not be an accurate representation of oligomeric states for SsuE.327  

 For MsuE, the enzyme shifted from a dimer to a tetramer with the addition of flavin, 

but there was no change in the oligomeric state with NADPH. The shift to a tetramer was 

also supported by H/D-X MS studies that demonstrated decreased deuterium uptake at 

the dimer/dimer interface for the MsuE/FMN complex compared to the apo enzyme. The 

decreased deuterium uptake for MsuE with FMN was primarily located in the -helical 

region. Currently there are no three-dimensional structures of MsuE with FMN bound. 

The asymmetric unit of the PDB structure (4C76) for MsuE has the -helices pointing 

away from the dimer/dimer interaction interface and would not lead to a decrease in 

deuterium uptake with the conversion of a dimer to a tetramer. In addition, the dimeric 

structure was not in the commonly observed symmetry for the NADPH:FMN-reductases 

belonging to the flavodoxin-like superfamily. Therefore, based on these investigations, 

apo MsuE exists as a dimer and the addition of FMN converts the enzyme to a tetramer 

with the -helices located at the dimer/dimer interface.  

 The changes in the oligomeric state for both SsuE and MsuE with FMN bound likely 

represents a regulatory control point for reduced flavin transfer. Differences in the 

observed oligomeric states between SsuE and MsuE were surprising given their structural 

similarity, and likely is a result of their different physiological roles. Despite these 

differences, both SsuE and MsuE demonstrated a pronounced increase in enzyme 

thermal stability. It is not overtly apparent why there was an observed increase in the Tm 

of the enzyme with FMN bound. There are no major structural changes between the 

monomeric three-dimensional structure of apo SsuE and the SsuE/FMN complex. 
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However, a decrease in hydrogen-deuterium exchange was observed in the -sheets 

located at the center of SsuE at all time points evaluated by H/D-X MS indicating a more 

compact or rigid structure that would be more resistant to thermal denaturation. An 

increase in the stability would also assist in stabilizing the flavin prior to reduction. The 

tetrameric interface of SsuE forms protein-protein interactions with SsuD, and the 

tetrameric form of SsuE would have to dissociate along the dimer/dimer interface to 

interact with SsuD (Fig. 2.7A). Therefore, the conversion of SsuE to a tetramer/dimer 

equilibrium in the presence of substrates would promote these interactions. Binding of 

dimeric SsuE to SsuD would lead to a tetramer/dimer equilibrium shift to further promote 

protein-protein interactions. Conversely, MsuE shifted from a dimer to a tetramer with the 

binding of the FMN substrate only and multiple oligomeric states were not observed (Fig. 

2.7B). The additional noncovalent interactions to form the tetramer and bind FMN could 

lead to the observed increase in thermal stability with the MsuE/FMN complex. Based on 

the location of the flavin at the tetramer interface, it would be difficult to release the flavin 

unless MsuE was in the dimeric form. MsuE was shown to play a dual role in providing 

reduced flavin FMN to both MsuC and MsuD.100,326 If MsuE forms protein-protein 

interactions with both MsuC and MsuD, then these interactions and/or FMN reduction 

may be the catalyst that drive the equilibrium shift from a tetramer to a dimer. Alternatively, 

flavin transfer in MsuE may occur by a diffusion mechanism and no protein-protein 

interactions would be necessary. However, it would be difficult to transfer reduced flavin 

in the tetrameric species of SsuE as the substrate is buried at the dimer/dimer interface. 

Current studies to evaluate the oligomeric state of SsuE and MsuE in the presence of 

their partner monooxygenases will provide additional insight into the observed oligomeric 
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changes between the apo and FMN bound enzyme. Although SsuE and MsuE share 

~30% amino acid sequence identity, there is a clear difference in the oligomeric changes 

that is likely related to differences in their overall functional role. 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 2.7: Model for SsuE and MsuE oligomeric changes. A. SsuE shifts from a 

tetramer to a slow tetramer/dimer equilibrium with the addition of FMN or NADPH. B. 

MsuE shifts from a dimer to a tetramer with the addition of FMN. The oligomeric change 

was not observed with NADPH. PDB: Pu01 (SsuE), MsuE was generated with 

AlphaFold.327,333 

 

apo SsuE 
tetramer 

SsuE/FMN 
dimer 

+FMN or  
NADPH 

apo MsuE 
dimer 

MsuE/FMN 
tetramer 

+FMN 

A 

B 



CHAPTER THREE 

3 The Role of Oligomeric Changes of SsuE in Protein-Protein Interactions in the 

Alkanesulfonate Monooxygenase System 

3.1 Introduction 

The two-component alkanesulfonate monooxygenase system is utilized by 

bacteria for furnishing sulfur sources during sulfur limiting conditions.78 For sulfite 

production, the flavin reductase, SsuE transfers reduced flavin to the alkanesulfonate 

monooxygenase, SsuD for the desulfonation of organosulfonates in the presence of 

oxygen.88,147 This enzyme system utilizes several distinct structural features for the 

reduction and release of flavin which is pertinent for the desulfonation reaction to occur. 

In this enzyme system, SsuE utilizes flavin as a substrate not a cofactor as observed for 

the canonical flavoproteins that belong to the same NADPH:FMN reductase family. 

Canonical flavoproteins have flavin bound and do not have a monooxygenase partner for 

flavin transfer. SsuE differs from the other canonical flavoproteins due to a conserved π-

helix.89 The presence of the π-helix may be responsible for the structural divergence of 

two-component reductases and canonical flavoproteins.231 The π-helix has been 

proposed to enhance protein-protein interactions and/or flavin transfer in the 

alkanesulfonate monooxygenase system. 

Before desulfonation occurs, reduced flavin needs to be transferred effectively 

from the reductase to the monooxygenase. There is no clear consensus about the 

mechanism of reduced flavin transfer and different mechanisms have been investigated 

and reported for several two-component systems.146 Transfer of reduced flavin can occur 
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through diffusion or a direct transfer mechanism involving protein-protein interactions 

between the reductase and monooxygenase. Safe transfer of reduced flavin is critical for 

the desulfonation reaction in the alkanesulfonate monooxygenase system because 

reduced flavin undergoes autooxidation to generate reactive oxygen species.146 The 

direct mechanism of reduced flavin transfer from the reductase to the monooxygenase 

would be more efficient in a cellular system to prevent autooxidation before catalysis 

occurs.205  

Several investigations have been performed to determine the mechanism of 

reduced flavin transfer in the alkanesulfonate monooxygenase system. SsuE showed a 

1000-fold higher binding affinity for the oxidized form of flavin compared to SsuD, while 

SsuD had a higher binding affinity of about 10-fold for reduced flavin.170,171 The higher 

affinity of SsuE for oxidized flavin may likely increase the rate of reduced flavin transfer 

to SsuD.170 Static protein-protein interactions were observed between SsuE and SsuD in 

pull-down assays.205 Additionally, results from competitive assays to evaluate the ability 

of Y118A SsuE (flavin-bound variant) to compete with SsuE for the interaction sites in 

SsuD revealed a decrease in desulfonation activity, which implies that protein-protein 

interactions are utilized for reduced flavin transfer from SsuE to SsuD.233 Specific protein-

protein interaction sites were identified in the alkanesulfonate monooxygenase system 

and these sites are conserved in both enzymes (Fig. 3.1).208 The interaction sites for 

SsuE were present at the tetramer interface where the π-helix is located. The π-helix is 

a unique structural feature of SsuE, and it has been hypothesized to play a role in reduced 

flavin transfer to SsuD. Several unique roles have been observed in different enzymes 

due to the flexibility and functional advantage conferred by the presence of the π-helix in 
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these enzymes.211,213 Hydrogen bonding interactions have been observed between the 

π-helix and FMN at the tetrameric interface of SsuE which may affect the oligomeric 

changes of SsuE upon flavin binding. These observations imply that oligomeric changes 

of SsuE may be directly linked to protein-protein interactions which are vital for the 

transfer of flavin to SsuD. The monooxygenase, SsuD belongs to the bacterial luciferase 

enzyme family and is composed of a TIM-barrel fold with a dynamic loop region in an 

insertion sequence which deviates from other TIM (β/α)8 barrel proteins.186 The active site 

of SsuD is situated at the C-terminal end of the β-barrel.184,185,187 The dynamic loop is 

flexible, and it undergoes conformational changes upon substrate binding to SsuD. The 

mobile loop situated over the active site prevents premature release of reactive 

intermediates and shields the active site from bulk solvent once reduced flavin is 

bound.188  The interaction sites in SsuD are located at the active site opening and are 

connected to each other by a loop.208 Protein-protein interactions may prompt structural 

changes in the structure of SsuE and SsuD that enhance the desulfonation reaction.  

 

SsuD 

251-DDETIAKAQAA-261 

285-EISPNLWAGVG-295 

SsuE 

78-KAAYSGALKTLL-89 

118-YALKPVL-124 

Flavin 

Transfer 

Figure 3.1: Protein-protein interaction sites in SsuE and SsuD were identified. (Adapted 
from208). Copyright © 2015, American Chemical Society. 
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SsuE exists in a tetramer-dimer equilibrium with flavin present which may enhance 

the transfer of reduced flavin to SsuD. However, it is not clear how the oligomeric changes 

of SsuE are affected by the presence of SsuD. These studies were performed to probe 

how the oligomeric state of SsuE aids in the flavin transfer process and to determine the 

molecular weight of the SsuE-SsuD complex formed following protein-protein 

interactions. 

3.2 Materials and Methods 

3.2.1 Materials 

Expression and purification of wild-type SsuE and SsuD were performed as 

previously reported.205 All chemicals and reagents were purchased from Sigma-Aldrich, 

Fisher and Bio Rad. Amicon ultra-4 centrifugal filter with a molecular weight cutoff of 10 

kDa were purchased from Millipore (Burlington, MA). All UV-vis spectra were recorded 

using an Agilent HP 8453 UV-vis spectrophotometer equipped with a peltier-controlled 

temperature cell holder (Quantum North-West).  

3.2.2 Fluorimetric Titrations of SsuE and SsuD 

 Fluorometric titrations were recorded at room temperature using a Shimadzu 

spectrofluorophotometer RF-6000 (Japan). Titrations were performed in a 10 mm quartz 

cuvette with excitation and emission slit widths of 3 nm and 5 nm, respectively. SsuD 

(0.04 – 0.8 µM, 1 µL aliquots) was titrated into a 1 mL solution of equimolar FMN-bound 

SsuE (0.4 µM) in 25 mM phosphate (pH 7.5) and 0.1 M NaCl for a total of 20 additions. 

Binding affinity was measured by monitoring the change in the local flavin environment, 

the protein sample was excited at 450 nm, and the fluorescence emission was measured 

at 525 nm. The experiment was performed in triplicate and the fluorescence spectra was 
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measured after 2 min incubations in order to reach equilibrium after the addition of SsuD. 

The dissociation constant (Kd) for binding between SsuE and SsuD was obtained using a 

quadratic equation as previously described.205,208 

3.2.3 Analytical Ultracentrifugation of SsuE and SsuD 

Oligomeric changes of SsuE in the presence of SsuD were determined in the 

absence and presence of FMN. The oligomeric changes of the protein samples were 

monitored by sedimentation velocity on an Optima XL-A analytical ultracentrifuge (AUC) 

(Beckman Coulter, Fullerton, CA) at 20 ºC. The samples were measured in a four-hole 

AN-60 Ti rotor with standard epon-double centerpieces of 12 mm. The different samples 

were monitored at a radial step size of 0.003 cm, in continuous mode and with no delay 

between the 300 scans. The sample cell contained the different protein samples and the 

reference cells contained 25 mM potassium phosphate (pH 7.5) and 0.1 M NaCl. 

Prior to the determination of the oligomeric state of the SsuE-SsuD protein 

complex, the oligomeric state of SsuD was evaluated at different concentrations (6 µM 

and 12 µM). The SsuD samples were buffer exchanged three times with 25 mM 

potassium phosphate (pH 7.5) and 0.1 M NaCl in an amicon centrifugal filter. The 

oligomeric states of the SsuE and SsuD protein complex were monitored utilizing an 

equimolar concentration of SsuE:SsuD (12 µM:12 µM) and a 2:1 combination of 

SsuE:SsuD (12 µM:6 µM). The SsuE and SsuD samples were buffer exchanged 

separately three times with 25 mM potassium phosphate (pH 7.5) and 0.1 M NaCl to a 

total volume of 4 mL with each wash. To determine the shift in oligomerization of SsuE 

with flavin and SsuD present, a 5:1 ratio of FMN to SsuE was utilized for this investigation. 

The SsuE/FMN was washed three times with 25 mM potassium phosphate (pH 7.5) and 
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0.1 M NaCl to a total volume of 4 mL with each wash. Unbound flavin was removed by 

centrifugation at 5000 rpm for 10 min using the amicon centrifuge filter. The concentration 

of SsuE (12 µM) after washing was measured at absorbance 450 nm (12.2 mM-1 cm-1). 

SsuD was buffer exchanged and added to FMN-bound SsuE at 6 µM. For all samples, 

radial absorbance scans were measured at 280 nm and continuous scans were collected 

at 37000 rpm. 

Sedimentation data from the scans were evaluated using continuous 

sedimentation distribution model c(s) using the Lamm equation in the SEDFIT program. 

The partial specific volume for SsuE (0.7441 cm3/g) and SsuD (0.7359 cm3/g) was 

calculated based on their amino acid composition at 20 ºC on Sednterp. The buffer 

density of 1.00574 g/ml and viscosity of 1.0183 cp was determined based on the buffer 

composition of 25 mM potassium phosphate (pH 7.5) and 0.1 M NaCl from the Sednterp 

program. These parameters were used to fit the sedimentation scans on the SEDFIT 

program. An average of the partial specific volume of SsuE and SsuD were used to fit the 

scans to determine the sedimentation coefficient of the proposed complex formed 

between the enzymes. 

3.3 Results 

3.3.1 Binding of SsuD to FMN-bound SsuE 

Fluorescence titrations were performed to evaluate the dissociation constant (Kd) 

for protein-protein interactions in the two-component alkanesulfonate monooxygenase 

system. The Kd of SsuD binding to SsuE was evaluated by titrating SsuD into FMN-bound 

SsuE. For this investigation, the change in fluorescence of the flavin environment of flavin-
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bound SsuE with each addition of SsuD was monitored rather than the intrinsic 

fluorescence of either proteins because it would be difficult to attribute the change in 

fluorescence intensity to either SsuE or SsuD. Increase in fluorescence binding was 

monitored at an excitation wavelength of 450 nm emission following each addition of 

SsuD. The increase in fluorescence following SsuD binding to the SsuE-FMN complex is 

as a result of protein-protein interactions causing a change in the local flavin environment 

of SsuE. The concentration of SsuD bound was plotted against total SsuD to obtain a Kd 

value of 0.26 ± 0.03 µM (Fig. 3.2).  
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Figure 3.2 Binding affinity of FMN-bound SsuE to SsuD.  
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3.3.2 Oligomeric State of the SsuE-SsuD Complex Following Protein-Protein 

Interactions 

Analytical ultracentrifugation (AUC) was performed to determine the molecular 

weight of the complex formed from the protein-protein interactions of SsuE and SsuD. 

Prior to the determination of the sedimentation value of the SsuE-SsuD complex, the 

oligomeric state of SsuD was determined before the addition of SsuE. The determination 

of the sedimentation value for SsuD was performed with two concentrations to account 

for the different ratios utilized in the presence of SsuE. The sedimentation value of SsuD 

was 7.75 ± 0.03 S (12 µM) and 7.84 ± 0.01 S (6 µM) which corresponded to a tetramer 

with molecular weights of 154 ± 3 kDa and 154 ± 4 kDa respectively (Fig. 3.3, Table 3.1). 

With the monomeric mass of 41.6 kDa for SsuD, the protein existed as a tetramer. 

 

Figure 3.3: Sedimentation distribution plot of SsuD. AUC experiments were performed 
with SsuD at A) 6 µM and B) 12 µM. The reactions were performed in triplicate but only 
one fit is shown for clarity. 
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Following the determination of the sedimentation value of SsuD, the oligomeric 

state of the protein complex was determined by utilizing an equimolar concentration of 

SsuE and SsuD (12 µM). The four peaks observed gave an s20,w value of 2.9 ± 0.2 S, 

4.6 ± 0.1 S, 7.7 ± 0.1 S, 11.2 ± 0.1 S (Fig. 3.4A, Table 3.2). The molecular weights were 

37.2 ± 2.3, 74.1 ± 3.5, 159 ± 7.9 and 278.9 ± 17.2 kDa, respectively. These four peaks 

corresponded to the dimer of SsuE (peak 1), the tetramer of SsuE (peak 2), the tetramer 

of SsuD (peak 3) and the proposed SsuE-SsuD protein complex (peak 4). The SsuE-

SsuD protein complex was calculated from the experimental molecular weight of SsuE 

(80.1 kDa) and SsuD (166.6 kDa), which would generate a protein complex of 246 kDa. 

The oligomeric conformation of the proposed SsuE-SsuD complex would be two dimers 

of SsuE binding the tetramer of SsuD. Further investigations were carried out similarly 

with a higher concentration of SsuE to SsuD (12 µM:6 µM). Similar results were observed 

which were comparable to sedimentation coefficients observed with a 1:1 molar ratio of 

SsuE to SsuD. However, there was more tetramer of SsuE formed at increased 

concentrations of SsuE compared to the amount of tetramer observed with equimolar 

concentrations of SsuE and SsuD (Fig. 3.4B, Table 3.2). 

Table 3.1. Results from AUC analysis of SsuD at different concentrations. 

 SsuD (12 µM) SsuD (6 µM) 

s20, w (S) 7.75 ± 0.03 7.84 ± 0.01 

Experimental MW (kDa) 154 ± 3 154 ± 4 

Calculated MW (kDa) 166.6 166.6 
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Further experiments were performed to monitor the oligomeric changes of SsuE 

with flavin and SsuD present. For these experiments, flavin addition was performed 

similarly to the determination of the oligomeric state of SsuE with flavin present. The AUC 

Table 3.2. Results from AUC analysis of SsuE-SsuD complex. 

 
Peak 1 Peak 2 Peak 3 Peak 4 

SsuE:SsuD (1:1)  s20,w 

(S) 

2.9 ± 0.2 4.6 ± 0.1 7.7 ± 0.1 11.2 ± 0.1 

Molecular weight (kDa) 37.2 ± 2.3 74.1 ± 3.5 159.0 ± 7.9 278.9 ± 17.2 

SsuE:SsuD (2:1)  s20,w 

(S) 

2.8 ± 0.1 4.7 ± 0.1 7.8 ± 0.1 11.1 ± 0.1 

Molecular weight (kDa) 34.8 ± 0.9 74.6 ± 1.5 158.3 ± 2.5 268.9 ± 3.1 
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Figure 3.4: Sedimentation distribution plots of the SsuE-SsuD complex. A) SsuE-SsuD (12 
µM:12 µM) B) SsuE-SsuD (12 µM:6 µM). AUC experiments were performed to determine 
the oligomeric state of the SsuE-SsuD complex at different concentrations of SsuE to SsuD 
(1:1, 2:1). The reactions were performed in triplicate but only one fit is shown for clarity. 
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analysis of the SsuE/flavin complex with SsuD gave four s20,w values of 3.3 ± 0.4 S, 4.6 

± 0.3 S, 7.77 ± 0.01 S, and 10.9 ± 0.3 S. The molecular weights for the sedimentation 

coefficients were 46.2 ± 9.2, 77.2 ± 6.4, 162.8 ± 7.3 and 269.6 ± 0.1 kDa, respectively. 

The four sedimentation coefficient peaks observed corresponded to the dimer and 

tetramer of SsuE (peak 1 and 2), the tetramer of SsuD (peak 3) and the proposed complex 

of SsuE and SsuD (peak 4) (Fig. 3.5, Table 3.3). Interestingly, the addition of flavin with 

SsuD present shifted the tetramer-dimer equilibrium of SsuE to favor an increase in the 

dimer species. 
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Figure 3.5: Sedimentation distribution plots of SsuE-SsuD complex without and with 
flavin. A) SsuE-SsuD (12 µM:6 µM). B) SsuE(FMN)-SsuD (12 µM:6 µM). AUC 
experiments were performed to determine the oligomeric state of the SsuE-SsuD 
complex without and with FMN.  
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3.4 Discussion 

Reduced flavin is utilized by bacteria for a diverse range of biological processes. 

Flavoproteins utilize flavin either as a substrate or a cofactor for the reduction of oxidized 

flavin which serves as the reductive half-rection. Canonical flavoproteins catalyze both 

the reductive and oxidative half-reactions with one enzyme active site. However, in two-

component flavin-dependent systems, two separate enzymes carry out the reductive and 

oxidative half-reactions. The two-component alkanesulfonate monooxygenase systems 

are upregulated for sulfur acquisition when inorganic sulfate is limiting in the environment. 

The alkanesulfonate monooxygenase system is comprised of the flavin reductase which 

catalyzes the reduction and transfer of flavin and the monooxygenase which utilizes 

reduced flavin for the desulfonation of alkanesulfonates. This system utilizes several 

Table 3.3. Results from AUC analysis of SsuE-SsuD complex without and with flavin 
present. 
 

Peak 1 Peak 2 Peak 3 Peak 4 

SsuE:SsuD (2:1)   

s20,w (S) 

2.8 ± 0.1 4.7 ± 0.1 7.8 ± 0.1 11.1 ± 0.1 

Molecular weight (kDa) 34.8 ± 0.9 74.6 ± 1.5 158.3 ± 2.5 268.9 ± 3.1 

SsuE(FMN):SsuD (2:1)  

 s20,w (S) 

3.3 ± 0.4 4.6 ± 0.3 7.77 ± 0.01 10.9 ± 0.3 

Molecular weight (kDa) 46.2 ± 9.2 77.2 ± 6.4 162.8 ± 7.3 269.6 ± 0.1 
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unique structural features for the acquisition of sulfur. These different structural features 

are geared towards the efficient transfer of reduced flavin from the SsuE to SsuD for 

desulfonation to occur. Results from previous studies have revealed that the medium for 

reduced flavin transfer from SsuE to SsuD occurs through protein-protein interactions. 

The interactions sites in SsuE are located on the dimer interface where the π-helix is 

located while the interaction sites for SsuD are located close to the active site and 

separated by the dynamic loop. The insertional loop of SsuD has been observed to close 

over the active site to prevent the loss of reduced flavin to bulk solvent upon transfer from 

SsuE. Conformational changes have been reported in SsuD upon binding of reduced 

flavin and oligomeric changes have been observed with SsuE upon binding of oxidized 

flavin. However, oligomeric changes of SsuE in the presence of SsuD have not been 

explored and the stoichiometric ratio of the binding of SsuE to SsuD is not known.  

The binding of SsuE to SsuD was investigated by fluorescence spectroscopy. 

There was an observed increase in relative intensity with the titration of FMN-bound SsuE 

to SsuD which reached saturation. The binding affinity was 0.26 ± 0.03 µM, indicating a 

strong interaction between SsuE and SsuD. The 1:1 stoichiometric ratio for monomeric 

binding supports a structural model where two dimers of SsuE bind the tetramer of SsuD. 

However, the effect of the oligomeric changes of SsuE is not yet known for the protein 

complex formed following reduced flavin transfer. 

 SsuE was observed to exist in a tetramer-dimer equilibrium in the presence of 

FMN and NADPH, with the tetramer of SsuE being the predominant form. However, the 

changes in the oligomeric state of SsuE has not been explored in the presence of SsuD. 

The oligomeric state of SsuD was determined to be a tetramer from sedimentation 
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velocity AUC studies. The molecular weight of the complex was determined with both 

SsuE and SsuD at different concentrations. At equimolar concentrations of SsuE and 

SsuD, four peaks were observed that corresponded to the tetramer-dimer equilibrium of 

SsuE, the tetramer of SsuD and the proposed SsuE-SsuD complex. The SsuE-SsuD 

complex arises because of protein-protein interactions between SsuE and SsuD which 

are critical for reduced flavin transfer. Similar peaks are observed at higher concentrations 

of SsuE in complex with SsuD, however more of the SsuE tetramer was formed. The 

addition of flavin shifted the tetramer-dimer equilibrium in favor of the dimer of SsuE but 

there was no apparent formation of more SsuE-SsuD protein complex. This may mean 

that the interaction sites of SsuE at the dimeric interface are made readily available for 

flavin transfer in the presence of flavin and SsuD.  

Protein-protein interactions are utilized for the transfer of reduced flavin from SsuE 

to SsuD in the alkanesulfonate monooxygenase system. This medium of reduced flavin 

transfer safeguards reduced flavin from oxidation and ensures that it is deposited at the 

active site of SsuD for the desulfonation reaction to occur. The oligomeric changes 

exhibited by SsuE are pertinent for the exposure of protein-protein interaction sites to 

ensure that after flavin is reduced it is transferred to the monooxygenase. The presence 

of FMN or SsuD caused SsuE to exist in tetramer-dimer equilibrium, however the tetramer 

form was more predominant. The dimer-dimer interface of SsuE houses the protein 

interaction sites utilized for flavin transfer to SsuD and the π-helix. From the analytical 

ultracentrifugation results, the dimeric species was more predominant than the tetramer 

species in the presence of FMN and SsuD. The 1:1 stoichiometric ratio for monomeric 

binding between SsuE and SsuD suggests a structural model involving two dimers of 
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SsuE bound to a tetramer of SsuD (Fig. 3.6). The active site of SsuD is situated on the 

outside of each monomer which implies that SsuD would not need to undergo oligomeric 

changes to make this site available for flavin transfer. The dimers of SsuE cannot bind to 

two active sites of SsuD on the same surface in order not to interfere with the mobile loop 

that closes over the active site upon the binding of flavin. The results obtained suggest 

the importance of protein-protein interactions and the role of the oligomeric changes of 

SsuE in the efficient transfer of reduced flavin to SsuD. Future investigations will focus on 

increasing the concentration of SsuE to SsuD (4:1) as is implemented in coupled assays 

to determine the production of sulfite. The coupled assays are performed with a 3-fold 

SsuE to SsuD ratio to ensure the continued supply of reduced flavin for the desulfonation 

reaction. Also, the three-dimensional structure of the SsuE-SsuD complex would be 

determined without and with FMN to study the interactions and structural changes that 

are influenced by protein-protein interactions. 

Figure 3.6: Proposed model for the formation of the protein complex between SsuE and 
SsuD. 
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CHAPTER FOUR 

4 Transformation of a Canonical Flavoprotein to a Flavin-Free NADPH-FMN 

Reductase Through Mutations of the α-Helix 

4.1 Introduction 

       Sulfur is an essential component of amino acids and cofactors required for the 

growth and survival of bacteria. However, the scarcity of inorganic sulfur in aerobic soils 

leads to the synthesis of specific proteins that can utilize organosulfonates to produce 

sulfite. The alkanesulfonate monooxygenase system is comprised of SsuE and SsuD 

that are involved in the desulfonation of alkanesulfonates for sulfur acquisition. The FMN 

reductase, SsuE relies on distinct structural features to catalyze the reduction and 

transfer of reduced flavin to SsuD.88 SsuE belongs to the NADPH:FMN reductase family 

based on a flavodoxin fold common to these enzymes.89 The reductases under this 

family are further subdivided based on the presence or absence of a π-helix. The π-helix 

is generated from the insertion of an amino acid into an established α-helix.89 It has been 

found in 15% of proteins and provides functional advantages in different enzymes. Some 

of these advantages include introduction of catalytic residues or new active site 

properties that promote metal or cofactor binding.211–213 

      SsuE utilizes flavin as a substrate and the π-helix has been proposed to contribute to 

the structural divergence from canonical FMN-bound reductases within the NADPH:FMN 

reductase family.89 The π-helix observed in SsuE was proposed to be formed by the 

insertion of Tyr residue (Tyr118) into a conserved α-helix of canonical flavoproteins. 

Hydrogen bonding interactions have been observed between Tyr118 and the 

isoalloxazine ring of FMN across the tetrameric interface of SsuE. In addition, the 
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aromatic rings of Tyr118 in the π-helix of each monomer of SsuE forms π-stacking 

interactions at the tetrameric interface and these interactions stabilize the enzyme.233 

Several variants of Tyr118 were generated and their three-dimensional structures 

determined to investigate the structural and functional roles of the π-helix. The Y118A 

SsuE variant was purified flavin bound and was converted to an α-helix like the FMN-

bound members of the NADPH:FMN reductase family. The deletion variant, ∆Y118 SsuE 

was not purified with flavin bound. Although, the flavin bound to the Y118A SsuE variant 

was reduced as observed in reductive titrations, it was not oxidized in NADPH oxidase 

assays. Also, there was no measurable oxidase activity for the deletion variant, ∆Y118 

SsuE.232 Both variants, Y118A and ∆Y118 SsuE formed a dimer unlike wild-type SsuE, 

which exists as a tetramer. These variants were unable to form the tetramer due to the 

disruption of hydrophobic packing patterns observed in the wild-type enzyme. MsuE, the 

FMN reductase in the methanesulfinate and methanesulfonate monooxygenase system 

is structurally similar to SsuE, however the insertional residue for the π-helix in MsuE is 

His126. Exchanging the π-helix insertional residue of both enzymes, SsuE (Y118H) and 

MsuE (H126Y) did not result in similar kinetic properties with their monooxygenase 

partners.231 Furthermore, structure-based sequence analysis with other NADPH:FMN 

reductases showed the presence of a Tyr residue in a similar position in a canonical 

flavoprotein, chromate reductase (ChrR) as the Tyr118 insertional residue in SsuE. These 

results obtained from evaluating the structural and functional roles of the π-helix imply 

that the insertional residue is not solely responsible for the generation of the π-helix and 

additional structural attributes may be responsible for the gain in function provided by the 

π-helix in two-component FMN reductases.231 
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Chromate reductase catalyzes the reduction of hexavalent chromium [Cr(VI)] to 

trivalent chromium [Cr(III)], and this reaction removes toxic chromium from the 

environment.344 Chromium exists in nine valence states ranging from -2 to +6.345 Of the 

different states, Cr (VI) and Cr (III) are the most stable forms in the environment.346 They 

are found in diverse bodies of water and wastewater. Hexavalent chromium is generated 

as a by-product of several industrial processes such as welding, chrome-plating, and 

pigment production.344 It is water soluble, toxic, a major environmental pollutant, and a 

serious threat to human health. Trivalent chromium is insoluble, less bioavailable, and 

less toxic compared to hexavalent chromium and it readily forms insoluble 

oxides/hydroxide above pH 5.5.346–348 The reduction from toxic hexavalent chromium to 

less toxic trivalent chromium by microorganisms serves to neutralize the effect of this form 

of chromium.349 Like SsuE, ChrR belongs to the NADPH:FMN reductase family but does 

not require a monooxygenase partner for catalysis. 

ChrR and SsuE exist as tetramers and have a characteristic flavodoxin fold 

common to NADPH:FMN reductases (Fig. 4.1).89,321,322 However, the α4-helix for SsuE 

is the π-helix, while that for ChrR is an α-helix and both enzymes have a tyrosine residue 

at similar positions but catalyze different reactions.231 Clearly, the insertional residue, 

Tyr118 in SsuE is not enough to convert ChrR to a two-component reductase that can 

deliver reduced flavin to a monooxygenase. These studies aim to transform a canonical 

flavoprotein, ChrR, to a flavin-free reductase that supplies reduced flavin to a 

monooxygenase in the two-component FMN-dependent system. FMN reductases in two-

component systems may have more structural adaptations that accounts for their 

increased functionality over canonical flavoproteins. Wild-type ChrR was purified, and 
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several variants were generated to investigate the conserved nature of the substitutions 

towards understanding the structural differences between ChrR and SsuE. 

 

 

4.2 Materials and methods 

 

4.2 Materials and Methods 

4.2.1 Materials 

All chemicals and reagents were purchased from Sigma-Aldrich, Fischer, or Bio 

Rad. Escherichia coli strain (XL-1 and BL21 (DE3)) was purchased from Stratagene (La 

Jolla, CA). Plasmid vectors and pET21a were obtained from Novagen (Madison, WI). 

DNA primers were synthesized by Invitrogen (Carlsbad, CA). Slide-a-lyzer dialysis 

cassettes were purchased from Thermo Scentific (Rockford, IL). Phenyl Sepharose 

column matrix was purchased from Amersham Biosciences (Piscathaway, NJ). All UV-

vis absorbance spectra were recorded utilizing an Agilent Technologies diode-array 

spectrophotometer (model HP 8453) equipped with a thermostatted water bath.  

A B 

Figure 4.1: Tetramer of ChrR and SsuE. A) The three-dimensional structure of wild-type 
ChrR, a canonical flavoprotein is a tetramer, with the α-helix (gray) at the tetramer interface. 
B) The three-dimensional structure of wild-type SsuE, a two-component flavin reductase is 
a tetramer with the π-helix (green) at the tetramer interface. The structures were rendered 
with Pymol using Protein Data Bank entries 3SVL (ChrR) and 4PTY (SsuE). (Adapted 
from233,327). 
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4.2.2 Construction of ChrR Variants 

Variants of ChrR were generated using the pET21a plasmid containing the chrR 

gene from E. coli. Primers to construct the Q132P and Q127D ChrR variants were 

designed as 27-base oligonucleotides substituting the CAG Gln codon for CCG (Pro) and 

GAT (Asp) codons, respectively. The Qiagen kit plasmid purification protocol was utilized 

to prepare the ChrR plasmid for site-directed mutagenesis. The double variant, 

Q132P/127D ChrR was made by using the plasmid containing the Q132P ChrR variant 

and the primers for Q127D ChrR. The variants were confirmed by DNA sequencing 

analysis (Eurofins/Genomics, Louisville, KY). Confirmed variants were transformed into 

E. coli BL21 (DE3) and XL-1 competent cells for protein expression and storage at -80 

ºC. 

Chromate reductase, ChrR and the variants were expressed in E. coli strain 

BL21(DE3) following protocols previously described for SsuE.170 The only exception was 

the double variant, Q132P/127D ChrR, which was purified with only the macro-prep high 

Q column and eluted with a 100 – 500 mM NaCl gradient in 25 mM potassium phosphate 

(pH 7.5). Protein fractions of the ChrR enzymes were selected based on the UV-visible 

absorbance at 280 nm and purity following analysis on 12% SDS-PAGE. Wild-type and 

Q132P ChrR were purified flavin bound; however, Q127D and Q132P/127D ChrR were 

purified flavin free. The concentrations of ChrR enzymes were determined at A280 using 

a molar extinction coefficient of 11.3 mM-1 cm-1 for ChrR.322 After purification, the proteins 

were frozen and stored in -80 ºC. 
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4.2.3 Circular Dichroism Spectroscopy of Wild-Type and the Variants of ChrR 

Circular dichroism (CD) spectroscopy was performed with wild-type and variants 

of ChrR to investigate if the substitutions affected the secondary structure of the enzyme. 

The spectra were obtained with 5 µM of each protein in 10 mM potassium phosphate 

buffer (pH 7.5). CD spectra was recorded on a Jasco (Easton, MD) J-810 

spectropolarimeter. The experiments were performed at 25 ºC using a 0.1 cm path length 

cuvette. Measurements were performed at 1 nm increments between 300 to 185 nm with 

a scanning speed of 50 nm/min and a bandwidth of 1 nm. An average of eight scans were 

performed for each protein sample. Background correction was performed using the 

default parameters of the Jasco J-720 software.205 

4.2.4 Kinetic Properties of Wild-Type and ChrR Variants 

NADH oxidase assays for ChrR and MsuE were performed to compare their 

steady-state kinetic properties. The oxidase activity of flavin-bound ChrR or MsuE (0.1 

µM) were obtained with varying concentrations of FMN (0.1 – 1.5 µM) and 200 µM NADH 

in 25 mM Tris-HCl (pH 7.5) and 0.1 M NaCl at 25 ºC. Electron transfer to ferricyanide was 

performed with wild-type and ChrR variants (0.1 µM), varying concentrations of 

ferricyanide (10 – 400 µM) at fixed concentrations of FMN (10 µM) and NADH (150 µM) 

in 25 mM Tris-HCl (pH 7.5) and 0.1 M NaCl at 25 ºC.232,233 Initial rates for the NADH 

oxidase and ferricyanide assay were obtained by monitoring the decrease in absorbance 

at 340 nm following the oxidation of NADH. Oxidase and ferricyanide assays were 

performed for Q132P ChrR, Q127D ChrR and Q132P/127D ChrR similar to wild-type 

ChrR. All assays were performed in triplicate and the steady state kinetic parameters 

were obtained by fitting the data to the Michaelis-Menten equation.  
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The steady state coupled assay was performed by monitoring the desulfonation of 

octanesulfonate as previously described.189 The reaction was initiated with the addition 

of 500 µM NADPH to a reaction mixture containing wild-type SsuE, wild-type ChrR or the 

ChrR variants (0.6 µM), SsuD (0.2 µM), FMN (2 µM), and varying concentrations of 

octanesulfonate (10 - 1000 µM) in 25 mM Tris-HCl (pH 7.5) and 0.1 M NaCl at 25 ºC. 

Coupled assays with SsuE and SsuD were also performed as controls. The reaction was 

quenched after 3 min with 8 M urea, and the sulfite product was quantified at 412 nm as 

previously described.189 All assays were performed in triplicate and steady-state kinetic 

parameters were evaluated by fitting the data to the Michaelis-Menten equation. 

4.2.5 Deflavination of Wild-Type and Q132P ChrR 

Deflavination of wild-type and Q132P ChrR was performed with the addition of 25 

mM potassium phosphate (pH 7.5), 10% glycerol, and 3 M potassium bromide (500 µL) 

to 1 mL of flavin-bound ChrR (245 µM) or Q132P ChrR (157 µM) in 25 mM potassium 

phosphate (pH 7.5), 0.1 M NaCl, and 10% glycerol. While the solution was swirled in an 

ice bath, 1 mL of precooled acidified ammonium sulfate solution (3 M, pH 1.5) was added 

to wild-type ChrR or Q132P ChrR solution dropwise for 20 s. After the mixture had been 

continuously stirred for an additional 40 s, the protein was precipitated with 6 mL of the 

acidified ammonium sulfate solution (3 M, pH 1.5). The precipitated protein solution was 

centrifuged at 7800 rpm for 10 min at 4 ºC and was redissolved in a 1 mL volume of 25 

mM potassium phosphate (pH 7.5), 0.1 M NaCl, and 10% glycerol.350 Deflavinated wild-

type and Q132P ChrR  (1 mL) was dialyzed against 1 L of 25 mM potassium phosphate 

(pH 7.5), 0.1 M NaCl, and 10% glycerol for 3 hours followed by a second overnight dialysis 

using a slide-a-lyzer dialysis cassette (Thermo Scientific). The final concentration of 
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deflavinated wild-type and Q132P ChrR was 85 µM and 43 µM, resulting in a 35% and 

30% yield respectively. 

4.2.6 Fluorimetric Titrations of Wild-Type and Variants of ChrR 

Fluorometric titrations with FMN were performed to evaluate how the binding 

affinity of wildtype and the variants of ChrR was affected by the substitutions. Flavin 

binding to wild-type ChrR and the variants were monitored on a Cary Eclipse Agilent 

(Santa Clara, CA) fluorescence spectrophotometer with an excitation wavelength at 280 

nm and emission wavelength at 344 nm.205 After deflavination, a 1.0 mL solution of wild-

type and Q132P ChrR (0.1 µM) in 25 mM potassium phosphate (pH 7.5) and 0.1 M NaCl 

was titrated with FMN (0.01 - 0.2 µM). Due to the differences in the binding affinity, the 

concentration of flavin was increased (0.022 - 0.44 µM) for the Q127D ChrR variant. For 

all fluorometric titrations, the fluorescence spectrum was recorded following a 2 min 

incubation after each addition of FMN. The Kd value was determined as previously 

described using the single-site binding equation.189,205 

4.2.7 Native PAGE of Wild-Type and Variants of ChrR 

Native PAGE experiments were performed with wild-type and the variants of ChrR 

to determine the oligomeric state of the proteins. The gel was composed of a 5% stacking 

gel, 12% resolving gel without SDS and Tris-glycine running buffer. Aliquots of the 

proteins (wild-type ChrR (40 µM), Q132P ChrR (40 µM) and Q127D ChrR (50 µM)) were 

mixed with native sample buffer to a total volume of 15 µL. The gels were run at 120 V 

for 4 hours at 4 ºC. Protein bands were visualized using Coomaisse brilliant blue staining 
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and the molecular weight of protein samples were compared to stoke radius of protein 

gel standards.  

4.2.8 Proteolytic Susceptibility of Wild-Type and Q127D ChrR 

The susceptibility of wild-type and Q127D ChrR to proteolysis was investigated 

with trypsin at room temperature.188,192 Samples of wild-type and Q127D ChrR (24 µM) 

were treated with 10 µg/mL TPCK-treated trypsin in 200 mM ammonium bicarbonate/1 

mM calcium chloride reaction buffer (pH 8.4). After the addition of trypsin, 10 µL aliquots 

of the reaction mixture was taken at 5, 10, and 15 mins and immediately added to 2 µL 

PMSF in isopropanol (6 mg/mL) to quench the reaction. The degree of proteolysis for 

each sample was analyzed by 12% SDS-PAGE. 

4.2.9 Flavin Loading of Wild-Type and Q132P ChrR 

Wild-type and the ChrR variants were flavin-loaded because flavin-bound to the 

enzyme may have been lost during purification. Samples of wild-type and ChrR variants 

(100 µM) at 800 µL were loaded at a flavin concentration (200 µM) two times the 

concentration of the protein sample to a total volume of 1 mL. The flavin loaded samples 

were dialyzed for 3 hours followed by a second dialysis overnight in a slide-a-lyzer dialysis 

cassette (Thermo Scientific). A Bradford assay was utilized to determine the 

concentration of wild-type and the ChrR variants and the amount of flavin bound was 

calculated from the A450 values after dialysis. The standard curve used in the Bradford 

assay was generated with varying concentrations of SsuE between 0.05 and 0.4 µM. The 

percentage flavin bound after dialysis was obtained from the concentration of enzyme at 

A280 and the concentration of flavin bound after dialysis at A450.  
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Ferricyanide assays were performed with flavin-loaded wild-type and Q132P 

ChrR. Electron transfer to ferricyanide was performed with wild-type and Q132P ChrR 

(0.1 µM), varying concentrations of ferricyanide (20 – 400 µM) for wild-type and (10 – 400 

µM) for Q132P ChrR with fixed concentrations of FMN (10 µM) and NADH (150 µM) in 

25 mM Tris-HCl (pH 7.5) and 0.1 M NaCl at 25 ºC. Initial rates for the ferricyanide assay 

were obtained by monitoring the decrease in absorbance at 340 nm following the 

oxidation of NADH. All assays were performed in triplicate and the steady state kinetic 

parameters were obtained by fitting the data to the Michaelis-Menten equation.  

4.3 Results 

4.3.1 Site-Directed Mutagenesis and Purification of Wild-Type and Variants of ChrR 

The π-helix present in SsuE is generated as a result of a Tyr118 insertion in an α-

helix resulting in a bulge at the site of insertion.89 Previous studies revealed that the 

insertional residue Tyr118 in SsuE is not fully responsible for the formation of the π-

helix.231,233 A similar Tyr residue was present in ChrR which is not capable of catalyzing 

the transfer of reduced flavin to a monooxygenase. These observations imply that 

additional structural adaptations in the SsuE enzyme could be responsible for the 

differences between ChrR and SsuE. Utilizing structure-based sequence analysis of FMN 

reductases and a canonical flavoprotein, variants of the canonical flavoprotein, ChrR, 

were generated to investigate if certain conserved residues in FMN reductases were 

responsible for the structural differences between ChrR and SsuE (Fig. 4.2). The Q132P 

ChrR variant was generated because proline residues often signal the end of the π-helix. 

The Q127D ChrR variant was generated because aspartate residues are conserved in 

several two-component FMN reductases. The double variant, Q132P/127D ChrR was 
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generated to determine the effects of both substitutions in the conversion of a canonical 

flavoprotein to a two-component reductase. 

 

Wild-type and variants of ChrR were expressed and purified in E. coli following 

previously described protocols.170 Wild-type and Q132P ChrR variant were purified FMN-

bound while Q127D ChrR and Q132P/127D ChrR were purified flavin free similar to wild-

type SsuE. There was a signature flavin spectrum for the flavin-bound enzymes at A450. 

CD spectroscopy was utilized to determine if the substitutions in ChrR resulted in a 

change in the secondary structure of the protein. The CD spectra of Q132P ChrR and 

Q127D ChrR were similar but different from the wild-type enzyme. The difference could 

be because of a drop in concentration after purification with the concentration of wild-type 

ChrR being higher than that of the variants. These differences resulted in more protein 

being utilized for the CD measurements and more glycerol may have caused the change 

observed in the CD spectra of Q127D and Q132P ChrR. However, there was a significant 

change in the spectrum of the double variant, Q132P/127D ChrR indicating that its 

secondary structure may have been compromised (Fig. 4.3).  

Figure 4.2: Structure-based sequence analysis of the α4 helix of NADPH:FMN 
reductases. SsuE (E. coli), EmoB (EDTA-degrading bacterium BNC1), MsuE (P. 
aeruginosa), SfnF (P. putida), and a canonical flavoprotein, ChrR (E. coli). Copyright © 
2018 The Protein Society. 
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4.3.2 Steady-State Kinetic Properties of Wild-Type and Variants of ChrR 

NADPH oxidase assays were performed with wild-type and ChrR variants to 

determine if the substitutions affected the ability of the enzyme to catalyze the transfer of 

electrons to oxygen. Neither wild-type nor the ChrR variants showed any measurable 

oxidase activity. However, in ferricyanide assays, wild-type and Q132P ChrR were 

capable of transferring electrons to ferricyanide (Fig. 4.4). The kcat and Km values for ChrR 

(105 ± 7 s-1, 69 ± 13 µM) and Q132P ChrR (11 ± 1 s-1, 4 ± 1 µM) were different by about 

10-fold. However, they showed comparable kcat/Km values (ChrR, 2.8 ± 0.7 µM-1 s-1 and 
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Figure 4.3: The far-UV circular dichroism spectra of wild-type and variants of ChrR. Wild-
type ChrR (blue), Q132P ChrR (Green), Q127D ChrR (black), Q132P/127D ChrR (red). 
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Q132P ChrR, 1.5 ± 0.3 µM-1 s-1) (Table 4.1). There was no detectable activity in the 

ferricyanide assays with the Q127D and Q132P/127D ChrR variants. The amount of flavin 

contained in wild-type and ChrR variants was low, and this could hinder efficient transfer 

of electrons in the ferricyanide assays. Flavin loading was performed, followed by dialysis 

and this resulted in an increase in flavin bound (50%) in wild-type ChrR, Q132P ChrR and 

Q127D ChrR (Table 4.2). However, there was no increase in activity for ChrR and Q132P 

ChrR in ferricyanide assays after flavin loading (Table 4.3). 
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Figure 4.4: Steady-state kinetic plots of wild-type and Q132P ChrR with ferricyanide. a) 
Kinetic plots of the initial velocities of wild-type ChrR with varying ferricyanide 
concentrations. b) Kinetic plot of the initial velocities of Q132P ChrR with varying 
ferricyanide concentrations. The traces are an average of three separate experiments. 
Steady-state parameters were obtained by fitting the data to the Michaelis-Menten 
equation.  
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Table 4.1. Steady-state kinetic parameters for wild-type and variants of ChrR measuring 

ferricyanide activity. 

Flavin Reductase 

Assay 

Varying Ferricyanide 

kcat 

(s-1) 

Km 

(M, ₓ 10-6) 

kcat/Km 

(M-1 s-1, ₓ 104) 

Kd(FMN) 

(nM) 

Wild-type MsuE 19 ± 1 6 ± 2 3.4 ± 1.1 5 ± 2 

Wild-type ChrR 105 ± 7 68 ± 13 1.5 ± 0.3 46 ± 7 

Q132P ChrR 11 ± 1 4 ± 1 2.8 ± 0.7 69 ± 12 

Q127D ChrRa - - - 330 ± 63 

Q132P/127D ChrRa - - - - 

a Values could not be determined within the experimental conditions. 

Table 4.2. Amount of flavin bound after flavin loading of ChrR and variants. 
 

Percentage Flavin bound 

before dialysis 

Percentage Flavin bound after 

dialysis (1:2) 

Wild-type ChrR 5% 50% 

Q132P ChrR 8% 50% 

Q127D ChrR 10% 50% 

Q132P/127D ChrRa - - 

a No observable data under normal conditions 

Table 4.3. Steady-state kinetic parameters for wild-type and variants of ChrR measuring 

ferricyanide activity after flavin loading. 

Flavin Reductase 

Assay 

Varying Ferricyanide 

kcat 

(s-1) 

Km 

(M, ₓ 10-6) 

kcat/Km 

(M-1 s-1, ₓ 104) 

Wild-type ChrR 438 ± 101 331 ± 133 1.3 ± 0.5 

Q132P ChrR 160 ± 19 103 ± 30 1.6 ± 0.3 
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Canonical flavoproteins transformed to two-component FMN reductases should be 

able to catalyze the transfer of reduced flavin to the monooxygenase for the oxygenolytic 

cleavage of alkanesulfonates and sulfite production. Coupled assays were performed to 

evaluate the ability of wild-type ChrR and the variants to catalyze the desulfonation of 

alkanesulfonates. There was no measurable activity observed with either ChrR or the 

variants in coupled assays evaluating the production of sulfite with SsuD.  

4.3.3 Substrate Binding Studies of Wild-Type and Variants of ChrR 

Prior to the determination of the binding affinities of ChrR and the different variants, 

deflavination of wild-type and Q132P ChrR were performed to remove any flavin bound. 

(Table 4.1). However, Q127D and Q132P/127D ChrR were purified flavin free. Wild-type 

and Q132P ChrR showed high binding affinity for oxidized flavin comparable to SsuE; 

however, Q127D ChrR showed a 10-fold decrease in the binding affinity compared to 

wild-type ChrR (Fig. 4.5). However, the Q132P/127D ChrR variant had no measurable 

binding affinity for oxidized flavin.  

  Figure 4.5: Fluorescent titrations of wild-type and Q127D ChrR with FMN. A) Titration of 
ChrR (0.1 µM) with FMN (0.01 – 0.2 µM; ex, 280 nm; em, 342 nm). B) Titration of Q127D 
(0.1 µM) with FMN (0.022 – 0.4 µM; ex, 280 nm; em, 342 nm).  
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4.3.4 Native PAGE Electrophoresis and Proteolytic Susceptibility of Wild-Type and 

Variants of ChrR 

Native PAGE electrophoresis was performed to determine the molecular weight of 

wild-type and the ChrR variants in their native form. Results from previous studies have 

established that wild-type ChrR exists as a tetramer similar to most NADPH:FMN 

reductases. Wild-type ChrR was observed as a high molecular weight protein similar to 

Q127D ChrR; however, Q132P ChrR had a higher molecular weight when compared to 

either of the two proteins. This higher molecular weight band was also observed in wild-

type and Q127D ChrR variant (Fig. 4.6). 
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Figure 4.6: Native PAGE analysis of wild-type and variants of ChrR. Gel lanes: 
molecular weight marker (M), wild-type ChrR (lane 1), Q127D ChrR (lane 2), Q132P 
ChrR (lane 3). The proteins were separated on 12% native PAGE. 
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While there was no measurable activity in ferricyanide assays for Q127D ChrR, 

this variant was able to bind flavin albeit with a lower binding affinity compared to wild-

type ChrR. The susceptibility of Q127D ChrR to proteolytic cleavage was assayed and 

compared to the wild-type enzyme. For analysis, aliquots of the reaction mixtures were 

withdrawn and quenched with PMSF at specific time points. From PAGE, showing time-

dependent proteolysis, Q127D ChrR appeared to be rapidly digested with no protein left 

at the 5 min mark; however, ChrR was slowly digested over 15 mins (Fig. 4.7). 

 

4.4     Discussion 

Two-component FMN-dependent systems are utilized for the acquisition of sulfur 

when inorganic sulfate is limiting in the environment. Acquisition of sulfur from 

Figure 4.7: Proteolytic susceptibility of wild-type and Q127D ChrR variant. Gel lanes: 
molecular weight marker (M), wild-type ChrR standard (lane 1), Q127D ChrR standard (lane 
7), aliquots were removed and quenched with PMSF after 0 s (lanes 2 and 8), 5 min (lanes 
3 and 9), 10 min (lanes 4 and 10), 15 min (lanes 5 and 11). 

1 7 M Lanes 2 - 5 Lanes 8 - 11 

Wild-type ChrR Q127D ChrR 

66.2 

kDa 

45 

31 

21.5 

14.4 

6.5 



141 
 

organosulfonates is enabled when sulfur starvation proteins are upregulated in response 

to limiting inorganic sulfur concentrations. Two-component systems under the sulfur 

starvation response utilize a broad range of substrates for sulfur acquisition. These 

systems compromise an NADPH:FMN-dependent reductase, that catalyzes the reduction 

of flavin and a monooxygenase that utilizes reduced flavin for the oxygenolytic cleavage 

of organosulfonates producing sulfite and the corresponding aldehyde.88,147 Two-

component NADPH:FMN reductases belong to the flavodoxin-like superfamily based on 

a flavodoxin fold. They are further classified based on the difference in a conserved α4-

helix specific for canonical flavoproteins which for two-component reductases is π-helix. 

Two-component FMN-dependent reductases that possess the π-helix include, SsuE, 

MsuE and SfnF.231  

The π-helix is conserved among NADPH:FMN reductases and is associated with 

a gain in function and new catalytic roles. It is characterized by an insertional amino acid 

residue into an α-helix causing a bulge at the site of insertion. The insertional residue in 

the π-helices of SsuE, MsuE and SfnF are Tyr118, His126 and His128 respectively.231 In 

SsuE, the π-helix is located at the tetramer interface where it forms aromatic π-stacking 

interactions.233 The π-helix is proposed to be involved in flavin transfer. A network of 

hydrogen bonds between the insertional residue in the π-helix of SsuE and FMN across 

the tetrameric interface may play a role in the oligomeric changes exhibited by SsuE.233 

These oligomeric changes of SsuE facilitate flavin reduction and transfer to SsuD. Results 

from previous studies investigating the integrity of the π-helix in SsuE showed that Tyr118 

cannot be the only structural adaptation responsible for the difference in catalysis 

between two-component FMN reductases and canonical flavoproteins within the 
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NADPH:FMN family. Structure-based sequence analysis reveals several conserved 

residues in the two-component FMN reductases which are not present in canonical 

flavoproteins such as ChrR.231  

Chromate reductase, a quinone reductase in E. coli is an FMN reductase with a 

similar flavodoxin fold as NADPH:FMN reductases and an α4-helix that is structurally 

distinct from those present in two-component FMN reductases.231 However, a tyrosine 

residue in SsuE was found in ChrR at a similar position and ChrR does not require a 

monooxygenase partner as SsuE to catalyze the reduction of hexavalent chromium to 

trivalent chromium.321 Substitutions of two glutamine residues near Tyr128 of ChrR were 

generated in equivalent positions as the proline and aspartic acid residues in the 

conserved π-helical region of several two-component reductases. The variants, Q132P, 

Q127D and Q132P/127D ChrR were generated to evaluate their ability to catalyze the 

transfer of flavin (Fig. 4.8). Q132P and Q127D ChrR showed similar CD spectra which 

overlapped; however, the spectra of these variants were different from that of the wild-

type enzyme. This difference may be due to the higher volume of the variants which 

contained more glycerol utilized for CD spectroscopy as compared to wild-type ChrR. 

However, there was a significant difference between the spectra of wild-type ChrR and 

Q132P/127D ChrR, which might explain the loss of activity in every assay utilized to 

investigate the role of these residues in the conserved nature of the π-helix. The 

molecular weight of wild-type and Q127D ChrR were comparable; however, a higher 

molecular weight oligomer was observed with the Q132P ChrR variant. The higher 

molecular weight conformer in Q132P ChrR is also present in wild-type and Q127D ChrR. 
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This could mean that Q132P ChrR may be a different oligomer from the dominant species 

in wild-type ChrR. 

Wild-type and Q312P ChrR were purified flavin-bound; however, Q127D and 

Q132P/127D ChrR were purified flavin free. Two-component FMN-dependent reductases 

utilize reducing equivalents from NAD(P)H for the reduction of flavin. There was no 

measurable NADH oxidase activity with wild-type ChrR and any of the variants. NADH 

oxidase activity is not easily determined for wild-type ChrR because FMN stays reduced 

and protected from oxidation in the absence of hexavalent chromium. However, the 

absence of measurable reductase activity for Q132P ChrR could be because it was 

purified flavin-bound similar to wild-type ChrR. Although the Q127D ChrR variant was 

purified flavin free, it had no observable oxidase activity. Clearly, changing the glutamine 

residue to an aspartic acid residue did not cause this variant to act differently from the 

Figure 4.8: Comparison of the α-helix of the canonical flavoprotein, ChrR from E. coli to 
the π-helix in two-component FMN reductase, SsuE from E. coli. SsuE belongs to the 
NADPH:FMN reductase family and has a π-helix that is generated by the insertion of 
Tyr118 into a α4-helix resulting in a bulge. The insertional residue is not present in the α-
helix of ChrR. The structures were rendered with Pymol using Protein Data Bank entries 
3SVL (ChrR) and 4PTY (SsuE). 
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wild-type enzyme. If the ChrR variants caused a switch from the α-helix in ChrR to a π-

helix, there would be enzymatic activity in NADH oxidase assays as observed for wild-

type SsuE. The activity of wild-type ChrR and the variants were measured with 

ferricyanide assays. Ferricyanide assays were performed because ferricyanide can 

access the activity site of wild-type ChrR for electron transfer. Wild-type ChrR had 

comparable ferricyanide activity with the Q132P ChrR variant. However, ferricyanide 

activity could not be monitored with the Q127D and Q132P/127D ChrR variants. This 

absence of ferricyanide activity can be attributed to the disruption of the flavin binding site 

in Q127D ChrR and the loss of secondary structure observed in CD spectroscopy for the 

double variant. 

Changes in secondary structure observed for the double variant, Q132P/127D 

ChrR may explain its inability to catalyze the transfer of electrons to ferricyanide. The 

absence of steady-state activity in ferricyanide assay with the Q127D ChrR variant may 

be due to the differences in polarity with the substitution of a glutamine residue (Q127) 

with an aspartic acid residue and eventual disruption of the near-by hydrogen bonding 

interactions of Tyr128 with FMN across the tetrameric interface of ChrR. In the tetramer 

of ChrR, the dimers interact by a pair of two hydrogen binding networks involving Tyr128 

and Glu146 of one dimer and Arg125 and Tyr85 of the other. The hydrogen bonding 

network of Arg125 and Tyr85 extends to the FMN cofactor and Tyr128 is closer to the 

FMN of the other dimer (8.4 Å) than the FMN of its own dimer (14.1 Å).321 Similar 

hydrogen binding interactions are observed between the hydroxyl group of Tyr118 and 

the carbonyl oxygen of Ala78 across the tetramer interface in SsuE. The amide group of 

Ala78 forms hydrogen bonding interactions with the C4 carbonyl oxygen of the 



145 
 

isoalloxazine ring of FMN bound to the active site (Fig. 4.9).233 These interactions are 

proposed to aid in communication between the π-helix and oligomeric changes of SsuE 

that occur with the binding of FMN.  

  

 

  

 

 

Fluorometric titrations were utilized to determine if the binding affinity of FMN for 

wild-type and the ChrR variants was altered due to the conserved substitutions that were 

generated. Deflavination of wild-type and Q132P ChrR was performed to remove bound 

flavin to truly evaluate the binding affinity of the variants with flavin. The Q132P ChrR 

variant had a comparable FMN binding affinity as wild-type ChrR, however Q127D ChrR 

showed a 10-fold decrease in affinity for FMN. Although, Q127D ChrR could not catalyze 

the transfer of electrons to ferricyanide, it was not due to flavin not being bound but that 

the flavin may have been reduced but electrons were not transferred to ferricyanide. 

Limited trypsin digestion of Q127D ChrR was performed to evaluate how susceptible the 

variant was to proteolytic cleavage compared to the wild-type enzyme. Q127D ChrR was 

Figure 4.9: Hydrogen bonding interactions in ChrR and SsuE. A) Hydrogen bonding 
interactions between FMN molecules and two different ChrR dimers. B) Hydrogen 
bonding interactions between SsuE Tyr118 π-helix and the carbonyl oxygen of Ala78 
across the tetramer interface. The amide nitrogen of Ala78 forms hydrogen bonding 
interactions with the O4 of the isoalloxazine ring of bound FMN. (Adapted from233,327). 
Copyright © 2018, American Chemical Society. 
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more susceptible to digestion with trypsin compared to wild-type ChrR. This susceptibility 

may be due to the disruption of the pair of hydrogen binding network in the nearby residue 

Tyr128 with Glu146 that extends to FMN, which may have also caused the decrease in 

the binding affinity of Q127D ChrR for FMN. Since Q132P ChrR could catalyze the 

transfer of electrons to ferricyanide, the absence of activity in ferricyanide assays in the 

double variant, Q132P/127D ChrR may be caused by the disruption of the secondary 

structure of this variant and the compounded inability of Q127D ChrR to catalyze electron 

transfer to ferricyanide. This absence of enzyme activity may be linked to the decreased 

stability of the Q127D variant that led to rapid tryptic digestion compared to the wild-type 

enzyme. Finally, neither ChrR nor the variants could support sulfite production in the 

presence of SsuD in desulfonation assays. The absence of activity could be as a result 

of the flavin being reduced but not released because the oligomeric state of ChrR and its 

variants did not change to accommodate flavin release. On the other hand, if flavin was 

reduced and released, the absence of protein-protein interactions observed with SsuE 

and SsuD, would result in no measurable activity in desulfonation assays. 

SsuE belongs to the NADPH:FMN reductase family and reductases belonging to 

this family have a common flavodoxin fold and they also exist as either dimers or 

tetramers.89 Enzymes in the NADPH:FMN reductase family are further subdivided based 

on a conserved helix which is a π-helix for two-component FMN reductases but an α-helix 

for canonical flavoproteins.231 The main structural difference between the π-helix and the 

α-helix in these reductases has been proposed to be the insertional residue; however, 

there are more adaptions that influence the different catalytic mechanisms of these 

reductases. The insertional residue in SsuE is Tyr118, however a similar Tyr128 residue 
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at an equivalent position is found in the canonical flavoprotein, ChrR.89,321 However, SsuE 

requires a monooxygenase partner to catalyze the desulfonation of organosulfonates, 

while ChrR does not need a monooxygenase for the reduction of hexavalent chromium. 

Different variants of ChrR were generated to investigate the additional structural 

adaptations to the π-helix of SsuE which catalyzes the reduction and transfer of reduced 

flavin to SsuD. In SsuE, the π-helix and the conserved residues required for protein-

protein interactions with the monooxygenase partner are located at the tetramer interface 

of SsuE. The hydrogen bonding interactions observed with the π-helix and FMN can 

serve as a medium for communication between the oligomeric changes of SsuE and flavin 

reduction and transfer. The π-helix is a key structural feature that enhances flexibility in 

different proteins including SsuE and this advantage is augmented by oligomeric changes 

and flavin release in the two-component flavin-dependent systems. These studies were 

performed to investigate the structural adaptations that make FMN-reductases distinct 

from canonical flavoproteins. Findings from these investigations are important in 

elucidating how two-component FMN reductases perform their catalytic function and 

evolved to transfer reduced flavin to their monooxygenase partner for sulfur acquisition. 

The results obtained here are not conclusive about the exact structural adaptations that 

distinguish two-component reductases from canonical flavoproteins, and more 

investigations will need to be performed to ascertain this distinction. Future studies which 

include generating variants of ChrR by inserting the π-helix residues (110 -127) of SsuE 

into ChrR would give a more detailed understanding about structural residues that 

contribute to the divergence of these reductases



CHAPTER 5 

Conclusion 

Certain two-component flavin-dependent systems are upregulated in bacteria for 

the generation of sulfur when inorganic sulfate is limiting. These enzymes are utilized for 

sulfur scavenging from organosulfur compounds.80 Sulfur is needed because of its 

versatility as a component of several critical biomolecules required for diverse biological 

processes in bacteria.16,30 Two-component systems comprise a flavin reductase that 

supplies reduced flavin to a partner monooxygenase. The monooxygenase catalyzes the 

cleavage of carbon-sulfur bonds of organosulfonates for sulfite production in the presence 

of reduced flavin and molecular oxygen.170 In the alkanesulfonate monooxygenase 

system, SsuE supplies reduced flavin to SsuD for the desulfonation of linear 

alkanesulfonates to produce sulfite and the corresponding aldehyde.94 Pseudomonas sp. 

has a more complex mechanism for sulfur acquisition. In addition to the alkanesulfonate 

monooxygenase system, the organism encodes a flavin reductase (MsuE) and two 

monooxygenases (MsuC/MsuD) in two separate but progressive reactions that converts 

methanesulfinate to sulfite and formaldehyde.167,231 

The flavin reductases, SsuE and MsuE belong to the NAD(P)H:FMN reductase 

family of the flavodoxin-like superfamily.89 The reductases in this family are either purified 

flavin-free or flavin-bound. SsuE and MsuE are further sub-grouped from the other 

reductases within the family based on the insertion of an amino acid in a conserved α-

helix present in canonical flavoproteins.89,231 The insertional residues into the conserved 

α-helix are aromatic amino acids which form π-helices in two-component FMN 

reductases. This insertion causes a bulge and a wider turn that deviates from the α-
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helix.209,211,212 The π-helix has been observed in approximately 15% of proteins and its 

occurrence has been associated with a distinct functional advantage in several 

enzymes.213 Most reductases in this family exist as either tetramers or dimers.89 The 

tetrameric interface of SsuE houses the π-helix which engages in aromatic π-stacking 

interactions and hydrogen bonding interactions at the interface.233 This network of 

hydrogen bonding interactions between the insertional residue, Tyr118 of SsuE and FMN 

may function in aiding the changes in oligomerization exhibited by SsuE. Results from 

initial characterization of SsuE revealed that the enzyme exists in different oligomeric 

states depending on the technique used for investigation. 89,94 Based on these results, we 

proposed that SsuE may exist in different oligomeric states that are dependent on the 

presence of substrates. 

SsuE and MsuE have approximately 30% amino acid identity and may utilize 

similar mechanisms for the reduction and transfer of reduced flavin to their partner 

monooxygenases. However, MsuE catalyzes the transfer of reduced flavin to two different 

monooxygenases, MsuE and MsuD.100,231 We proposed that MsuE would exhibit similar 

oligomeric changes which would be dependent on the presence of substrates. First, we 

evaluated the binding affinity of the reductases for the different flavin substrates, FMN 

and FAD and pyridine nucleotides, NADH and NADPH. SsuE showed a higher binding 

affinity for FMN compared to FAD but showed comparable binding affinity for NADH and 

NADPH. However, MsuE showed comparable binding for FMN and FAD and NADH and 

NADPH. For the determination of oligomeric state of SsuE and MsuE, FMN and NADPH 

were utilized because though there were comparable binding affinities for NADH and 
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NADPH, SsuE and MsuE prefer NADPH in coupled assays with their partner 

monooxygenases, SsuD and MsuD, respectively. 

The oligomeric state of the reductases was determined utilizing sedimentation 

velocity analytical ultracentrifugation (AUC). Apo SsuE existed as a tetramer which shifted 

to a tetramer-dimer equilibrium with either FMN or NADPH present. Interestingly, apo 

MsuE existed as a dimer but shifted to a tetramer in the presence of FMN. However, the 

oligomeric state of MsuE did not change in the presence of NADPH. The thermal melting 

temperatures of SsuE and MsuE were determined to investigate if there were changes in 

the structural stability of the enzymes without and with substrates. SsuE and MsuE 

portrayed higher melting points with FMN present compared to the melting points in the 

apo form and in the presence of NADPH. This observed increase in thermal melting 

temperatures of the reductases suggests that the oligomeric changes of the reductases 

in the presence of FMN caused increased stability. This increased stability would aid in 

stabilizing oxidized flavin before it is reduced. 

 HDX-MS was utilized to probe the conformational fluctuations of SsuE and MsuE 

without and with substrates. Major differences in deuterium uptake were observed at the 

dimer-tetramer interface of the apo-form and FMN-bound SsuE. The isotopic distribution 

of the mass spectra of SsuE with FMN showed a bimodal population representing both 

dimer (fast-exchanging) and tetramer (slow-exchanging) populations. However, MsuE 

without and with FMN showed a binomial isotopic distribution and a decrease in 

deuterium uptake was apparent at the dimer-tetramer interface. The π-helix is located at 

the tetrameric/dimeric interface of SsuE and MsuE and may be responsible for the 

flexibility which enables the oligomeric changes exhibited in the presence of substrates. 
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These studies show that oligomeric changes of the reductases play a role in reduction 

and transfer of reduced flavin transfer to their partner monooxygenases. 

Reduced flavin transfer has been investigated for several two-component systems 

due to its lability in the presence of oxygen. The mechanism of reduced flavin transfer in 

the alkanesulfonate monooxygenase system occurred through protein-protein 

interactions between SsuE and SsuD.205 Complementary protein-protein interaction sites 

were observed for SsuE and SsuD with HDX-MS experiments. The protein interaction 

sites in SsuD were conserved and were located adjacent to the active site connected by 

a loop. The interaction sites in SsuE were observed at the tetrameric interface and one 

of the sites included the π-helix.208 This suggests that oligomeric changes of SsuE may 

function in exposing the protein-protein interaction sites to enable efficient handoff of 

reduced flavin. Studies were performed to evaluate the role of the oligomeric changes of 

SsuE in the transfer of reduced flavin with SsuD present and this was investigated with 

sedimentation velocity AUC. SsuD alone existed as a tetramer. Interestingly, with SsuE 

present, four peaks were observed. The four peaks represented the dimer and tetramer 

of SsuE, the tetramer of SsuD and the proposed SsuE-SsuD complex formed from 

protein-protein interactions. In the presence of SsuD and FMN, four similar peaks were 

observed; however, the dimer of SsuE was more predominant than the tetramer. These 

results imply that, in the presence of SsuD and FMN, the interaction sites of SsuE would 

be more exposed in the dimer form which would enhance protein-protein interactions and 

flavin transfer to SsuD. 

The major functional difference between canonical flavoproteins and two-

component reductases is the reduced flavin transfer event proposed to occur due to the 
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presence of the π-helix.89 The π-helix is the primary structural difference between two-

component reductases and canonical flavoproteins. It has been proposed to function in 

the transfer of reduced flavin, aiding the flexibility which enhances the oligomeric changes 

of SsuE that provides protein interactions for efficient flavin transfer to SsuD. The 

insertional residue in SsuE is not solely responsible for the structural divergence between 

two-component reductases and canonical flavoproteins. A Tyr residue in SsuE (Tyr118) 

was found in the canonical flavoprotein, ChrR at a similar position (Tyr126) in the 

structure-based sequence analysis of these proteins. However, ChrR does not require a 

monooxygenase for the reduction of hexavalent chromium. We hypothesize that the 

differences in the mechanisms of catalysis of SsuE and ChrR can be attributed to other 

structural adaptations in the SsuE enzyme. Further investigations of the π-helical region 

identified conserved residues in two-component reductases that were not present in 

ChrR. Variants of conserved proline and aspartic acid residues of two-component 

reductases (Q132P, Q127D, Q132P/127D ChrR) were generated to investigate if ChrR 

can be transformed to a two-component reductase capable of transferring flavin to a 

monooxygenase partner. Q132P ChrR was purified flavin-bound while Q127D ChrR and 

the double variant, Q132P/127D ChrR were flavin-free. All variants of ChrR were 

incapable of catalyzing electron transfer to oxygen in NADH oxidase assays. However, 

wild-type and Q132P ChrR were able to catalyze the transfer of electrons to ferricyanide 

in ferricyanide assays. The Q127D ChrR and Q132P/127D ChrR variants could not 

support electron transfer in ferricyanide assays because the flavin binding site may have 

been disrupted and the double variant showed a loss of secondary structure. Neither 

ChrR nor any of the variants were able to catalyze the production of sulfite in 
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desulfonation assays. This absence of measurable activity in desulfonation assays may 

be due to the lack of protein-protein interactions or oligomeric changes pertinent for the 

transfer of reduced flavin from the reductase to the partner monooxygenase. Future 

studies would focus on generating ChrR variants that encompass the length of the π-helix 

of SsuE (110 -127), this investigation would aid in determining the structural differences 

between the reductases. 

The result from this study provides a basis for understanding how the different 

structural features of two-component flavin systems catalyze the desulfonation reaction 

for the acquisition of sulfur. Based on the observations, the presence of the π-helix in 

SsuE confers flexibility which may be responsible for the oligomeric changes of the 

enzyme in the presence of FMN and/or SsuD (Fig. 5.1). The dimer form is SsuE would 

provide protein-protein interactions sites in the presence of SsuD ensuring that upon 

flavin reduction, it is transferred to SsuD to prevent autooxidation. The results observed 

from investigating the structural differences between canonical flavoproteins and two-

component flavin reductases are not conclusive. Additional studies would need to be 

performed to better investigate the structural adaptations that enable two-component 

flavin reductases catalyze the transfer of flavin.  

Most organisms that utilize two-component flavin-dependent systems for sulfur 

acquisition are pathogenic and are responsible for several human infections. They are 

resistant to antibiotics and often lead to the death of infected patients. The two-component 

flavin-dependent reductases utilize unique structural features for flavin reduction, transfer 

and desulfonation of organosulfonates. These structural features include oligomeric 

changes, protein-protein interactions and the π-helix which are synchronized for overall 
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catalysis in these systems. These systems are unique to bacteria and understanding how 

these structural features work could serve as targets for drug development.  

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 5.1: Coordination of the structural features of the alkanesulfonate monooxygenase 
system for catalysis. The π-helix aids the flexibility that promotes oligomeric changes of 
SsuE and exposes protein-protein interaction sites for reduced flavin transfer and 
desulfonation of organosulfonates. 
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APPENDICES 

 

Figure 1: Fluorescent titrations of SsuE and MsuE with FAD and NADH. A. Titration 

of SsuE (0.4 µM) with FAD (6-120 µM; ex, 280 nm; em, 342 nm). B. Titration of SsuE 

(0.4 µM) with NADH (10-200 µM; ex, 340 nm; em, 450 nm). C. Titration of FAD (20 µM) 

with MsuE (0.05 - 1.0 µM; ex, 450 nm; em, 525 nm). D. Titration of MsuE (1 µM) with 

NADH (10-200 µM; ex, 340 nm; em, 450 nm). The titrations were performed in triplicate 

and fit to a quadratic equation for single site binding. 
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Figure 2: Thermal denaturation CD of SsuE and MsuE. (A) SsuE/NADPH (B) 

MsuE/NADPH. SsuE and MsuE (5 µM) were scanned over a wavelength range of 

185-300 nm and a temperature range of 20-94 ºC. NADPH was added in a 1:10 ratio 

(enzyme: substrate) when included. Each thermal denaturation experiment was 

performed in triplicate. 
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Figure A3: Coverage map for SsuE with (A) FMN and (B) NADPH 

(A) 49 peptides, 3.35 redundancy, 100% coverage 

 

 

(B) 58 peptides, 3.91 redundancy, 100% coverage 
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Figure A4: Uptake plots for differential H/D-X analysis of the SsuE apoenzyme (grey) 
and SsuE incubated with FMN (blue).  
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Figure A5: Uptake plots for differential H/D-X analysis of the SsuE apoenzyme (grey) 
and SsuE incubated with NADPH (blue).  
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Table A1. Table of H/D-X patterns for SsuE peptides determined for the apoenzyme and 
in the presence of FMN and NADPH. Regions highlighted in blue indicate exchange 
patterns that are different with FMN or NADPH present compared to the apoenzyme.  

Start End Sequence  Apoenzyme (+) FMN (+) NADPH 

1 19 MRVITLAGSPRFPSRSSSL EX1 bimodal bimodal, crossover  

1 20 MRVITLAGSPRFPSRSSSLL bimodal   bimodal, crossover  

4 19 ITLAGSPRFPSRSSSL bimodal bimodal no EX 

4 21 ITLAGSPRFPSRSSSLLE bimodal bimodal no EX 

6 18 LAGSPRFPSRSSS no EX   no EX 

7 19 AGSPRFPSRSSSL no EX bimodal no EX 

7 21 AGSPRFPSRSSSLLE no EX bimodal   

8 19 GSPRFPSRSSSL no EX   no EX 

20 30 LEYAREKLNGL bimodal, early   bimodal, crossover  

20 31 LEYAREKLNGLD bimodal, early no EX bimodal, crossover  

21 31 EYAREKLNGLD bimodal, early   bimodal, crossover  

22 30 YAREKLNGL bimodal, early   bimodal 

22 31 YAREKLNGLD bimodal no EX no EX 

31 39 DVEVYHWNL bimodal bimodal bimodal 

31 46 DVEVYHWNLQNFAPED bimodal   bimodal 

32 39 VEVYHWNL bimodal bimodal bimodal 

32 40 VEVYHWNLQ bimodal bimodal   

32 41 VEVYHWNLQN bimodal bimodal   

32 42 VEVYHWNLQNF bimodal   bimodal 

32 46 VEVYHWNLQNFAPED bimodal bimodal   

32 47 VEVYHWNLQNFAPEDL bimodal bimodal bimodal 

35 47 YHWNLQNFAPEDL bimodal   bimodal 

35 48 YHWNLQNFAPEDLL bimodal bimodal   

38 48 NLQNFAPEDLL bimodal bimodal   

40 48 QNFAPEDLL bimodal bimodal bimodal 

48 59 LYARFDSPALKT no EX   no EX 

49 57 YARFDSPAL no EX no EX no EX 

49 59 YARFDSPALKT no EX   no EX 

50 59 ARFDSPALKT no EX   no EX 

53 59 DSPALKT bimodal   bimodal 

58 70 KTFTEQLQQADGL bimodal   bimodal 

60 70 FTEQLQQADGL bimodal all   bimodal all 

64 70 LQQADGL no EX bimodal bimodal late 

70 84 LIVATPVYKAAYSGA bimodal early bimodal late   

70 85 LIVATPVYKAAYSGAL bimodal early bimodal late   

70 89 LIVATPVYKAAYSGALKTLL bimodal early, exchange   bimodal early, exchange 
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71 77 IVATPVY bimodal early, exchange   bimodal early, exchange 

71 84 IVATPVYKAAYSGA bimodal early bimodal late   

71 85 IVATPVYKAAYSGAL bimodal early, exchange   bimodal early, exchange 

71 88 IVATPVYKAAYSGALKTL bimodal early bimodal late   

71 89 IVATPVYKAAYSGALKTLL bimodal early bimodal late bimodal early, exchange 

73 89 ATPVYKAAYSGALKTLL bimodal early, exchange bimodal early, exchange bimodal early, exchange 

78 89 KAAYSGALKTLL no EX no EX, bimodal late no EX 

81 98 YSGALKTLLDLLPERALQ bimodal early, exchange   bimodal early, exchange 

90 99 DLLPERALQG no EX no EX, bimodal late no EX 

90 114 DLLPERALQGKVVLPLATGGTVAHL bimodal, exchange no EX, bimodal late   

97 114 LQGKVVLPLATGGTVAHL bimodal, exchange no EX, bimodal late   

100 114 KVVLPLATGGTVAHL bimodal, exchange no EX, bimodal late bimodal, EX 

104 114 PLATGGTVAHL no EX   no EX 

115 125 LAVDYALKPVL bimodal, pop change bimodal, pop change bimodal, pop change 

115 127 LAVDYALKPVLSA bimodal early, pop change   bimodal, pop change 

115 128 LAVDYALKPVLSAL bimodal early, pop change bimodal, late pop change   

117 125 VDYALKPVL bimodal early, pop change bimodal, late pop change bimodal early, pop change 

119 125 YALKPVL bimodal early, pop change no EX, bimodal late bimodal early, pop change 

119 127 YALKPVLSA bimodal early, pop change no EX, bimodal late   

119 128 YALKPVLSAL bimodal early   bimodal early, pop change 

120 138 ALKPVLSALKAQEILHGVF bimodal early   bimodal early, pop change 

126 138 SALKAQEILHGVF bimodal all bimodal early bimodal early 

128 138 LKAQEILHGVF bimodal short bimodal   

129 138 KAQEILHGV bimodal bimodal bimodal early 

137 147 VFADDSQVIDY bimodal early   bimodal early 

139 157 ADDSQVIDYHHRPQFTPNL no EX bimodal   

139 158 ADDSQVIDYHHRPQFTPNLQ no EX bimodal no EX 

140 157 DDSQVIDYHHRPQFTPNL no EX bimodal no EX 

142 157 SQVIDYHHRPQFTPNL no EX   no EX 

144 157 VIDYHHRPQFTPNL no EX bimodal no EX 

158 165 QTRLDTAL no EX no EX   

166 172 ETFWQAL no EX, no Exposure no EX, no Exposure   

166 182 ETFWQALHRRDVQVPDL no EX, no Exposure no EX, no Exposure no EX, no Exposure 

166 185 ETFWQALHRRDVQVPDLLSL no EX, no Exposure no EX, no Exposure no EX, no Exposure 

168 182 FWQALHRRDVQVPDL no EX no EX   

169 182 WQALHRRDVQVPDL no EX no EX no EX 

169 183 WQALHRRDVQVPDLL no EX     

173 182 HRRDVQVPDL no EX no EX no EX 

183 191 LSLRGNAHA no EX no EX no EX 
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Figure A6: Coverage map for MsuE with (A) FMN and (B) NADPH 

(A) 69 peptides, 5.20 redundancy, 96.2% coverage 

 

 

(B) 92 peptides, 6.70 redundancy, 98.9% coverage 
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Figure A7: Uptake plots for differential H/D-X analysis of the MsuE apoenzyme (grey) 

and MsuE incubated with FMN (green) 
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Figure A8: Uptake plots for differential H/D-X analysis of the MsuE apoenzyme (grey) 

and MsuE incubated with NADPH (green) 
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